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Abstract 
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This  publication  describes  the  most  effective  methods 
and  equipment  for  collecting,  identifying,  rearing,  ex- 
amining, and  preserving  terrestrial  and  aquatic  insects 
and  mites  and  for  storing  and  caring  for  specimens  in 
an  insect  collection.  Instructions  are  provided  for  the 
construction  of  many  kinds  of  collecting  equipment, 
traps,  rearing  cages,  and  storage  units.  Keys  are  included 
for  the  identification  of  the  classes  of  Arthropoda  and 
the  orders  of  insects.  Each  order  of  insects  is  treated 
separately,  and  techniques  unique  to  each  order  are 
discussed.  Instructions  are  also  given  for  obtaining 
identifications  of  insects  and  mites  from  the  U.S. 
Department  of  Agriculture  and  on  how  to  pack  speci- 
mens for  shipping.  An  extensive  list  of  references  is 
included. 
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Insects  and  Mites: 
Techniques  for  Collection 
and  Preservation 

Edited  by  George  C.  Steyskal,  William  L.  Murphy, 
and  Edna  M.  Hoover1 


Part  1 

Basic  Tools  and  General  Techniques 


Reasons  for  Collecting  Insects  and  Mites 

The  number  and  variety  of  insects  and  mites  known 
today  stagger  the  imagination.  Not  only  are  there  more 
kinds  or  species  of  insects  than  of  all  other  animals 
combined,  but  insects  and  mites  can  be  found  in  al- 
most every  conceivable  environment.  Their  habits  vary 
from  parasitic  to  free-living  and  from  beneficial  to 
highly  destructive.  The  destructive  forms  can  cause 
enormous  losses  in  terms  of  diseases  and  damage  to 
food,  clothing,  and  other  materials  of  value  to  humans 
and  can  injure  people  or  transmit  disease  to  them 
directly. 

Because  of  the  potential  destructiveness  of  some  spe- 
cies of  insects  and  mites,  it  is  essential  that  outbreaks 
of  both  old  and  new  pests  be  detected  and  that  popula- 
tion sizes  be  estimated  as  rapidly  as  possible.  Correct 
identification  of  a  newly  detected  pest  is  of  the  utmost 
importance,  because  the  scientific  name  is  the  key  to 
all  known  information  about  the  insect,  its  habits,  its 
behavior,  and  its  potential  threat  or  benefit  to  human 
welfare. 

Insects  and  mites  can  and  should  be  observed  in  their 
natural  environments,  but  most  of  them,  especially  the 
many  small  ones,  must  be  collected  and  properly  pre- 
served before  they  can  be  identified.  Because  correct 
identification  seldom  is  easy,  it  is  important  that 
specimens  be  preserved  in  the  best  condition  possible. 
The  identification  of  a  particular  insect  or  mite  usually 
requires  examination  of  minute  details  of  its  anatomy 
with  the  aid  of  a  hand  lens  or  microscope.  If  these 
details  on  a  specimen  are  concealed  or  missing 
because  of  improper  handling  or  preservation,  iden- 
tification is  impossible,  and  information  about  the 
species  to  which  it  belongs  cannot  be  made  available. 
Therefore,  adequate  preservation  and  proper  labeling  of 
specimens  are  essential  to  their  identification. 

The  methods  used  and  when  and  where  to  collect  de- 
pend on  the  purpose  of  the  collecting.  Insects  and 
mites  may  be  collected  to  obtain  general  study  mate- 

1G.  C.  Steyskal  (retired),  Biosystematics  and 
Beneficial  Insects  Institute  (BBII),  c/o  National  Museum 
of  Natural  History,  Smithsonian  Institution, 
Washington,  D.C.  20560;  W.  L.  Murphy  and  E.  M. 
Hoover  (retired),  BBII,  Beltsville  Agricultural 
Research  Center.  Beltsville,  Md.  20705. 


rial,  as  for  a  school  course  or  for  personal  interests 
(hobby);  to  survey  for  the  presence  or  abundance  (rel- 
ative or  absolute  numbers)  of  pests;  to  acquire  material 
for  biological,  physiological,  ecological,  and  other  types 
of  studies;  or  to  obtain  specimens  for  other  purposes 
that  may  demand  various  special  collecting  methods. 

What  to  Collect 

What  to  collect  depends  on  the  purpose  for  which  the 
material  is  intended.  When  important  pest  insects  and 
mites  need  to  be  identified,  they  should  be  collected  in 
large  numbers  if  at  all  feasible.  A  sample  of  20  speci- 
mens should  be  considered  the  minimum,  and  even 
larger  numbers  are  desirable.  If  adults  and  immatures 
are  present,  specimens  should  be  collected  of  all  life 
stages.  Excess  specimens  can  be  discarded  or  ex- 
changed, but  it  is  not  always  possible  to  collect  addi- 
tional specimens  when  needed.  Frequently  insects  and 
mites  cannot  be  identified  accurately  from  immature 
stages,  and  it  is  then  necessary  to  rear  them  to  the 
adult  stage  to  obtain  a  precise  identification.  Photog- 
raphers should  collect  the  specimens  they  photograph 
if  positive  identification  is  desired;  minute,  critical 
diagnostic  characters-often  are  not  depicted  in  photo- 
graphs. If  specimens  are  destined  for  display  cases,  it 
may  be  important  to  collect  a  sample  of  the  host  plant 
for  the  display.  When  collecting  gall-producing  insects 
and  mites,  it  is  essential  to  obtain  the  gall  as  well. 

Many  persons  starting  a  collection  attempt  to  collect 
every  specimen  they  find.  Biology  students  in  high 
school  and  college  are  often  required  to  collect 
specimens  from  as  many  orders  or  groups  as  possible. 
The  experience  and  knowledge  gained  in  making  a  gen- 
eral collection  are  of  value  in  helping  the  collector 
decide  on  a  specialty.  However,  with  so  many  different 
kinds  of  insects  from  which  to  choose— over  80.000 
described  species  in  North  America  alone— most  per- 
sons find  that  concentrating  eventually  on  1  or  2  of  the 
major  insect  or  mite  groups  is  desirable.  Specimens 
other  than  those  in  a  chosen  group  may  still  be  col- 
lected for  exchange  with  other  collectors. 

References:  265,  380.2 

Equipment  and  Collecting  Methods 

Collecting  methods  may  be  divided  into  two  broad 
categories.  In  the  first  the  collector  actively  searches 
out  the  insects,  using  nets,  aspirators,  beating  sheets, 
or  whatever  apparatus  suits  his  or  her   particular  needs. 
In  the  second,  the  collector  participates  passively  and 
permits  traps  to  do  the  work.  Both  approaches  may  be 
used  simultaneously,  and  both  are  discussed  in  the  fol- 
lowing pages.  To  obtain  as  many  specimens  as  possible, 
use  as  many  different  collecting  methods  as  possible, 
especially  when  briefly  visiting  an  interesting  area. 


2See  list  of  Selected  References,  page  80. 


The  simplest  method  of  collecting  is  to  pick  up  spec- 
imens by  hand.  For  many  reasons,  however,  such  as 
difficulties  in  capturing  insects  and  injury  or  discom- 
fort that  the  insects  may  cause  the  collector,  various 
kinds  of  equipment  and  special  methods  are  needed. 
Those  described  here  have  general  application;  it  is 
expected  that  the  collector  will  make  some  adaptations 
to  fit  his  or  her  own  purposes  and  resources.  For  addi- 
tional information,  especially  concerning  the  use  of 
specialized  techniques,  consult  the  list  of  references. 

References  (general):  9,  13,  15,  16,  43,  46,  53,  69,  70,  80, 
113,  132,  238,  240-242,  261,  266,  284,  285,  330,  334,  335, 
345,  381,  394,  399,  431-433,  436. 

The  equipment  used  to  assemble  an  insect  or  mite  col- 
lection need  not  be  elaborate  or  expensive.  In  many  in- 
stances, a  collecting  net  (see  p.  5)  and  several  killing 
bottles  (see  p.  7)  will  suffice;  however,  additional 
items  will  permit  more  effective  sampling  of  a  partic- 
ular fauna.  Many  collectors  carry  a  bag  or  wear  a  vest 
in  which  they  store  equipment.  The  following  items 
usually  are  included  in  the  general  collector's  bag: 

(1)  Forceps.  Fine,  lightweight  forceps  are  recommended; 
if  sharp-pointed  forceps  are  used,  care  must  be  taken 
not  to  puncture  specimens.  If  possible,  grasp  speci- 
mens with  the  part  of  the  forceps  slightly  behind  the 
points. 

(2)  Vials  containing  alcohol  or  other  preservatives 
(see  p.  21). 

(3)  Killing  bottles  of  various  sizes. 

(4)  Small  boxes  for  storing  specimens  after  their  re- 
moval from  killing  bottles.  These  may  be  made  of  card- 
board, plastic,  or  metal  and  should  be  partly  filled  with 
soft  tissue  to  keep  specimens  from  rolling  about.  Do 
not  use  cotton  because  specimens  become  entangled 
in  the  fibers  and  may  become  virtually  impossible  to 
extricate  without  damage. 

(5)  Small  envelopes  for  temporary  storage  of  delicate 
specimens. 

(6)  One  or  more  aspirators  (see  p.  8). 

(7)  Absorbent  tissue  for  use  in  killing  bottles  and 
aspirators. 

(8)  Notebook  and  writing  equipment  for  jotting  down 
notes  and  label  data. 

(9)  A  strong  knife  for  opening  galls,  seed  pods,  twigs, 
etc. 

(10)  A  small,  fine  brush  (camel's  hair  is  best)  for  pick- 
ing up  minute  specimens.  Moisten  the  tip;  tiny  speci- 
mens will  adhere  to  it  and  may  be  transferred  to  a  kill- 
ing bottle  or  vial. 


(11)  Bags  for  storing  plant  material,  rearing  material,  or 
Berlese  samples  (see  p.  10).  For  collecting  much  plant 
material,  a  botanist's  vasculum  or  tin  box  is  advisable. 

(12)  A  hand  lens;  one  worn  on  a  lanyard  is  convenient. 

This  list  may  be  modified  according  to  the  special 
kinds  of  insects  or  mites  to  be  collected.  A  small  dig- 
ging tool  or  trowel  may  be  useful  for  collecting  insects 
from  soil  or  for  gathering  Berlese  samples  and  a  heavy 
knife  or  small  hatchet  for  searching  under  bark  or  in  de- 
caying logs.  A  plant  press  should  be  availabe  to  pre- 
pare plant  specimens  for  determination  or  as  voucher 
specimens,  especially  when  leaf-mining  insects  are 
being  studied.  When  collecting  at  night,  have  a  flash- 
light or  headlamp;  the  latter  is  especially  useful  be- 
cause it  leaves  the  hands  free. 

Much  of  the  equipment  may  be  obtained  from  ordinary 
sources,  but  equipment  especially  designed  for  insect 
collecting  often  must  be  bought  from  special  supply 
houses.  Their  addresses  may  be  found  in  the  yellow 
pages  of  telephone  directories  under  "Biological  Lab- 
oratory Supplies"  or  "Laboratory  Equipment  and  Sup- 
plies." Inquiry  to  biology  departments  of  high  schools 
and  universities  may  also  be  helpful,  and  biological  and 
entomological  journals  often  carry  advertisements  of 
equipment  suppliers.  Inasmuch  as  these  firms  are  lo- 
cated in  many  parts  of  the  country  and  change  names 
and  addresses  fairly  often,  it  is  not  practical  to  list 
them  here.  The  faculty  members  of  the  local  university's 
biology  department  are  usually  willing  and  in  the  best 
position  to  recommend  a  supplier  in  their  area. 

Collecting  Nets 

Collecting  nets  come  in  three  basic  forms:  Aerial, 
sweeping,  and  aquatic.  The  first  is  designed  especially 
for  collecting  butterflies  and  other  flying  insects.  Both 
the  bag  and  handle  are  relatively  lightweight.  The  sweep- 
ing net  is  similar  to  the  aerial  net  but  is  stronger  and 
has  a  more  durable  bag  to  withstand  being  dragged 
through  dense  vegetation.  Aquatic  nets  are  used  for 
gathering  insects  from  water  and  are  usually  made  of 
metal  screening  or  heavy  scrim  with  a  canvas  band  af- 
fixed to  a  metal  rim.  A  metal  handle  is  advisable  be- 
cause wooden  ones  may  develop  slivers  after  repeated 
wetting.  The  net  you  choose  depends  on  the  kind  of  in- 
sects or  mites  you  wish  to  collect. 

Several  kinds  of  nets,  including  collapsible  models  with 
interchangeable  bags,  are  available  from  biological  sup- 
ply houses,  but  anyone  with  a  little  mechanical  ability 
can  make  a  useful  net.  The  advantage  of  a  homemade 
net  is  that  the  size  and  shape  can  be  adapted  to  the 
needs  of  the  user,  to  the  kind  of  collecting  intended, 
and  to  the  material  available,  which  need  not  be  expen- 
sive. These  materials  include — 

(1)  Piece  of  heavy  (8-gage)  steel  wire  for  the  rim,  bent 
to  form  a  ring  30-38  cm  in  diameter  (fig.  1,  A).  Small 
nets  15  cm  or  so  in  diameter  sometimes  are  useful,  but 


nets  larger  than  38  cm  are  too  cumbersome  for  most 
collecting. 

(2)  Dacron  or  other  strong,  light  fabric  through  which 
air  can  flow  freely.  Brussels  netting  is  best  but  may  be 
difficult  to  obtain;  otherwise  nylon  netting,  marquisette, 
or  good  quality  cheesecloth  can  be  used,  but  the  last 
snags  easily  and  is  not  durable.  The  material  should  be 
folded  double  and  should  be  1.5-1.75  times  the  rim  diam- 
eter in  length  (fig.  1,  8).  The  edges  should  be  double- 
stitched  (French  seams). 

(3)  Strip  of  muslin,  light  canvas,  or  other  tightly  woven 
cloth  long  enough  to  encircle  the  rim.  The  open  top  of 
the  net  bag  is  sewn  between  the  folded  edges  of  this 
band  to  form  a  tube  through  which  the  wire  rim  is  in- 
serted (fig.  1,  C). 

(4)  Straight  hardwood  dowel  about  19  mm  in  diameter 
and  105-140  cm  long  (to  suit  the  collector).  For  attach- 
ment of  the  rim  to  the  handle,  a  pair  of  holes  of  the 
same  diameter  as  the  wire  are  drilled  opposite  each 
other  to  receive  the  bent  tips  of  the  wire,  and  a  pair  of 
grooves  as  deep  and  as  wide  as  the  wire  are  cut  from 
each  hole  to  the  end  of  the  dowel  to  receive  the  straight 
part  of  the  wire  (fig.  1,  D). 

(5)  Tape  or  wire  to  lash  the  ends  of  the  rims  tightly  into 
the  grooves  in  the  end  of  the  handle.  This  may  be  elec- 
trician's plastic  tape  or  fiber  strapping  tape  commonly 
used  for  packaging.  If  wire  is  used,  the  ends  should  be 
bound  with  tape  to  secure  them  and  to  keep  them  from 
snagging.  A  close-fitting  metal  sleeve  (ferrule)  may  be 
slipped  over  the  rim  ends  and  held  in  place  with  a  small 
roundheaded  screw  instead  of  tape  or  wire  lashing. 

After  the  net  has  been  placed  on  the  rim,  the  ends  of 
the  band  should  be  sewn  together  and  the  rim  ends 
fastened  to  the  handle.  The  other  end  of  the  handle 
should  be  filed  to  remove  sharp  edges.  The  net  is  then 
ready  for  use  (fig.  1,  E). 

Efficient  use  of  a  net  is  gained  only  with  experience. 
Collection  of  specimens  in  flight  calls  for  the  basic 
stroke— swing  the  net  rapidly  to  capture  the  specimen, 
then  follow  through  to  force  the  insect  into  the  very 
bottom  of  the  bag.  Twist  the  wrist  as  you  follow  through 
so  the  bottom  of  the  bag  hangs  over  the  rim  (fig.  2);  this 
will  entrap  the  specimen.  If  the  insect  alights  on  the 
ground  or  other  surface,  it  may  be  easier  to  use  a 
downward  stroke,  quickly  swinging  down  on  top  of  the 
insect.  With  the  rim  of  the  net  in  contact  with  the 
ground  to  prevent  the  specimen  from  escaping,  hold 
the  tip  of  the  bag  up  with  one  hand.  Most  insects  will 
fly  or  crawl  upward  into  the  tip  of  the  bag,  which  can 
then  be  flipped  over  the  rim  to  entrap  the  specimen. 

Sweeping  the  net  through  vegetation,  along  the  sand 
and  seaweed  on  beaches,  or  up  and  down  tree  trunks 
will  catch  many  kinds  of  insects  and  mites.  The  aerial 
net  may  be  used  in  this  way,  but  the  more  durable 
sweeping  net  is  recommended  for  such  rough  usage. 
After  sweeping  with  the  net,  a  strong  swing  will  bring 


anything  in  the  bag  to  the  bottom,  and  then  by  immedi- 
ately grasping  the  middle  of  the  net  with  the  free  hand, 
the  catch  will  be  confined  to  a  small  part  of  the  bag. 
Only  the  most  rugged  sweeping  net  may  be  used  through 
thistles  or  brambles.  Even  some  kinds  of  grasses,  such 
as  sawgrass,  can  quickly  ruin  a  net.  Burs  and  sticky 
seeds  are  also  a  serious  problem. 

The  catch  may  be  transferred  from  the  bag  to  a  killing 
jar  in  one  of  several  ways.  Single  specimens  are  trans- 
ferred most  easily  by  lightly  holding  them  in  a  fold  of 
the  net  with  one  hand  while  inserting  the  open  killing 
jar  into  the  net  with  the  other.  While  the  jar  is  still  in 
the  net,  cover  the  opening  until  the  specimen  is  stupe- 
fied; otherwise,  it  may  escape  before  the  jar  can  be  re- 
moved from  the  net  and  closed.  To  prevent  a  butterfly 
from  damaging  its  wings  by  fluttering  in  the  net,  squeeze 
the  thorax  gently  through  the  netting  when  the  butter- 
fly's wings  are  closed.  Experience  will  teach  you  how 
much  pressure  to  exert;  obviously,  pinching  small  spec- 
imens of  any  kind  is  not  recommended.  When  numerous 
specimens  are  in  the  net  after  prolonged  sweeping,  it 
may  be  desirable  to  put  the  entire  tip  of  the  bag  into  a 
large  killing  jar  for  a  few  minutes  to  stun  the  insects. 
They  may  then  be  removed  and  desired  specimens  placed 
separately  into  a  killing  jar,  or  the  entire  mass  may  be 
dumped  into  a  killing  jar  for  later  sorting.  These  methods 
of  mass  collecting  are  especially  adapted  to  obtaining 
small  insects  not  readily  recognizable  until  the  catch  is 
sorted  under  a  microscope. 

Removal  of  stinging  insects  from  a  net  may  be  a  prob- 
lem. They  will  often  crawl  toward  the  rim  of  the  bag 
and  may  be  made  to  enter  a  killing  jar  held  at  the  point 
where  they  crawl  over  the  rim.  However,  many  insects 
will  fly  as  soon  as  they  reach  the  rim,  and  a  desired 
specimen  may  be  lost.  A  useful  method  is  to  trap  the 
insect  in  a  fold  of  the  net,  carefully  keeping  a  sufficient 
amount  of  netting  between  fingers  and  insect  to  avoid 
being  stung.  This  fold  of  the  net  can  then  be  inserted 
into  the  killing  jar  to  stun  the  insect.  After  a  few 
moments,  it  should  be  safe  to  remove  the  insect  from 
the  net  and  transfer  it  to  a  killing  jar.  If  the  stunned  in- 
sect clings  to  the  net  and  does  not  fall  readily  into  the 
jar,  use  forceps  or  pry  the  insect  loose  with  the  jar  lid 
or  a  small  stick  — not  with  your  fingers. 

Aerial  nets  made  of  dacron  or  nylon  may  be  used  to 
sweep  insects  from  water  if  an  aquatic  net  is  not  at 
hand.  The  netting  will  dry  quickly  if  swept  strongly 
through  the  air  a  few  times;  however,  it  should  not  be 
used  again  until  thoroughly  dry,  or  other  specimens, 
especially  butterflies,  may  be  ruined.  A  number  of  spe- 
cial modifications  are  necessary  to  adapt  a  net  for 
aquatic  collecting. 

For  specialized  collecting,  nets  can  be  attached  to  the 
ends  of  beams  that  are  rotated  about  their  midlength 
by  a  motor  drive.  Nets  also  can  be  adapted  to  be  towed 
by  or  mounted  on  vehicles. 

References:  108,  226,  366,  371,  413,  455;  vehicle-mounted 
net:   6,  19,  170,  188,  196,  208,  248,  254,  284,  371,  425,  426. 
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Figure  1.  Construction  of  a  sweeping  net:  A, 
Steel  wire  loop;  B,  pattern  for  cutting  net  bag;  C, 
top  of  net  sewed  to  canvas  band  that  is  fitted 


over  wire  loop;  D,  end  of  net  handle  showing 
grooves  and  holes  into  which  arms  of  wire  loop 
fit;  E,  completed  net  with  wooden  handle. 


Figure  2.  Technique  of  twisting  insect  net  han 
die  to  confine  captured  specimens  in  bottom 
of  bag. 


Killing  Jars  or  Bottles 

Any  heavy,  wide-mouthed  glass  jar  or  bottle  with  a 
tight-fitting  stopper  or  metal  screw  top  may  be  used  as 
a  killing  container.  Olives  frequently  are  sold  in  bottles 
that  make  convenient  killing  containers.  Tops  that  may 
be  removed  with  only  a  quarter  turn  often  are  preferred 
but  may  not  be  obtained  readily.  The  killing  agent  used 
may  be  any  of  various  liquids  or  cyanide  granules.  Li- 
quid killing  agents  generally  are  considered  less  effec- 
tive but  safer  to  use  than  cyanide,  but  some  of  them 
are  known  to  accumulate  in  human  tissue  after  repeated 
or  prolonged  exposure.  Despite  its  extreme  toxicity, 
cyanide  is  a  noncumulative  poison,  and  brief  exposure 
to  the  fumes,  as  inevitably  occurs  when  opening  jars  to 
insert  or  remove  specimens,  does  no  permanent  harm 
so  far  as  is  known.  Never  deliberately  inhale  the  fumes, 
even  momentarily.  All  killing  agents  are  to  some  extent 
hazardous  to  human  health.  All  killing  jars  or  bottles 
should  be  clearly  labeled  "POISON"  and  should  be  kept 
away  from  persons  unaware  of  their  danger. 

Liquid  Killing  Agents.     Jars  for  use  with  liquid  killing 
agents  are  prepared  in  one  of  two  ways.  One  way  (fig. 
3,  A)  is  to  pour  about  2.5  cm  of  plaster  of  paris  mixed 
with  water  into  the  bottom  of  the  jar  and  allow  the  plas- 
ter to  dry  without  replacing  the  lid.  Enough  of  the  kill- 
ing agent  is  then  added  to  saturate  the  plaster;  any  ex- 
cess should  be  poured  off.  This  kind  of  jar  can  be  re- 
charged merely  by  adding  more  killing  agent.  The  sec- 
ond method  is  to  place  a  wad  of  cotton  or  other  absor- 
bent material  in  the  bottom  of  a  jar,  pour  enough  liquid 
killing  agent  into  the  jar  to  nearly  saturate  the  absor- 
bent material,  and  then  press  a  piece  of  stiff  paper  on 
it  or  a  cardboard  cut  to  fit  the  inside  of  the  jar  tightly. 
The  paper  or  cardboard  acts  as  a  barrier  between  the 
insect  and  the  killing  agent,  keeping  the  latter  from 
evaporating  too  rapidly  and  also  preventing  the  speci- 
men from  becoming  entangled  in  loose  fibers. 

Among  the  liquid  killing  agents  are  ethyl  acetate 
(CH3C02  •  C2H5),  carbon  tetrachloride  (CCI4),  ether 


(diethyl  ether,  C2H5  ■  O  •  C2H5),  chloroform  (CHCI3),  and 
ammonia  water  (NH4OH  solution). 

Ethyl  acetate  is  recommended  by  many  as  the  most  sat- 
isfactory liquid  killing  agent.  Its  fumes  are  less  toxic  to 
humans  than  those  of  the  other  substances.  Although 
it  usually  stuns  insects  quickly,  it  kills  them  slowly. 
Specimens  that  appear  dead  may  revive  if  removed 
from  the  killing  jars  too  soon,  but  a  compensating  ad- 
vantage is  that  most  specimens  may  be  left  in  an  ethyl 
acetate  killing  jar  for  several  days  and  still  be  limp.  If 
the  ethyl  acetate  is  allowed  to  evaporate  from  the  spec- 
imens, they  will  harden.  A  killing  jar  with  ethyl  acetate 
is  preferred  by  many  entomologists  over  the  cyanide  jar 
(see  p.  7),  especially  for  infrequent  use. 

Carbon  tetrachloride  was  once  very  popular  as  a  liquid 
killing  agent  because  of  its  ready  availability  as  a  spot 
remover  for  clothes  and  its  nonflammability.  It  is  no 
longer  recommended,  however,  because  it  is  a  carcin- 
ogen and  cumulative  liver  toxin,  and  specimens  killed 
with  it  become  brittle  and  difficult  to  pin. 

Ether  and  chloroform  are  both  extremely  volatile  and 
flammable  and  should  not  be  used  near  an  open  flame 
or  lighted  cigarette.  Their  high  volatility  makes  them 
serviceable  in  a  killing  jar  for  only  a  short  time. 
Perhaps  the  greatest  hazard  with  chloroform  is  that 
even  when  stored  in  a  dark-colored  jar,  it  eventually 
forms  the  extremely  toxic  gas  phosgene  (carbonyl 
chloride,  COCI2).  Chloroform,  however,  is  useful  when 
other  substances  cannot  be  obtained.  It  stuns  and  kills 
quickly  but  has  the  disadvantage  of  stiffening 
specimens. 

Ammonia  is  irritating  to  humans,  does  not  kill  very  ef- 
fectively, and  spoils  the  colors  of  many  specimens.  It 
is,  however,  readily  available  and  will  serve  in  an 
emergency.  Ammonium  carbonate,  a  solid  but  volatile 
substance,  is  also  useful. 
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Figure  3.  Widemouthed  killing  jars  for  use  with 
liquid  (A)  and  solid  (B)  killing  agents.  C,  Vial- 
type  cyanide  bottle  for  small  insects  with  all- 
important  "POISON"  label. 


Solid  Killing  Agents.     The  solid  killing  agents  used  in 
killing  jars  are  the  cyanides— potassium  cyanide  (KCN), 
sodium  cyanide  (NaCN),  or  calcium  cyanide  [Ca(CN)2]. 
Handle  all  cyanides  with  extreme  care.  They  are  dan- 
gerous, rapid-acting  poisons  with  no  known  antidote.  If 
even  a  single  grain  touches  the  skin,  wash  immediately 
with  water.  To  avoid  handling  the  cyanide  and  having  to 
find  a  safe  place  to  store  or  dispose  of  surplus  crys- 
tals, you  may  be  able  to  find  a  chemist,  pharmacist,  or 
professional  entomologist  to  make  the  killing  jar  for 
you.  If  this  is  not  feasible,  use  utmost  care  in  following 
the  instructions  given  here. 

To  make  a  cyanide  killing  jar  or  bottle,  place  about  15 
mm  of  cyanide  crystals  in  the  bottom  (fig.  3,  B). 
Potassium  cyanide  is  best;  sodium  cyanide  is  as  effec- 
tive but  is  hygroscopic,  that  is,  it  absorbs  water  and 
makes  the  jar  wet;  and  calcium  cyanide  is  seldom  avail- 
able. Cover  the  crystals  with  about  10  mm  of  sawdust 
and  add  about  7  mm  of  plaster  of  paris  mixed  with 
water  to  form  a  thick  paste,  working  quickly  before  the 
plaster  solidifies.  Then  add  crumpled  absorbent  paper 
to  prevent  water  condensation  on  the  inside  glass  sur- 
face. Instead  of  the  plaster  of  paris,  a  plug  of  paper  or 
cardboard  may  be  pressed  on  top  of  the  sawdust.  Be 
sure  that  it  fits  tightly.  When  ready  to  use  after  a  few 
hours,  place  several  drops  of  water  on  the  plaster  or 
paper  plug.  In  an  hour  or  so,  enough  fumes  of  hydro- 
cyanic acid  will  have  been  produced  to  make  the  jar 
operative.  Do  not  test  this  by  sniffing  the  open  jar. 

Another  substance  that  has  been  recommended  as  a 
killing  agent  is  dichlorvos  (2,2-dichloroethenyl  dimethyl 
phosphate),  also  called  DDVP,  Vapona,  Nogos,  Herkol, 
and  Nuvan.  Polyvinyl  chloride  (PVC)  resin,  impregnated 
with  this  chemical  and  sold  commercially  as  No-Pest 
Strips,  is  long  lasting  and  somewhat  less  dangerous  to 
use  than  the  other  killing  agents,  but  its  time-release 
aspect  allows  only  small  quantities  of  the  active  agent 
to  be  released,  quantities  too  small  to  kill  quickly.  PVC- 
impregnated  dichlorvos  is  therefore  occasionally  useful 
only  as  a  killing  agent  in  traps. 

Every  killing  jar  or  bottle  should  be  clearly  and  prom- 
inently labeled  "POISON"  (fig.  3,  C).  The  bottom  must 
be  covered  with  tape,  preferably  cloth,  plastic,  or 
clinical  adhesive  tape,  to  cushion  the  glass  against 
breakage  and  to  keep  its  dangerous  contents  from 
being  scattered  if  the  container  breaks. 

Killing  jars  or  bottles  will  last  longer  and  give  better 
results  if  the  following  simple  rules  are  observed: 

(1)  Place  a  few  narrow  strips  of  absorbent  paper  in 
each  jar  or  bottle  to  keep  it  dry  and  to  prevent  spec- 
imens from  mutilating  or  soiling  each  other.  Replace 
the  strips  when  they  become  moist  or  dirty.  This 
method  is  useful  for  most  insects  except  Lepidoptera, 
which  are  too  difficult  to  disentangle  without  damage. 

(2)  Do  not  leave  killing  jars  in  direct  sunlight  as  they 
will  sweat  and  rapidly  lose  their  killing  power. 


(3)  If  moisture  condenses  in  a  jar,  wipe  it  dry  with  ab- 
sorbent tissue. 

(4)  Keep  delicate  specimens  in  separate  jars  so  that 
larger  specimens  will  not  damage  them. 

(5)  Do  not  allow  a  large  number  of  specimens  to  accumu- 
late in  a  jar  unless  it  is  to  be  used  specifically  for  tem- 
porary storage. 

(6)  Do  not  leave  insects  in  cyanide  jars  for  more  than  a 
few  hours.  The  fumes  will  change  the  colors  of  some 
insects,  especially  yellows  to  red,  and  specimens  will 
generally  become  brittle  and  difficult  to  handle. 

(7)  If  it  is  necessary  to  keep  insects  in  killing  jars  for 
more  than  several  hours,  place  the  specimens  in  an- 
other container  and  store  them  in  a  refrigerator. 

(8)  Keep  butterflies  and  moths  in  jars  by  themselves  so 
that  their  hairs  and  scales  will  not  ruin  other  kinds  of 
insects. 

(9)  Never  test  a  killing  jar  by  smelling  its  contents. 

(10)  Old  jars  that  no  longer  kill  quickly  should  be  re- 
charged or  disposed  of  by  burning  or  burying.  A  cya- 
nide jar  that  has  become  dry  may  be  reactivated  by 
adding  a  few  drops  of  water. 

Spray-dispensed  insecticides  may  be  used,  if  not  to  kill 
specimens,  to  at  least  'knock  them  down'  into  a  con- 
tainer from  which  they  may  be  picked  up.  If  they  are 
directed  into  a  container  topped  with  a  funnel,  they 
may  be  allowed  to  revive  and  treated  further  as  desired 
(see  ref.  82). 

References:    16,  82,  138,  268,  342,  352,  447. 

Aspirators  and  Suction  Devices 

The  aspirator  (fig.  4,  A),  known  in  England  as  a  'pooter,' 
is  a  convenient  and  effective  device  for  collecting  small 
insects  and  mites.  The  following  materials  are  needed 
to  construct  an  aspirator: 


(5)  Small  piece  of  cloth  mesh,  such  as  cheesecloth, 
and  rubberband. 

To  make  an  aspirator,  bend  the  glass  tubes  as  in  figure 
4,  A.  In  bending  or  cutting  glass  tubes,  always  protect 
your  fingers  by  holding  the  glass  between  several  lay- 
ers of  cloth.  Obtain  the  advice  of  a  chemist  or  lab- 
oratory technician  for  cutting  and  bending  glass. 
Moisten  one  end  of  the  longer  tube  and  insert  it 
through  one  of  the  holes  in  the  rubber  stopper.  Moisten 
one  end  of  the  shorter  tube,  insert  it  through  the  other 
hole  in  the  stopper,  and  using  a  rubberband  fasten  the 
cloth  mesh  over  the  end  that  was  inserted  through  the 
stopper;  this  will  prevent  specimens  from  being  sucked 
into  the  collector's  mouth  when  the  aspirator  is  used. 
Attach  one  end  of  the  flexible  tubing  to  the  free  end  of 
this  tube.  The  length,  size,  and  amount  of  bend  in  the 
tubing  will  vary  according  to  the  user's  needs.  To  com- 
plete the  assembly,  insert  the  rubber  stopper  into  the 
vial.  To  use  the  aspirator,  place  the  free  end  of  the  flex- 
ible tubing  in  the  mouth,  move  the  end  of  the  longer 
glass  tube  close  to  a  small  specimen,  and  suck  sharp- 
ly. The  specimen  will  be  pulled  into  the  vial. 

Instead  of  using  a  vial,  some  workers  prefer  a  tube  (fig. 
4,  6).  In  either  method,  it  is  well  to  keep  small  pieces  of 
absorbent  tissue  in  the  vial  or  tube  at  all  times  to  pre- 
vent moisture  from  accumulating.  Be  cautioned  that 
there  is  some  danger  of  inhaling  harmful  substances  or 
organisms  when  using  a  suction-type  aspirator  (see  ref. 
220). 

Either  the  vial-  or  tubing-type  aspirator  (fig.  4,  6)  may  be 
converted  into  a  blow-type  aspirator  by  removing  the 
13-cm  glass  tube  (see  fig.  4,  A)  and  substituting  a 
T-shaped  attachment  (fig.  4,  6).  The  flexible  tubing  is 
attached  to  one  arm  of  the  T,'  the  opposite  arm  is  left 
open,  and  the  stem  of  the  T  is  inserted  into  the  vial 
and  covered  with  mesh.  Upon  blowing  through  the  flexi- 
ble tubing,  a  current  of  air  passes  across  the  T  and 
creates  a  partial  vacuum  in  the  vial,  which  produces 
the  suction  needed  to  draw  specimens  into  the  vial. 
This  kind  of  aspirator  eliminates  the  danger  of  inhaling 
small  particles,  fungus  spores,  or  noxious  fumes. 


(1)  Vial  2.5-5  cm  in  diameter  and  about  12  cm  long. 

(2)  Two  pieces  of  glass  tubing  about  7  mm  in  diameter, 
one  piece  about  8  cm  long  and  the  other  about  13  cm 
long. 

(3)  Rubber  stopper  with  two  holes  in  which  the  tubing 
will  fit  snugly. 

(4)  Piece  of  flexible  rubber  or  plastic  tubing  about  1 
meter  long,  with  diameter  just  large  enough  to  fit  snug- 
ly over  one  end  of  shorter  piece  of  stiff  tubing. 


Aspirators  with  a  squeeze  bulb  may  sometimes  be  pur- 
chased, or  if  a  valved  bulb  can  be  obtained,  they  may 
be  constructed  for  use  with  either  pressure  or  suction. 
Collection  traps  also  have  been  devised  with  the  suc- 
tion feature  applied  on  a  much  larger  scale  than  with 
the  usual  aspirator.  Suction  produced  by  a  fan  has 
been  employed  in  traps  in  conjunction  with  light  or 
other  attractants.  Some  of  these  traps  are  described  in 
the  following  references  and  in  the  section  on  Traps. 
Suction  is  created  by  a  piston  in  a  'slurp-gun'  described 
for  aquatic  collecting.  This  principle  could  be  adapted 
for  use  in  air  to  gather  insects  and  to  deposit  them  in  a 
vial  attached  to  the  side  of  the  piston. 


References:   11,  20,  48,  84,  120,  142,  220,  226-228,  276, 
300,  313,  382,  416,  428,  447,  450,  456,  464. 
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Figure  4.  A  Assembled  vial  aspirator;  B,  tube 
aspirator  with  blow-type  T-adapter. 


Beating  Sheets 

A  beating  sheet  should  be  made  of  durable  cloth, 
preferably  white,  attached  to  a  frame  about  1  meter 
square,  with  two  pieces  of  doweling  or  other  light  wood 
crossing  each  other  and  fitted  into  pockets  at  each  cor- 
ner of  the  cloth  (fig.  5).  An  ordinary  light-colored  um- 
brella also  may  be  used  as  a  beating  sheet.  Place  the 
beating  sheet  or  umbrella  under  a  tree  or  shrub  and 
sharply  beat  the  branches  or  foliage  with  a  club  or 
stick.  Specimens  will  fall  onto  the  sheet  and  may  be 
removed  from  the  light-colored  material  by  hand  or  with 
forceps,  a  moistened  brush,  or  an  aspirator.  Locating 
specimens  on  the  sheet  is  sometimes  a  problem  because 
of  leaves  or  other  unwanted  material  dropping  onto  the 
sheet.  Watching  for  movement  will  help  locate  speci- 
mens, as  well  as  tilting  the  sheet  so  that  the  debris  is 
displaced  or  even  allowed  to  fall  off,  with  the  insects 
and  mites  left  clinging  to  the  cloth. 

Beating  sheets  are  especially  useful  in  collecting 
beetles,  and  they  are  most  useful  when  the  weather 
has  turned  cold,  or  early  and  late  in  the  day,  when  nor- 
mally active  insects  seek  shelter  in  vegetation  and  are 
otherwise  difficult  to  detect. 

A  'ground  cloth'  also  is  used  in  sampling  crop  fields 
(see  ref.  377). 
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Figure  5.  Beating  sheet  with  dowels  fastened  in 
corner  pockets. 


Sifters 

Sifters  are  used  to  collect  insects  and  mites  that  live  in 
ground  litter,  leaf  mold,  rotting  wood,  mammal  and  bird 
nests,  fungi,  shore  detritus,  lichens,  mosses,  and  sim- 
ilar material.  Sifters  are  especially  useful  for  winter  col- 
lecting to  pick  up  hibernating  specimens.  Almost  any 
container  with  a  wire-mesh  screen  bottom  will  serve  as 
a  sifter.  The  size  of  the  mesh  depends  on  the  size  of 
the  specimens  sought.  For  general  purposes,  screening 
with  2.5-3  meshes  per  centimeter  is  satisfactory.  To  use 
the  sifter,  place  the  material  to  be  sifted  into  the  con- 
tainer and  shake  it  gently  over  a  white  pan  or  piece  of 
white  cloth.  As  the  insects  and  mites  fall  onto  the 
cloth,  they  may  be  collected  with  forceps,  a  brush,  or 
an  aspirator. 

A  similar  method  is  used  chiefly  to  collect  mites  from 
foliage.  Using  a  sifter  of  20-mesh  screen  (about  8  per 
centimeter)  with  a  funnel  underneath  that  leads  to  a 
small  vial,  beat  pieces  of  vegetation  against  the  screen 
to  dislodge  the  mites,  which  will  fall  through  the  screen 
and  into  the  vial  below. 

Separators  and  Extractors 

Somewhat  similar  to  the  sifter  are  various  devices 
designed  to  separate  or  extract  live  specimens  from 
substances  in  which  they  may  be  found,  such  as  leaf 
mold  and  other  kinds  of  vegetable  matter,  shore  detri- 
tus, dung,  even  net  sweepings  that  include  so  much  for- 
eign matter  that  it  is  difficult  to  pick  out  the  insects. 
These  devices  usually  depend  on  some  physical  aid 
such  as  light,  heat,  or  dryness  to  impel  the  insects  to 
leave  the  foreign  matter. 

One  of  the  simplest  such  devices  is  the  sweeping  sep- 
arator (fig.  6).  This  is  simply  a  carton  or  wooden  box 
with  a  tight-fitting  lid.  Near  the  top  of  the  box  on  one 
side  is  inserted  a  glass  jar.  If  the  jar  is  made  with  a 
screw  top,  a  hole  of  proper  diameter  cut  in  the  side  of 
the  carton  will  permit  the  jar  to  be  screwed  onto  it.  The 
cover  ring,  without  the  lid,  from  a  home-canning  jar 
may  be  nailed  to  the  periphery  of  a  hole  in  a  wooden 
box  and  the  jar  then  screwed  onto  the  ring. 


glass  jar 
screwed 
into  side 
of  box 


The  sweepings  are  dumped  into  the  box  and  the  cover 
is  quickly  closed.  The  insects  in  the  darkened  box  soon 
will  be  attracted  to  the  lighted  glass  jar.  When  all  the 
insects  appear  to  have  entered  the  jar,  it  can  be  re- 
moved and  its  contents  put  into  a  killing  jar.  Alterna- 
tively, a  jar  cover  containing  a  piece  of  blotting  paper 
soaked  with  xylene  may  be  placed  over  the  jar  for 
awhile  to  stun  the  insects,  which  may  then  be  sorted. 

The  Berlese  funnel  (fig.  7)  and  its  modifications  are 
cleaner  and  more  efficient  than  sifting  to  separate  in- 
sects and  mites  from  leaf  mold  and  similar  materials. 
The  sample  is  placed  on  a  screen  near  the  top  of  a  fun- 
nel. A  light  bulb  can  be  placed  above  the  sample  to  pro- 
duce heat  and  light,  which  drive  the  insects  downward 
into  the  funnel,  or  heated  coils  or  a  jacket  around  the 
funnel  can  be  used  to  dry  the  sample  and  make  it  in- 
hospitable. The  insects  and  mites  are  directed  by  the 
funnel  into  a  container,  sometimes  containing  alcohol. 
at  the  bottom  of  the  funnel.  Care  should  be  taken  not 
to  dry  the  sample  so  rapidly  that  slow-moving  speci- 
mens are  immobilized  before  they  can  leave  the  sam- 
ple. To  prevent  large  amounts  of  debris  from  falling 
into  the  container,  place  the  sample  on  the  screen 
before  the  container  is  put  in  place. 

References:  59,  122,  127,  173,  232-234,  256,  286,  319, 
326,  374. 
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Figure  6.  Sweeping  separator  for  extracting  live 
specimens  from  debris. 


Figure  7.  Berlese  funnel. 


10 


Traps 

Since  a  trap  is  defined  as  anything  that  impedes  or 
stops  the  progress  of  an  organism,  this  subject  is  ex- 
tensive, including  devices  used  with  or  without  baits, 
lures,  or  other  attractants.  Besides  its  construction,  the 
performance  of  a  trap  depends  on  such  factors  as  its  lo- 
cation, time  of  year  or  day,  weather,  temperature,  and 
kind  of  attractant  used,  if  any.  A  little  ingenuity  coupled 
with  knowledge  of  the  habits  of  the  insects  or  mites 
sought  will  suggest  modifications  or  improvements  in 
nearly  any  trap  or  may  even  suggest  new  traps. 

Only  a  few  of  the  most  useful  traps  are  discussed  here, 
but  the  following  references  describe  many  more,  espe- 
cially references  255,  345,  and  394. 

References:   1,  14,  16,  17,  40,  54,  55,  109,  121,  130,  133, 
150,  154,  164,  176,  178,  179,  182,  186,  189,  193,  195,  206, 
213,  236,  237,  285,  297,  312,  345,  347,  394,  395,  417,  423, 
446,  449,  454,  464. 

Effects  of  Elevation.     One  of  the  external  factors  af- 
fecting the  performance  of  traps,  especially  light  traps, 
has  been  specially  studied,  namely  the  effect  of  the 
elevation  (above  sea  or  ground  level)  at  which  the  trap 
is  placed  when  in  use.  The  subject  is  complex,  with 
many  variables  related  to  kinds  of  insects,  locality,  and 
so  forth,  which  are  discussed  in  the  following  references. 

References:  42,  66,  91,  137,  152,  153,  157,  298,  369,  402. 


Windowpane  Trap.     One  of  the  simplest  and  cheapest 
traps  is  a  barrier  consisting  of  a  windowpane  held  up- 
right by  stakes  in  the  ground  or  suspended  by  a  line 
from  a  tree  or  from  a  horizontal  line.  A  trough  filled 
with  a  liquid  killing  agent  is  so  placed  that  insects  fly- 
ing into  the  pane  drop  into  the  trough  and  drown.  They 
are  removed  from  the  liquid,  washed  with  alcohol  or 
other  solvent,  then  preserved  in  alcohol  or  dried  and 
pinned.  The  trap  is  not  recommended  for  adult  Lepidop- 
tera  or  other  insects  that  may  be  ruined  if  collected  in 
fluid. 

References:   77,  93,  231,  261,  333,  369,  461. 

Interception  Nets  and  Barriers.     A  piece  of  netting,  1.8 
meters  or  more  in  height,  can  be  stretched  between 
three  trees  or  poles  to  form  a  V-shaped  trap  with  the 
wide  end  of  the  V  open.  A  triangular  roof  should  be  ad- 
justed to  slope  gently  downward  to  the  broad  open  side 
of  the  V.  A  device  of  this  type  will  intercept  many  kinds 
of  flying  insects,  particularly  if  the  trap  is  situated  with 
the  point  of  the  V  toward  the  side  of  maximum  light  and 
in  the  direction  of  air  movement.  A  pair  of  such  nets 
set  in  opposite  directions,  or  a  single  net  in  a  zigzag 
shape,  will  intercept  specimens  from  two  directions. 
Since  insects  flying  into  such  a  net  tend  to  gather  at 
the  pyramidal  apex,  they  are  easy  to  collect.  The  so- 
called  'funnel'  or  'ramp'  traps  are  interception  devices 
that  direct  insects  to  a  central  point,  where  a  retaining 
device  or  killing  jar  may  be  placed. 


References:   747,  762,  799,  229,  260,  294,  332,  338,  339,  405. 

Malaise  Traps.     It  is  a  small  step  from  the  preceding 
device  to  the  more  complex  trap  developed  by  the 
Swedish  entomologist  Rene'  Malaise  and  that  now 
bears  his  name.  Several  modifications  of  his  original 
design  have  been  published,  and  at  least  one  is  avail- 
able commercially.  The  trap,  as  originally  designed, 
consists  of  a  vertical  net  serving  as  a  baffle,  end  nets, 
and  a  sloping  canopy  leading  up  to  a  collecting  device 
(fig.  8).  The  collecting  device  may  be  a  jar  with  either  a 
solid  or  evaporating  killing  agent  or  a  liquid  in  which 
the  insects  drown.  The  original  design  is  unidirectional 
or  bidirectional  with  the  baffle  in  the  middle,  but  more 
recent  types  include  a  nondirectional  type  with  cross 
baffles  and  with  the  collecting  device  in  the  center. 
Malaise  traps  have  been  phenomenally  successful, 
sometimes  collecting  large  numbers  of  species  that 
could  not  be  obtained  otherwise.  Attractants  may  be 
used  to  increase  the  efficiency  of  the  traps  for  special 
purposes. 

References:  64,  405  (bibliography). 


Figure  8.  Malaise  trap  used  to  capture  flying 
insects  near  a  dense  forest. 
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Pitfall  and  Dish  Traps.     Another  simple  but  very  effec- 
tive and  useful  type  of  interception  trap  consists  of  a 
jar,  can,  or  dish  sunk  in  the  earth  (fig.  9).  A  cover  must 
be  placed  over  the  open  top  of  the  jar  to  exclude  rain 
and  small  vertebrates  while  allowing  insects  and  mites 
to  enter.  A  piece  of  bark,  wood,  or  flat  stone  will  serve 
this  purpose.  Pitfall  traps  may  be  baited  with  various 
substances,  depending  on  the  kind  of  insects  or  mites 
the  collector  hopes  to  capture.  Although  most  that  fall 
into  the  trap  will  remain  there,  it  should  be  inspected 
daily,  if  possible,  and  desired  specimens  removed  and 
placed  in  alcohol  or  in  a  killing  bottle  while  they  are  in 
their  best  condition. 

Also  in  the  pitfall  category  is  the  cereal  dish  trap, 
which  is  a  simple  but  effective  device  for  obtaining 
insects  attracted  to  dung.  It  consists  of  a  small  dish, 
preferably  with  a  rim,  set  in  the  earth  (fig.  10)  and  partly 
filled  with  70  percent  ethanol,  or,  if  available,  with 
ethylene  glycol,  which  does  not  evaporate.  A  piece  of 
stout  wire,  such  as  a  coathanger,  is  bent  as  shown, 
with  a  loop  at  one  end  to  hold  the  bait  receptacle.  A 
few  zigzag  bends  in  the  other  end  of  the  wire  will  keep 
the  looped  end  from  swinging  after  the  wire  is  pushed 
into  the  earth.  The  bait  receptacle  may  be  a  small 
plastic  or  metal  cup  such  as  is  often  used  for  medicine 
doses,  or  a  coffee  creamer,  or  a  cup  formed  from  alumi- 
num foil.  When  baited  with  animal  or  human  feces,  this 
trap  attracts  beetles,  mostly  of  the  families  Scarabaeidae 
and  Staphylinidae,  springtails,  ants,  earwigs,  some 
parasitic  Hymenoptera,  and,  rather  surprisingly,  several 
families  of  flies,  especially  Phoridae,  Sepsidae,  and 
Muscidae.  The  larger,  strong-flying  calliphorid  and  sar- 
cophagid  flies  seldom  fall  into  the  liquid,  although  they 
are  attracted  to  the  bait.  The  alcohol  fumes  probably 
cause  the  smaller  flies  to  drop  into  it.  The  trap  is  made 
of  easily  obtained  materials,  is  easily  transported,  and 
provides  excellent  results.  It  deserves  wide  use. 

References:  5,  17,  28,  51,  103,  126,  149,  155,  166-170, 
191,  212,  230,  272,  274,  275,  287,  309  (bibliography),  314, 
328,  358,  379,  385,  389,  390,  420,  427,  444. 

Emergence  and  Rearing  Traps.     An  emergence  trap  is 
any  device  that  prevents  adult  insects  from  dispersing 
when  they  emerge  from  their  immature  stages  in  any 
substrate,  such  as  soil,  plant  tissue,  or  water.  A  simple 
canopy  over  an  area  of  soil,  over  a  plant  infested  with 
larvae,  or  over  a  section  of  stream  or  other  water  area 
containing  immature  stages  of  midges,  mayflies,  and 
other  arthropods  will  secure  the  emerging  adults.  If  it 
is  equipped  with  a  retaining  device,  as  in  the  Malaise 
trap,  the  adults  can  be  killed  and  preserved  shortly 
after  emergence.  It  must  be  remembered,  however,  that 
many  insects  should  not  be  killed  too  soon  after  emer- 
gence because  the  adults  are  often  teneral  or  soft 
bodied  and  incompletely  pigmented  and  must  be  kept 
alive  until  the  body  and  wings  completely  harden  and 
colors  develop  fully.  Emergence  traps  and  rearing 
cages  (fig.  11)  enable  the  insects  to  develop  naturally 
while  insuring  their  capture  when  they  mature  or  when 
larvae  emerge  to  pupate. 


References:  4,  16,  18,  64,  75,  78,  92,  97,  100,  104,  145, 
151,  187,207,  236,  247,  250,  253,  257,  263,  267,  277,  278, 
290,  295,  307,  310,  315-318,  320,  325,  331,  390,  422,  429, 
469. 
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Figure  9.  Simple  pitfall  trap  covered  with 
screening  and  provided  with  hanging  bait. 
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Figure  10.  Cereal  dish  trap. 


12 


gauze 


string 

or  rubber- 
band 


glass  ■ 
jar 


gauze 


plastic  - 
cylinder 


flower- 
pot 


pane  of 
glass 


adhesive  • 
tape 


wire  — 
screen 


cardboard 


jar  of ^ 

water 


bottom  of 
tin  can 


cardboard 
box 


glass  vial 
or  jar 


Figure  11.  Emergence  traps  and  rearing  cages, 
with  living  plant  material  in  two  containers. 
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Traps  Using  the  Lobster  or  Eel  Trap  Principle.     This 
category  includes  any  container  that  has  its  open  end 
fitted  with  a  truncated  cone  directed  inward,  as  in  a 
lobster  or  eel  trap,  known  as  a  'Reuse'  in  German.  An 
ordinary  killing  jar  with  a  funnel  fastened  into  its  open 
end  is  an  example.  When  the  funnel  is  placed  over  an 
insect,  the  specimen  will  usually  crawl  or  fly  toward  the 
light  and  enter  the  jar  through  the  funnel.  Modified 
traps  of  this  type  include  the  Steiner  and  McPhail 
traps,  which  are  used  primarily  in  fruit  fiy  surveys  but 
are  suitable  for  many  other  purposes.  The  inside  of  the 
Steiner  trap  usually  has  a  sticky  material  containing  a 
pheromone  or  other  lure.  Both  traps,  as  well  as  similar 
devices,  may  be  used  with  different  attractants  to  col- 
lect diverse  kinds  of  insects. 

References:  31,  56,  57,  104,  207,  223,  310,  322,  329,  331, 
361,  404. 

Light  Traps.     With  light  traps,  advantage  is  taken  of 
the  attraction  of  many  insects  to  a  light  source.  Using 
various  wavelengths  as  the  attractant,  a  great  variety  of 
traps  can  be  devised,  a  few  of  which  are  described  here. 

Many  traps  can  be  constructed  easily  from  materials 
generally  available  around  the  home.  All  wiring  and 
electrical  connections  should  be  approved  for  outdoor 
use.  Funnels  can  be  made  of  metal,  plastic,  or  heavy 
paper.  Traps  can  be  used  with  or  without  a  cover,  but  if 
they  are  to  be  operated  for  several  nights,  covers  should 
be  installed  to  keep  out  rain. 
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Figure  12.  New  Jersey  trap. 


The  New  Jersey  trap  (fig.  12)  includes  a  motorized  fan 
to  force  insects  attracted  to  the  light  into  a  killing  jar. 
It  has  been  especially  useful  for  collecting  small,  non- 
scaly  insects  such  as  midges  and  gnats.  This  type  of 
light  trap,  in  which  the  insects  fall  directly  into  a  killing 
jar,  is  not  recommended  for  use  with  moths  because 
such  delicate  specimens  may  be  badly  rubbed  or  torn. 
If  only  small  insects  are  desired,  they  may  be  protected 
from  damage  by  larger  insects  by  placing  a  screen  with 
the  proper  sized  mesh  over  the  entrance.  The  Minne- 
sota trap  is  very  similar  to  the  New  Jersey  trap,  but  it 
does  not  include  a  fan  or  any  motorized  method  of 
draft  induction. 

The  Wilkinson  trap  (fig.  13)  requires  somewhat  more  ef- 
fort to  construct  than  the  preceding  traps,  but  it  has 
the  advantage  of  confining,  not  killing,  the  trapped  in- 
sects. Moths,  therefore,  can  be  collected  in  good  condi- 
tion if  the  trap  is  inspected  frequently  and  desirable 
specimens  are  removed  quickly  through  the  hinged  top 
and  placed  in  a  killing  jar. 

Several  highly  effective  but  more  elaborate  devices 
have  been  made  for  collecting  moths  and  other  fragile 
insects  in  good  condition.  Basically,  they  all  use  the 
principle  of  a  funnel  with  a  central  light  source  above  it 
and  vanes  or  baffles  to  intercept  the  approaching  in- 
sects that  are  dropped  through  the  funnel  into  the  con- 
tainer beneath,  which  may  or  may  not  hold  a  killing 
agent.  The  nature  of  the  container  and  the  type  of  kill- 


ing agent  affect  the  quality  of  the  specimens  obtained. 
Some  traps  catch  the  insects  alive  in  a  large  collection 
chamber,  such  as  a  garbage  can,  which  is  filled  or  near- 
ly filled  with  loosely  arranged  egg  cartons.  Most  moths 
will  come  to  rest  in  the  cavities  between  the  egg  car- 
tons and  will  remain  there  until  removed  in  the  morning. 

Other  traps  are  designed  to  kill  the  insects  by  means  of 
high  concentrations  of  fumes  from  a  liquid  killing 
agent,  such  as  tetrachloroethane  or  calcium  cyanide 
(the  "cyanogas"  of  the  exterminating  industry).  A  heap- 
ing tablespoon  or  more  of  calcium  cyanide  is  placed  in 
each  of  four  to  six  brown  paper  bags,  which  are  hung 
in  a  large  garbage  can  or  other  large  container.  A 
dampened  cloth,  such  as  a  washcloth,  is  also  hung  in- 
side the  can  to  humidify  the  air  and  activate  the  cya- 
nide. This  is  especially  necessary  in  dry  weather.  The 
concentration  of  the  gas  inside  the  can  is  so  great  that 
insects  are  inactivated  almost  instantly  on  entering, 
and  even  the  most  delicate  specimens  are  damaged 
very  little.  The  bags  containing  the  calcium  cyanide 
powder  should  be  replaced  as  needed.  If  two  of  the 
oldest  bags  are  replaced  with  two  fresh  ones  each  suc- 
cessive night,  the  trap  can  be  run  as  long  as  the  collec- 
tor desires. 

Handle  cyanide  outdoors,  facing  downwind,  and  with 
extreme  caution.  During  the  day,  when  the  trap  is  not  in 
use,  store  the  cyanide  bags  in  an  airtight  container.  All 
forms  of  cyanide  used  as  killing  agents  react  and  break 
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Figure  13.  Wilkinson  trap. 

down  quickly  when  exposed  to  air  and  moisture;  never- 
theless dispose  of  the  residue  carefully. 

To  prevent  rainwater  from  accumulating  in  the  trap, 
place  a  screen-covered  funnel  inside  the  collection 
chamber  to  drain  the  water  out  through  a  hole  in  the 
bottom  of  the  trap.  Sometimes  a  system  of  separators 
is  added  to  guide  beetles  and  other  heavy,  hard-bodied 
insects  into  a  different  part  of  the  container  than  the 
moths  and  other  delicate  specimens. 

The  most  efficient  light  traps  use  lamps  rich  in  their 
output  of  ultraviolet  light.  The  British-made  Robinson 
trap  employs  an  intense,  blue-white,  125-watt  mercury 
vapor  lamp  of  a  type  used  for  street  lighting.  This,  the 
most  effective  insect  attractant  commercially  marketed, 
is  widely  used  in  many  kinds  of  light  traps  because  it 
has  some  special  advantages  over  other  kinds  of  at- 
tractants.  For  example,  this  type  of  lamp  is  the  only 
one  that  emits  the  kind  of  light  that  attracts  large 
numbers  of  Catocala  (underwing)  moths,  a  colorful 
group  popular  with  many  collectors. 

Many  traps  are  equipped  with  15-watt  ultraviolet  fluores- 
cent tubes,  which  emit  a  highly  visible  bluish-white 
light,  although  blacklight  tubes  emitting  deep  purple 
light  are  similarly  effective.  Ultraviolet  tubes  of  lower 
or  higher  wattage  also  may  be  used  and  are  all  highly 
effective.  A  15-watt  ultraviolet  tube  has  been  estimated 
to  attract  about  10  times  as  many  insects  as  a  500- 


candlepower  gasoline  lantern  or  incandescent  lamp. 
The  advantage  of  the  fluorescent  tube  over  the  mercury 
vapor  lamp  is  that  it  is  less  expensive  and  much  more 
portable.  A  15-watt  tube  is  easily  powered  by  an  or- 
dinary automobile  battery  by  using  an  inverter  to 
change  6-  or  12-volt  direct  current  to  120-volt  alter- 
nating current.  Also,  its  ultraviolet  output  is  not  strong 
enough  to  cause  any  significant  eye  damage.  The  safe- 
ty factor  of  the  mercury  vapor  lamp  at  close  range  is 
less  certain,  although  entomologists  who  have  used  the 
Robinson  trap  for  many  years  seem  to  have  suffered  no 
ill  effects. 

A  new,  lightweight,  spillproof  12-volt  battery,  in  which 
the  acid  electrolyte  is  a  gel  rather  than  a  liquid,  is  far 
superior  to  the  standard  automotive  battery  for  powering 
light  traps,  but  it  is  fairly  expensive  and  requires  a 
special  charger.  Special  lightweight,  nickel-cadmium  bat- 
tery packs,  used  to  power  blacklights  for  collecting,  are 
marketed  by  some  dealers  of  entomological  equipment. 

Light  Sheets.     Another  highly  effective  method  of  us- 
ing light  to  attract  moths  and  other  nocturnal  insects  is 
with  a  light  sheet.  This  is  simply  a  cloth  sheet,  usually 
a  white  bedsheet,  hung  outdoors  at  night  with  an  appro- 
priate light  source  or  combination  of  sources  such  as 
ultraviolet  fluorescent  tubes,  gasoline  lanterns,  or  auto- 
mobile headlights  placed  a  few  feet  in  front  of  it.  As  in- 
sects are  attracted  and  alight  on  the  sheet,  they  are 
easily  captured  in  cyanide  bottles  or  jars  by  the  collec- 
tor who  stands  in  attendance  or  at  least  checks  the 
sheet  frequently.  The  sheet  may  be  pinned  to  a  rope 
tied  between  two  trees  or  fastened  to  the  side  of  a 
building,  with  the  bottom  edge  spread  out  on  the 
ground  beneath  the  light.  Some  collectors  use  supports 
to  hold  the  bottom  edge  of  the  sheet  several  centi- 
meters above  the  ground  so  that  no  specimens  can 
crawl  into  the  vegetation  under  the  sheet  and  be  over- 
looked. Other  collectors  turn  up  the  edge  to  form  a 
trough  into  which  insects  may  fall  as  they  strike  the 
sheet. 

The  light  sheet  remains  unsurpassed  as  a  method  of 
collecting  moths  in  flawless  condition  or  of  obtaining 
live  females  for  rearing  purposes.  Its  main  disadvan- 
tage is  that  species  that  fly  very  late  or  those  that  are 
active  only  in  the  early  morning  hours  may  be  missed 
unless  one  is  prepared  to  spend  most  of  the  night  at 
the  sheet.  Many  other  insects  besides  moths  are  at- 
tracted to  the  sheet,  and  collectors  of  beetles,  flies, 
and  other  kinds  of  insects  would  do  well  to  collect  with 
this  method. 

It  should  be  emphasized  that  the  phases  of  the  moon 
most  profoundly  influence  the  attraction  of  insects  to 
artificial  light.  Attraction  is  inhibited  by  a  bright  moon. 
The  best  collecting  period  each  month  extends  from 
the  fifth  night  after  the  full  moon  until  about  a  week 
before  the  next  full  moon. 

References  (light  traps  and  sheets):  7,  8,  23-25,  33,  34, 
42,  50,  61,  73,  74,  81,  99,  101,  135,  136,  139,  162,  174,  181, 
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189,  204,  205,  213,  244,  273,  281,  298,  299,  308,  313,  323, 
336,  350,  351,391,  396,  401,  402,  418,  430,  447,  451,  453. 

Color  Traps.     Colored  objects  are  also  used  as  attrac- 
tants  for  insects.  A  bright  yellow  pan  containing  water 
to  which  a  little  detergent  has  been  added  to  reduce 
surface  tension  and  thereby  cause  insects  to  drown 
more  quickly  is  used  to  collect  winged  aphids.  The  in- 
sects are  attracted  by  the  color  and  drown  in  the  water. 
Yellow  seems  to  be  the  best  color  for  traps,  but  various 
kinds  of  insects  react  differently  to  different  colors. 
The  Manitoba  trap  (fig.  14)  has  a  black  sphere  to  attract 
horse  flies  (family  Tabanidae),  which  are  then  captured 
in  a  canopy-type  trap. 

References:  36,  164,  174,  211,  235,  246,  355. 

Sticky  Traps.     In  this  type  of  trap,  a  board,  piece  of 
tape,  pane  of  glass,  piece  of  wire  net,  cylinder,  or  other 
object,  often  painted  yellow,  is  coated  with  a  sticky 
substance  and  suspended  from  a  tree  branch  or  other 
convenient  object.  Insects  landing  on  the  sticky  surface 
are  unable  to  extricate  themselves.  The  sticky  material 
is  later  dissolved  with  a  suitable  solvent,  usually 
toluene,  xylene,  ethylacetate,  or  various  combinations 
of  these,  and  the  insects  are  washed  first  in  Cellosolve 
and  then  in  xylene  (see  p.  25).  This  type  of  trap  should 
not  be  used  to  collect  certain  specimens,  such  as 
Lepidoptera,  which  are  ruined  by  the  sticky  substance 
and  cannot  be  removed  without  being  destroyed. 

Various  sticky-trap  materials  are  available  commercial- 
ly, some  with  added  attractants.  However,  use  caution 
in  selecting  a  sticky  substance  because  some  are  dif- 
ficult to  dissolve. 

References:  62,  79,  107,  112,  121,  148,  155,  156,  158, 
183,  185,  192,  226,  252,  289,  292,  305,  319  (pp.  226-227), 
319a,  354,  406,  417,  456. 


Figure  14.  Manitoba  trap  for  collecting 
horse  flies. 


Artificial  Refuges.     Many  insects,  especially  beetles, 
are  successfully  found  under  stones,  planks,  or  rotten 
logs.  Providing  such  refuges,  as  pieces  of  wood,  card- 
board, or  even  complex  traps,  is  also  a  form  of  trapping. 

References:  67,  385. 


Snap  Traps.     Two  kinds  of  traps  designed  for  quan- 
titative sampling  may  be  termed  "snap  traps."  One  of 
them  (see  ref.  293)  consists  of  a  pair  of  wooden  or 
plastic  discs,  slotted  to  the  center  so  as  to  fit  on  a  tree 
branch  and  connected  to  each  other  by  a  pair  of  rods. 
A  cloth  cylinder  is  affixed  at  one  end  to  one  of  the 
discs  and  at  the  other  end  to  a  ring  sliding  on  the  rods. 
After  the  cloth  cylinder  has  been  pulled  to  one  end  and 
has  been  secured  in  place,  the  ring  is  held  by  a  pair  of 
latches.  When  insects  have  settled  on  the  branch,  its 
leaves,  or  flowers,  the  latches  are  released  by  pulling 
on  a  string  from  a  distance,  and  the  trap  is  snapped 
shut  by  a  pair  of  springs  on  the  rods,  capturing  any  in- 
sects present.  One  of  the  canopy  traps  (see  ref.  428) 
operates  in  a  similar  fashion.  When  a  remotely  controlled 
latch  is  pulled,  a  spring-loaded  canopy  is  snapped  over 
an  area  of  soil,  and  insects  within  the  canopy  are  col- 
lected by  suction  or  a  vacuum  device.  This  trap  was 
designed  for  use  in  grasslands. 


Electrical  Grid  Traps.     In  recent  years,  electrocuting 
pest  insects  has  been  used  extensively  in  control  work. 
The  insects  are  attracted  to  a  device  by  a  pheromone 
or  other  lure  placed  in  a  chamber  protected  by  a  strong- 
ly charged  electrical  grid.  The  method  deserves  study 
for  other  purposes,  such  as  surveying  the  arthropod 
fauna  of  an  area. 

References:   158,  186,  301-303,  366,  397. 

Baits,  Lures,  and  Other  Attractants 

Any  substance  that  attracts  insects  may  be  used  as  a 
bait.  Natural  products,  chemicals  derived  therefrom  or 
synthesized,  and  secretions  of  the  insects  themselves 
may  all  be  used  as  attractants.  Mere  exposure  of  the 
substance  may  be  considered  as  setting  up  a  trap,  and 
attractive  substances  are  used  in  many  constructed 
traps. 

Sugaring  for  moths,  one  of  the  oldest  collecting  meth- 
ods, involves  the  use  of  a  specially  prepared  bait  in 
which  some  form  of  sugar  is  an  essential  component. 
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The  bait  may  be  refined  or  brown  sugar,  molasses, 
or  sirup.  Such  substances  often  are  mixed  with  stale 
beer,  fermented  peaches,  bananas,  or  some  other  fruit- 
there  is  no  standard  formula.  Each  lepidopterist  has  his 
or  her  own  favorite  recipe. 

One  particularly  satisfactory  recipe  uses  fresh,  ripe 
peaches;  culls  or  windfalls  are  suitable.  Remove  the 
seeds  but  not  the  skins,  mash  the  fruit,  then  place  it  in 
a  4-liter  (1  -gal)  or  larger  container  of  plastic,  glass, 
stainless  steel,  enamelware,  or  crockery  with  a  snugly 
fitting  but  not  tight  cover.  Avoid  using  metal  containers 
that  may  rust  or  corrode.  Fill  each  container  only  one- 
half  to  two-thirds  full  to  allow  space  for  expansion.  Add 
about  a  cup  of  sugar  and  place  in  a  moderately  warm 
place  for  the  mixture  to  ferment.  The  bubbling  fermen- 
tation reaction  should  start  in  a  day  or  so  and  may  con- 
tinue for  2  weeks  or  more,  depending  on  the  tempera- 
ture. During  this  time,  check  the  fermentation  every  day 
or  every  other  day  and  add  sugar  until  fermentation  ap- 
pears to  have  subsided  completely.  As  the  added  sugar 
is  converted  to  alcohol,  the  growth  of  yeast  slows  and 
eventually  ceases. 

After  fermentation  ceases,  the  bait  should  remain 
stable  and  should  then  be  kept  in  tightly  sealed  con- 
tainers to  prevent  contamination  and  evaporation.  If  the 
mixture  is  allowed  to  run  low  in  sugar  during  the  fer- 
mentation process,  vinegar  will  be  produced  instead  of 
alcohol.  It  is  therefore  important  to  smell  the  bait  per- 
iodically and  to  add  plenty  of  sugar  to  avoid  this.  The 
amount  of  sugar  consumed  will  be  surprising,  usually 
over  0.4  kg  per  liter  (3.3  lb  per  gal).  The  bait  should  have 
a  sweet,  fruity,  winelike  fragrance.  A  trace  of  vinegar  is 
not  objectionable  but  is  better  avoided.  Canned  fruit, 
such  as  applesauce,  may  also  be  used  to  make  the 
bait,  but  inasmuch  as  such  products  are  completely 
sterile,  a  small  amount  of  yeast  must  be  added  to  start 
fermentation.  Although  the  bait  may  seem  troublesome 
to  prepare,  it  keeps  for  years  and  is  thus  available  at 
any  time,  even  when  fruit  is  not  in  season. 

Immediately  before  use,  the  bait  may  be  mixed  with  30 
to  50  percent  molasses  or  brown  sugar  or  a  mixture  of 
these.  This  thickens  the  bait  so  that  it  will  not  dry  out 
so  quickly,  and  it  makes  the  supply  last  longer. 

The  best  time  to  set  out  the  sugar  bait  is  in  the  early 
evening  before  dark.  It  may  be  applied  with  a  paint 
brush  in  streaks  on  tree  trunks,  fenceposts,  or  other 
surfaces.  Choose  a  definite  route,  such  as  along  a  trail 
or  along  the  edge  of  a  field,  so  that  later  you  can  follow 
it  in  the  dark  with  a  lantern  or  flashlight.  Experienced 
collectors  learn  to  approach  the  patches  of  bait  stealth- 
ily with  a  light  in  one  hand  and  a  killing  jar  in  the  other 
to  catch  the  moths  before  they  are  frightened  off.  Some 
collectors  prefer  to  wear  a  headlamp,  leaving  both 
hands  free.  Although  some  moths  will  fly  away  and  be 
lost,  a  net  usually  is  regarded  as  an  unnecessary  en- 
cumbrance, because  moths  can  be  directed  rather  easi- 
ly into  the  jar.  Sugaring  is  an  especially  useful  way  to 
collect  noctuid  moths,  and  the  bait  applied  in  the  even- 


ing often  will  attract  various  diurnal  insects  on  the  fol- 
lowing days.  The  peach  bait  previously  described  has 
been  used  in  butterfly  traps  with  spectacular  results. 
However,  collecting  with  baits  is  notoriously  unpredict- 
able, being  extremely  productive  on  one  occasion  and 
disappointing  on  another,  under  apparently  identical 
conditions. 

Baiting  With  Feces.     Animal  and  human  feces  attract 
many  insects.  A  simple  but  effective  method  of  collect- 
ing such  insects  is  to  place  fresh  feces  on  a  piece  of 
paper  on  the  ground  and  wait  a  few  minutes.  When  a 
sufficient  number  of  insects  have  arrived,  a  net  with 
its  bag  held  upward  can  be  brought  carefully  over  the 
bait  about  1  meter  above  it.  This  will  not  disturb  the  in- 
sects, nor  will  they  be  greatly  disturbed  when  the  net  is 
lowered  gently  about  two-thirds  of  the  distance  to  the 
bait.  At  this  point,  the  net  should  be  quickly  lowered 
until  its  rim  strikes  the  paper.  The  insects,  mostly  flies, 
will  rise  into  the  net,  which  may  then  be  lifted  a  short 
distance  above  the  bait  and  quickly  swung  sideways,  cap- 
turing the  insects  in  the  bottom  of  the  bag.  In  about 
half  an  hour,  many  flies  can  be  caught,  virtually  all  that 
have  come  to  the  bait.  Because  of  this,  the  'baiting 
with  feces'  method  may  be  used  for  quantitative 
studies  (see  ref.  403). 

Feces  are  by  far  most  attractive  to  insects  during  the 
first  hour  after  deposition,  but  insects  coming  for  a 
more  extended  period  may  be  captured  by  placing  a  can- 
opy trap  over  the  feces  or  by  using  the  feces  with  the 
cereal  dish  trap  (see  p.  12).  Emergence  traps  placed 
over  old  feces  will  capture  adult  insects  emerging  from 
immature  forms  feeding  there.  The  same  methods  also 
may  be  used  with  other  baits,  such  as  decaying  fruit, 
small  carcasses,  and  a  wide  variety  of  other  substances. 

The  Oatmeal  Trail.     Hubbell  (ref.  218)  showed  that  dry 
oatmeal  scattered  along  a  path  will  attract  such  in- 
sects as  crickets,  camel  crickets,  cockroaches,  and 
ants.  Some  of  these  insects  feed  only  at  night  and  may 
be  hand-collected  by  flashlight  or  by  light  from  a  head- 
lamp. A  killing  bottle  is  used,  and  the  specimens  are 
collected  with  fingers,  an  aspirator,  or  a  net. 

Pheromones  and  Other  Attractants.     Substances 
naturally  produced  by  insects  to  attract  others  of  their 
own  kind  are  known  as  pheromones.  They  are  often  used 
in  traps  to  aid  in  controlling  pest  species.  Most  phero- 
mones are  highly  specific,  attracting  only  one  species 
or  a  group  of  closely  related  species.  "Spanish  Fly" 
(cantharidin)  has  recently  come  into  use  as  an  extreme- 
ly effective  attractant  for  various  beetles,  such  as 
pedilids,  and  bugs,  such  as  bryocerines.  Female  speci- 
mens of  certain  insects,  such  as  cicadas  and  silkworm 
moths,  may  be  placed  alive  in  a  trap  and  used  as  a  bait 
with  their  pheromones  and  the  sounds  they  produce  at- 
tracting males.  A  female  saturniid  (silkworm  moth)  will 
attract  males  from  a  great  distance. 
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Host  animals  likewise  may  be  used  as  bait  for  various 
bloodsucking  insects,  with  or  without  constructed 
traps.  Carbon  dioxide  in  the  form  of  "Dry  Ice,"  cylinder 
gas,  or  marble  chips  treated  with  an  acid  such  as  vin- 
egar serves  as  an  attractant  for  certain  insects  and  has 
been  very  successful  in  attracting  horse  flies  to  Mal- 
aise and  Manitoba  traps.  Sounds  are  produced  by  many 
insects  to  attract  others  of  their  own  kind.  These 
sounds  are  very  specific  in  pitch,  tempo,  and  duration. 
Recordings  of  such  sounds,  played  at  the  proper  vol- 
ume, have  been  effective  in  luring  grasshoppers,  crick- 
ets, and  other  kinds  of  insects. 

References  for  attractants:  General— 2,  10,  29,  35-37, 
49,  72,  85,  86,  100,  102,  123,  155,  168,  198,  213,  218,  223, 
251,  259,  262,  275,  283,  288,  311,  321,  327,  349,  362,  365, 
376,  384,  403,  408,  438,  445,  462;  carbon  dioxide— 44,  72, 
97,  100,  121,  123,  148,  217,  231,  239,  311,  327,  359,  360, 
362,  365,  392,  409,  413,  448,  460;  pheromones— 28,  31, 
38,  41,67,  68,  159,  189,  203,  213,216,  222,  223,  301,  324, 
340,  383,  384,  395,  398,  441;  sound— 32,  65. 

Collecting  Aquatic  and  Soil  Insects  and  Ectoparasites 

Insects  and  mites  emerging  from  water  may  be  col- 
lected by  the  same  means  as  terrestrial  insects,  but 
specialized  equipment  is  required,  which  is  not  des- 
cribed here,  since  aquatic  insects  are  of  relatively  little 
direct  importance  to  agriculture.  However,  they  are  of 
great  importance  in  public  health  and  general  ecolog- 
ical studies.  The  following  references  pertain  to  aquatic 
collecting. 

References:  8,  73,  92,  94,  110,  111,  114,  118,  145,  200, 
229,  236,  250,  257,  258,  262,  277,  278,  289,  290,  296 
(general),  307,  315-318,  320,  341  (general),  348,  388,  414, 
415,  439,  443  (general),  465,  466. 

As  with  aquatic  specimens,  insects  and  mites  that  live 
on  or  under  the  soil  surface  require  special  techniques 
and  equipment  for  their  collection  and  study.  Many  soil- 
inhabiting  species  are  of  great  economic  importance 
because  they  devour  the  roots  of  crops.  Many  spend 
their  immature  stages  in  soil  but  emerge  and  leave  the 
soil  as  adults.  A  considerable  amount  of  literature  on 
soil  insects  has  been  published,  the  most  useful  of 
which  is  cited  here.  See  also  the  references  cited  under 
Separators  and  Extractors  (p.  10)  and  Pitfall  and  Dish 
Traps  (p.  12). 

References:  21,  51,  52,  103,  125,  233,  234,  249,  256,  282, 
319,  326,  375,  419. 

Some  ectoparasites,  particularly  those  that  fly,  may  be 
collected  in  some  of  the  traps  discussed  (p.  17), using 
their  hosts  as  bait;  others  may  be  collected  by  means 
of  the  special  devices  described  in  the  following 
references. 

References:  53  (p.  752),  89,  440,  458. 


Rearing 

Collectors  should  take  every  opportunity  to  rear  insects 
and  mites,  for  not  only  are  reared  specimens  generally 
in  the  best  possible  condition,  but  rearing  provides  life 
stages  that  otherwise  might  be  collected  only  rarely  or 
with  great  difficulty.  By  preserving  one  or  more  speci- 
mens from  each  of  the  stages  as  they  are  reared,  if  suf- 
ficient material  is  available,  the  collector  can  obtain 
series  of  immature  stages  along  with  associated  adults. 
Such  series  are  desirable,  especially  for  species  in 
which  the  adult  is  known  but  the  immature  stages  are 
unknown  or  difficult  to  identify.  The  converse  often  is 
true  also— some  species  of  insects,  such  as  stem-min- 
ing flies,  are  fairly  abundant  in  the  larval  stage  but 
have  never  been  reared  to  the  adult  stage;  consequent- 
ly, one  does  not  know  whether  they  are  stages  of  a 
species  that  has  been  described  and  named  from  an 
adult  but  whose  life  history  is  unknown.  Since  adults  of 
these  flies  are  seldom  found,  the  easiest  way  to  obtain 
the  stage  necessary  for  specific  determination  is  to 
rear  the  larvae  or  pupae. 

If  only  a  few  specimens  are  reared,  the  shed  skins  and 
pupal  cases  or  puparia  should  be  preserved,  as  they 
are  of  value  if  properly  associated  with  the  reared 
adult.  Do  not  preserve  a  pupa  or  puparium  with  an 
adult  unless  you  are  positive  that  the  association  is 
correct.  It  is  best  to  put  pupae  in  separate  containers 
so  that  adults  or  parasites  that  emerge  are  associated 
with  certainty.  If  at  all  feasible,  the  parasite's  host 
should  be  preserved  for  identification.  Keep  careful 
notes  throughout  the  rearing  so  that  all  data  relative  to 
the  biology  of  the  species  are  properly  correlated. 

Containers  for  Rearing 

To  rear  specimens  successfully,  simulate  as  closely  as 
possible  in  the  rearing  cages  the  natural  conditions 
under  which  the  immatures  were,  found.  Almost  any 
container  will  serve  as  a  temporary  cage  for  living  in- 
sects or  mites.  One  simple  temporary  cage  that  is  very 
handy  on  field  trips  is  a  paper  bag.  Plant  material  or  a 
soil  sample  containing  insects  or  mites  is  placed  in  the 
paper  bag,  which  is  then  sealed.  A  paper  bag  also  can 
be  placed  over  the  top  of  a  plant  on  which  insects  or 
mites  are  found.  The  bottom  edge  of  the  bag  is  tied 
tightly  around  the  exposed  stems,  which  are  cut  and 
placed  in  a  jar  of  water.  One  disadvantage  of  using  a 
paper  bag  is  that  it  is  not  transparent,  so  it  must  be 
removed  to  observe  the  specimens  or  to  determine 
when  the  foliage  needs  to  be  changed.  Clear  plastic 
bags  are  better  suited  to  such  viewing;  however,  they 
are  not  recommended  for  more  than  short-term  use  be- 
cause they  are  airtight,  and  specimens  may  be  ruined 
by  drowning  in  condensed  water  on  the  inside  of  the 
bag. 

Another  simple  temporary  cage  is  a  glass  jar  with  its 
lid  replaced  by  a  piece  of  organdy  cloth  or  gauze  held 
in  place  by  a  rubberband.  A  few  such  jars  in  a  collec- 
ting kit  are  useful  for  holding  live  insects.  For  aquatic 
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species,  using  a  watertight  lid  on  the  jars  is  advisable. 
If  aquatic  insects  are  to  be  transported  over  a  consider- 
able distance,  fewer  will  die  if  the  jar  is  packed  with 
wet  moss  or  leaves  than  if  the  specimens  are  allowed 
to  slosh  around  in  water  alone.  After  arrival  at  your 
destination,  release  the  insects  into  a  good  rearing  con- 
tainer (fig.  11). 

Aquatic  insects  can  be  reared  in  their  natural  habitat 
by  confining  them  in  a  wire  screen  or  gauze  cage,  part 
of  which  is  submerged  in  water.  Be  sure  to  anchor  the 
cage  securely.  The  screen  used  in  aquatic  cages 
should  be  coarse  enough  to  allow  food  to  flow  through, 
yet  fine  enough  to  retain  the  insects  being  reared.  Cer- 
tain aquatic  insects  may  be  reared  readily  indoors  in  an 
aquarium  or  even  in  a  glass  jar.  The  main  goal  is  to  try 
to  duplicate  their  natural  habitat.  If  the  specimen  was 
collected  from  a  rapidly  flowing  stream,  it  is  unlikely  to 
survive  indoors  unless  the  water  is  aerated.  Other  in- 
sects do  well  in  stagnant  water.  Aquatic  vegetation 
usually  should  be  provided  in  the  aquarium  even  for 
predaceous  specimens,  such  as  dragonfly  nymphs, 
which  often  are  found  clinging  to  underwater  stems. 
Keep  sufficient  space,  which  will  vary  according  to  the 
insect  being  reared,  between  the  surface  of  the  water 
and  the  screen  or  gauze  cover  over  the  aquarium  to 
allow  the  adult  insect  to  emerge.  A  dragonfly,  for  exam- 
ple, needs  considerable  space,  plus  a  stick,  rock,  or 
other  object  on  which  to  perch  after  emerging  so  that 
the  wings  will  develop  fully. 

Most  adult  insects,  both  terrestrial  and  aquatic,  are 
teneral  when  they  first  emerge  and  should  not  be  killed 
until  the  exoskeleton  and  wings  harden  and  the  colors 
develop  fully.  This  may  be  a  matter  of  minutes,  hours, 
or  even  days.  It  is  advisable  to  keep  even  small  flies 
alive  for  1  full  day  after  they  emerge.  Specimens  killed 
while  still  teneral  will  shrivel  when  mounted.  Some  in- 
sects, if  kept  in  cages  too  long  after  emerging,  espe- 
cially butterflies  and  moths,  will  beat  their  wings 
against  the  cage  and  lose  many  scales  or  tear  their 
wings.  Providing  adequate  space  in  which  emerging  in- 
sects may  expand  their  wings  fully  and  move  about 
slightly  is  therefore  critical  in  the  design  of  rearing 
cages. 

Beetles  and  other  boring  insects  often  are  abundant  in 
bark  and  wood.  If  pieces  of  such  material  are  placed  in 
glass  or  metal  containers,  excellent  specimens  of  the 
adults  may  be  obtained,  although  sometimes  not  for  a 
considerable  time.  Cages  made  of  wood  or  cardboard 
are  not  suitable  for  such  insects  because  those  found 
in  wood  or  bark  usually  are  well  equipped,  both  in  im- 
mature and  adult  stages,  to  chew  their  way  through  a 
cage  made  of  such  material  and  thus  escape. 

A  flowerpot  cage  is  one  of  the  best  containers  for  rear- 
ing plant-feeding  species  over  an  extended  period.  The 
host  plant,  if  its  size  and  habitat  permit,  is  placed  in  a 
flowerpot,  and  a  cylinder  of  glass,  plastic,  or  wire 
screen  is  placed  around  the  plant  (fig.  11,  lower  left). 


Another  type  of  flowerpot  cage  is  made  by  inserting  a 
cane  or  stick,  taller  than  the  plant,  into  the  soil  in  the 
pot.  One  end  of  a  net  or  muslin  tube  is  fitted  over  the 
edge  of  the  pot  and  is  held  in  place  by  a  string.  The 
other  end  of  the  tube  is  tied  around  the  top  of  the  stick. 
An  advantage  of  the  flowerpot  cage  is  that  the  plant  is 
living,  and  fresh  plant  material  need  not  be  added  daily. 

Plant-feeding  mites  will  not  wander  far  as  long  as  suit- 
abte  host  material  is  available  for  them.  Because  mites 
are  wingless  even  as  adults,  they  can  be  confined  in  an 
open  rearing  container  by  making  a  barrier  around  the 
top  edge  or  upper  inner  sides  of  the  container  with 
Vaseline  or  talcum  powder. 

Emergence  cages  are  essentially  rearing  cages  that  are 
used  when  it  is  impractical  or  impossible  to  bring  spec- 
imens indoors.  Emergence  cages  may  also  be  consid- 
ered as  traps  and  are  discussed  under  that  heading 
(see  p.  12).  With  plant-feeding  insects,  a  sleeve  con- 
sisting of  a  muslin  tube  with  open  ends  is  slipped  over 
a  branch  or  plant  and  tied  at  one  end.  The  insects  are 
then  placed  in  the  tube,  and  the  loose  end  of  the  tube 
is  tied.  This  cloth  tube  can  be  modified  to  allow  obser- 
vation of  the  insects  by  replacing  the  midsection  with  a 
"window"  of  clear  plastic  or  wire  screen.  If  the  insects 
in  the  tube  require  duff  or  debris  in  which  to  pupate, 
the  tube  should  be  placed  perpendicular  to  the  ground 
and  duff  or  debris  placed  in  the  lower  end. 

Rearing  Conditions  and  Problems 
Moisture.     The  moisture  requirements  of  insects  and 
mites  are  varied.  Examination  of  the  habitat  from  which 
specimens  were  collected  should  provide  clues  about 
their  moisture  requirements  in  captivity.  Many  insects 
in  the  pupal  stage  are  resistant  to  drought.  Species 
that  normally  infest  stored  foods  also  require  very  little 
moisture;  in  fact,  many  produce  their  own  water.  Most 
species  found  outdoors  require  higher  levels  of  humidi- 
ty than  are  generally  found  indoors.  Additional  moisture 
can  be  added  to  indoor  rearing  cages  in  several  ways. 
To  increase  the  humidity  in  a  cage,  keep  a  moist  pad  of 
cotton  on  top  of  the  screen  cover  of  the  cage,  or  place 
a  moist  sponge  or  a  small  glass  vial  filled  with  water  in 
the  cage.  The  mouth  of  the  vial  is  plugged  with  cotton 
and  the  vial  laid  on  its  side  so  the  cotton  remains 
moist.  Pupae  may  be  held  for  long  periods  in  moist 
sawdust,  vermiculite,  sphagnum,  or  peat  moss.  In  a 
flowerpot  cage,  the  water  used  to  keep  the  plant  alive 
should  provide  sufficient  moisture  for  the  plant-feeding 
insects  and  mites.  Spraying  the  leaves  daily  also  may 
supplement  moisture  requirements  in  rearing  cages. 
Too  much  moisture  may  result  in  water  condensation 
on  the  sides  of  the  cage,  which  may  trap  the  speci- 
mens and  damage  or  kill  them.  Excess  moisture  also 
enhances  the  growth  of  mold  and  fungus,  which  is 
detrimental  to  the  development  of  most  insects  and 
mites.  A  2-3  percent  solution  of  table  salt  sprayed 
regularly  in  the  cage  will  help  prevent  mold  and  fungus 
growth. 
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Temperature.     Of  all  the  environmental  factors  affect- 
ing the  development  and  behavior  of  insects  and  mites, 
temperature  may  be  the  most  critical.  Since  arthropods 
are  cold  blooded,  their  body  temperatures  are  usually 
close  to  the  temperature  of  the  surrounding  environ- 
ment, and  their  metabolism  and  development  are  direct- 
ly affected  by  increases  and  decreases  in  temperature. 
Each  stage  of  an  insect  or  mite  species  has  a  low  and 
a  high  point  at  which  development  ceases.  These  are 
called  threshold  temperature  levels. 

Most  species  that  are  collected  and  brought  indoors  for 
rearing  can  be  held  at  normal  room  temperature;  the 
optimum  temperature  for  rearing  will  vary  from  species 
to  species  and  with  different  stages  of  the  same  spe- 
cies. As  with  all  rearing  techniques,  every  attempt 
should  be  made  to  duplicate  natural  conditions.  Spec- 
imens that  normally  would  overwinter  outdoors  should 
be  kept  during  the  winter  in  rearing  cages  placed  in  an 
unheated  room,  porch,  or  garage.  Never  place  an  en- 
closed rearing  cage  in  direct  sunlight;  the  heat 
becomes  too  intense  and  may  kill  the  specimens. 

Dormancy  and  Diapause.     Insects  and  mites  are  un- 
able to  control  the  temperature  of  their  environment;  in- 
stead, they  make  physiological  adjustments  that  allow 
them  to  survive  temperature  extremes.  In  regions  with 
freezing  winters,  insects  and  mites  have  at  least  one 
stage  that  is  resistant  to  low  temperatures.  The  resis- 
tant form  may  be  any  stage — egg,  larva,  nymph,  pupa, 
or  adult.  When  winter  arrives,  only  the  resistant  form 
survives.  Dormancy  is  the  physiological  state  of  an  in- 
sect or  mite  during  a  period  of  arrested  development, 
whereas  diapause  is  the  prolonged  period  of  arrested 
development  brought  about  by  such  adverse  conditions 
as  heat,  drought,  or  cold.  This  condition  can  be  used  to 
advantage  in  rearing.  For  example,  if  leaving  rearing 
cages  unattended  for  several  days  or  longer  is  unavoid- 
able, many  (but  unfortunately  not  all)  specimens  can  be 
refrigerated  temporarily  to  slow  their  activity  and  per- 
haps force  diapause.  This  measure  should  be  used  with 
caution  since  the  degree  and  duration  of  cold  tolerated 
by  different  species  will  vary. 

The  reverse  situation,  that  of  causing  diapause  to  end, 
is  equally  useful.  Overwintering  pupae  that  normally 
would  not  develop  into  adults  until  spring  can  be  forced 
to  terminate  diapause  early  by  chilling  them  for  several 
weeks  or  months,  then  bringing  them  to  room  tempera- 
ture so  normal  activity  will  resume.  Often  mantid  egg 
cases  are  brought  indoors  accidentally  with  Christmas 
greenery.  The  eggs,  already  chilled  for  several  months, 
hatch  when  kept  at  room  temperature,  often  to  the  com- 
plete surprise  and  consternation  of  the  unsuspecting 
homeowner. 

Light.     Most  species  of  insects  and  mites  can  be 
reared  under  ordinary  lighting  conditions;  however,  ar- 
tificial manipulation  of  the  light  period  will  control 
diapause  in  many  species.  If  the  light  requirements  of 
the  species  being  reared  are  known,  it  may  be  possible 


to  adjust  the  period  of  light  so  that  the  specimens  will 
continue  to  develop  and  will  remain  active  instead  of 
entering  diapause,  for  example,  providing  8-10  hours  of 
light  as  opposed  to  16  hours.  Light  and  dark  periods 
can  be  regulated  with  a  24-hour  timing  switch  or  clock 
timer.  The  timer  is  set  to  regulate  light  and  dark  per- 
iods to  correspond  with  the  desired  lengths  of  light  and 
darkness.  It  is  important  to  remember  that  many  in- 
sects and  mites  are  very  sensitive  to  light;  sometimes 
even  a  slight  disturbance  of  the  photoperiod  can  dis- 
rupt their  development. 

Food.     The  choice  of  food  depends  on  the  species 
being  reared.  Some  species  are  general  feeders  and 
will  accept  a  wide  assortment  of  food,  including  dead 
or  decaying  organic  matter.  Examples  of  general  feed- 
ers are  most  ants,  crickets,  and  cockroaches.  Other 
groups  are  specific  feeders,  with  food  preferences  so 
restricted  that  only  a  single  species  of  plant  or  animal 
is  acceptable.  Carefully  note  at  the  time  of  collection 
the  food  being  consumed  by  the  specimen,  and  provide 
the  same  food  in  the  rearing  cages. 

Carnivorous  insects  should  be  given  prey  similar  to  that 
which  they  normally  would  consume.  This  diet  can  be 
supplemented  when  necessary  with  such  insects  as 
mosquito  larvae,  wax  moth  larvae,  mealworms,  mag- 
gots, or  other  insects  that  are  easily  reared  in  large 
numbers  in  captivity.  If  no  live  food  is  available,  a  car- 
nivorous insect  sometimes  may  be  tempted  to  accept  a 
piece  of  raw  meat  dangled  from  a  thread.  Once  the  in- 
sect has  grasped  the  meat,  the  thread  can  be  gently 
withdrawn.  The  size  of  the  food  offered  depends  on  the 
size  of  the  insect  being  fed.  If  the  offering  is  too  large, 
the  feeder  may  be  frightened  away.  Bloodsucking  spe- 
cies can  be  kept  in  captivity  by  allowing  them  to  take 
blood  from  a  rat,  mouse,  rabbit,  or  guinea  pig.  A  human 
should  be  used  as  a  blood  source  only  if  it  is  definitely 
known  that  the  insect  or  mite  being  fed  is  free  of  dis- 
eases that  may  be  transmitted  to  the  human. 

Stored-product  insects  and  mites  are  easily  kept  alive 
and  breeding  in  containers  with  flour,  grains,  tobacco, 
oatmeal  or  other  cereal  foods,  and  similar  products. 
Unless  leaf-feeding  insects  are  kept  in  flowerpot  cages 
where  the  host  plant  is  growing,  fresh  leaves  from  the 
host  plant  must  usually  be  placed  in  the  rearing  cage 
daily  and  old  leaves  removed. 

Artificial  Diets.     Some  species  can  be  maintained  on 
an  artificial  diet.  The  development  of  suitable  artificial 
diets  is  complex,  involving  several  factors  besides  the 
mere  nutritional  value  of  the  dietary  ingredients.  Because 
most  species  of  insects  and  mites  have  very  specific 
dietary  requirements,  information  regarding  artificial 
diets  is  found  mainly  in  reports  of  studies  on  specific 
insects  or  mites. 

Special  Problems  and  Precautions  in  Rearing.  Prob- 
lems may  arise  in  any  rearing  program.  Cannibalism, 
for  instance,  is  a  serious  problem  in  rearing  preda- 
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ceous  insects  and  necessitates  rearing  specimens  in 
individual  containers.  Some  species  resort  to  cannibal- 
ism only  if  their  cages  become  badly  overcrowded.  Dis- 
ease is  also  a  problem.  It  can  be  caused  by  introducing 
an  unhealthy  specimen  into  a  colony,  poor  sanitary 
conditions,  lack  of  food,  or  overcrowding. 

Cages  should  be  cleaned  frequently  and  all  dead  or 
clearly  unhealthy  specimens  removed.  Use  care  not  to 
injure  specimens  when  transferring  them  to  fresh  food 
or  when  cleaning  the  cages.  Mites  and  small  insects 
can  be  transferred  with  a  camel's  hair  brush. 

Attacks  by  parasites  and  predators  also  can  be  dev- 
astating to  a  rearing  program.  Carefully  examine  the 
host  material  when  it  is  brought  indoors  and  before  it 
is  placed  in  the  rearing  containers  to  lessen  the  pos- 
sibility of  predators  and  parasites  being  introduced  ac- 
cidentally. Also,  place  rearing  cages  where  they  will  be 
safe  from  ants,  mice,  the  family  cat,  and  other  predators. 

References  (rearing):   16,  18,  83,  128,  141,  144,  187,  200, 
24  7,  263,  296,  345,  388,  431. 

Liquid  Agents  for  Killing  and  Preserving 

Insects  and  mites  of  all  kinds  may  be  killed  and  pre- 
served in  liquid  agents,  but  it  is  first  necessary  to 
determine  the  advisability  of  using  a  liquid  killing  agent 
rather  than  a  dry  gaseous  agent.  Some  kinds  of  insects 
are  best  kept  dry;  it  may  not  be  advisable  to  allow 
others  to  become  dry.  Directions  for  the  treatment  of 
various  insects  are  given  in  the  last  part  of  this  publi- 
cation under  the  various  orders. 

Preservation  of  insects  in  alcohol  is  a  complex  subject 
about  which  there  is  a  certain  amount  of  controversy 
and  misunderstanding.  If  one  specializes  in  an  insect 
group  suited  to  preservation  in  one  or  another  kind  or 
concentration  of  alcohol,  consult  specialists  in  that 
group  or  experiment  to  find  what  yields  the  best 
results. 

Ethanol  (grain  or  ethyl  alcohol)  mixed  with  water  (70  to 
80  percent  alcohol)  is  usually  the  best  general  killing 
and  preserving  agent.  For  some  kinds  of  insects  and 
mites,  other  preservatives  or  higher  or  lower  concentra- 
tions of  alcohol  may  be  better.  Because  pure  ethanol  is 
often  difficult  to  obtain,  some  collectors  use  isopropanol 
(isopropyl  alcohol)  with  generally  satisfactory  results. 
Isopropanol  does  not  seem  to  harden  specimens  as 
much  as  ethanol,  and  at  least  it  is  satisfactory  in  an 
emergency.  Although  there  is  controversy  over  the  rel- 
ative merits  of  ethanol  and  isopropanol,  the  choice  of 
which  to  use  is  not  so  important  as  what  concentration 
to  use.  This  choice  depends  on  the  kind  of  insect  or 
mite  to  be  preserved. 

Parasitic  Hymenoptera  are  best  killed  and  preserved  in 
95  percent  alcohol.  This  high  concentration  prevents 
the  membranous  wings  from  becoming  twisted  and 


folded,  hairs  from  matting,  and  soft  body  parts  from 
shriveling.  This  concentration  may  also  be  desirable  if 
large  numbers  of  insects  are  to  be  killed  in  a  single 
container,  such  as  in  the  killing  jar  of  a  Malaise  trap, 
because  the  insect  body  fluids  will  dilute  the  alcohol. 
On  the  other  hand,  soft-bodied  insects,  such  as  aphids 
and  thrips,  small  flies,  and  mites,  become  stiff  and 
distorted  if  preserved  in  95  percent  alcohol  and  should 
be  preserved  in  alcohol  of  a  lower  concentration.  Adult 
bees  should  not  be  collected  in  alcohol  because  their 
usually  abundant  body  hairs  become  badly  matted. 
Adult  moths,  butterflies,  mosquitoes,  moth  flies,  and 
other  groups  with  scales  and  long,  fine  hairs  on  the 
wings  or  body  may  be  worthless  if  collected  in  alcohol 
regardless  of  the  concentration. 

Formalin  (formaldehyde)  solutions  should  not  be  used 
because  the  tissues  become  excessively  hardened  and 
the  specimens  then  become  difficult  to  handle. 

Larvae  of  most  insects  should  be  collected  in  alcohol 
and  subsequently  killed  in  boiling  water  to  "fix"  their 
proteins  and  prevent  them  from  turning  black.  Larvae 
should  be  left  in  hot  water  for  1-5  minutes,  depending 
on  the  size  of  the  specimens,  then  transferred  to  70-80 
percent  alcohol.  Large  specimens  or  small  specimens 
that  have  been  crowded  into  one  vial  should  be  trans- 
ferred to  fresh  alcohol  within  a  day  or  two  to  reduce 
the  danger  of  diluting  the  alcohol  with  body  fluids.  If 
the  alcohol  becomes  too  diluted,  the  specimens  will 
begin  to  decompose.  Water  is  not  a  preservative. 

For  some  groups,  preservation  is  better  if  certain 
substances  are  added  to  the  alcohol  solution.  Thrips 
and  most  mites,  for  example,  are  best  collected  in  an 
alcohol-glycerin-acetic  acid  (AGA)  solution,  and  for 
many  larvae  a  kerosene-acetic  acid-dioxane  (KAAD) 
solution  is  preferred.  If  KAAD  is  used,  larvae  need  not 
be  killed  in  boiling  water.  Formulas  for  these  and  other 
solutions  are  given  in  the  Appendix. 

For  some  histological,  cytological.  or  physiological 
studies,  specimens  must  be  in  a  certain  critical  condi- 
tion and  must  be  preserved  in  special  media  (see  ref. 
437). 

Larvae  and  most  soft-bodied  adult  insects  and  mites 
can  be  kept  almost  indefinitely  in  liquid  preservatives; 
however,  for  a  permanent  collection,  mites,  aphids, 
thrips,  whiteflies,  fleas,  and  lice  usually  are  mounted 
on  microscope  slides  (see  p.  34).  Larvae  are  usually 
kept  permanently  in  alcohol,  but  some  may  be  mounted 
by  the  freeze-drying  technique  (see  p.  34)  or  by  inflation 
(see  p.  34).  Many  insects  collected  in  alcohol  are  later 
pinned  for  placement  in  a  permanent  collection.  Hard- 
bodied  insects  such  as  beetles  can  be  pinned  directly 
after  removal  from  alcohol,  but  for  them  and  all  softer 
insects  such  as  flies  and  wasps,  follow  the  process 
described  on  page  25. 
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Temporary  Storage  of  Specimens 

After  specimens  have  been  collected,  time  is  often  not 
immediately  available  to  prepare  them  for  permanent 
storage.  There  are  several  ways  to  keep  them  in  good 
condition  until  they  can  be  prepared  properly.  The 
method  used  depends  largely  on  the  length  of  time  that 
the  specimens  may  have  to  be  stored  temporarily. 

Refrigeration 

Medium  to  large  specimens  may  be  left  in  tightly  closed 
bottles  for  several  days  in  a  refrigerator  and  still  re- 
main in  good  condition  for  pinning  as  will  smaller  spec- 
imens if  left  overnight.  Some  moisture  must  be  present 
in  the  containers  so  that  the  specimens  do  not  become 
"freeze-dried,"  but  if  there  is  too  much  moisture,  it  will 
condense  on  the  inside  of  the  bottle  as  soon  as  it 
becomes  chilled.  Absorbent  paper  placed  between  the 
jar  and  the  insects  will  keep  them  dry.  When  specimens 
are  removed  for  further  treatment,  place  them  imme- 
diately on  absorbent  paper  to  prevent  moisture  from 
condensing  on  them. 

Insects  may  be  placed  in  alcohol,  as  described  on  page 
21,  and  kept  for  several  years  before  they  are  pinned  or 
otherwise  treated. 

Dry  Preservation 

It  is  standard  practice  to  place  many  kinds  of  insects 
in  small  boxes,  paper  tubes,  triangles,  or  envelopes  for 
an  indefinite  period,  allowing  them  to  become  dry.  It  is 
not  advisable  to  store  soft-bodied  insects  by  such 
methods  because  they  become  badly  shriveled  and  very 
subject  to  breakage.  Diptera  should  never  be  dried  in 
this  manner  because  the  head,  legs,  and  most  of  all  the 
antennae  become  detached  very  easily. 

Almost  any  kind  of  container  may  be  used  for  dry  stor- 
age; however,  tightly  closed,  impervious  containers  of 
metal,  glass,  or  plastic  should  be  avoided  because  mold 
may  develop  on  specimens  if  even  a  small  amount  of  mois- 
ture is  entrapped.  Nothing  can  be  done  to  restore  a  moldy 
specimen. 

Dry-stored  specimens  must  be  labeled  with  complete 
collection  data  in  or  on  each  container  (see  p.  40). 
Avoid  placing  specimens  collected  at  different  times  or 
places  in  the  same  container.  If  specimens  with  dif- 
ferent collection  data  must  be  layered  in  the  same  con- 
tainer, include  a  separate  data  slip  with  each  layer. 


To  insure  that  specimens  do  not  slip  from  one  layer  to 
another,  cut  pieces  of  absorbent  tissue,  glazed  cotton, 
or  cellucotton  a  little  larger  than  the  inside  of  the  con- 
tainer. Place  a  few  layers  of  this  material  in  the  bottom 
of  the  container,  then  a  few  insects  (do  not  crowd 
them),  then  more  layering  material,  and  so  on  until  the 
container  finally  is  filled.  If  much  space  is  left,  use  a  little 
plain  cotton,  enough  to  keep  the  insects  from  moving 
about  but  not  enough  to  produce  pressure  that  will 
damage  them.  To  prevent  parts  of  the  insects  from  get- 
ting caught  in  the  loose  fibers,  use  plain  cotton  only  for 
the  final  layer.  Insect  parts  are  very  difficult  to  extract 
from  plain  cotton  without  damage. 

One  method  of  keeping  layered  specimens  soft  and 
pliable  for  several  months  includes  the  use  of  chlor- 
ocresol  in  the  bottom  of  the  layered  container  and  a 
damp  piece  of  blotting  paper  in  the  top.  The  container 
must  be  impermeable  and  sealed  while  stored;  plastic 
sandwich  boxes  make  useful  containers  to  use  with 
this  method.  Add  about  a  teaspoonful  of  chlorocresol 
crystals  to  the  bottom,  cover  with  a  layer  of  absorbent 
tissue,  follow  with  the  layers  of  specimens,  then  a  few 
layers  of  tissue,  and  finally  a  piece  of  dampened  blot- 
ting paper  as  the  top  layer.  The  cover  is  then  put  in 
place  and  sealed  with  masking  tape.  It  is  best  to  keep 
boxes  of  layered  specimens  in  a  refrigerator. 

Reference:  424. 

Some  insects,  such  as  small  beetles,  should  be  glued 
to  triangles  (see  p.  28)directly  from  the  layers  for  per- 
manent preservation,  but  if  they  are  to  be  pinned  or 
otherwise  treated,  they  must  be  relaxed  as  described 
on  page  24. 

Papering 

Although  pinning  specimens  when  they  are  fresh  is 
preferable,  the  storage  method  known  as  papering  has 
long  been  used  successfully  for  larger  specimens  of 
Lepidoptera,  Trichoptera,  Neuroptera,  Odonata,  and 
some  other  groups.  It  is  a  traditional  way  of  storing 
unmounted  butterflies  and  is  satisfactory  for  some 
moths,  although  moths  too  often  will  have  their  rel- 
atively soft  bodies  flattened,  legs  or  palpi  broken,  and 
the  vestiture  of  the  body  partly  rubbed  off.  To  save 
space  in  most  large  collections,  file  Odonata  perma- 
nently in  clear  plastic  envelopes  instead  of  pinning 
them. 

Papering  consists  of  placing  specimens  with  the  wings 
folded  together  dorsally  (upper  sides  together)  in  folded 
triangles  (fig.  15)  or  in  small  rectangular  envelopes  of 
glassine  paper,  which  are  the  translucent  envelopes 
familiar  to  stamp  collectors.  Glassine  envelopes  have 
become  almost  universally  used  in  recent  years  because 
of  the  obvious  advantages  of  transparency  and  ready 
availability.  In  many  collections,  glassine  has  become 
partly  superseded  by  plastic.  However,  many  collectors 
still  prefer  folded  triangles  of  a  softer,  more  absorbent 
paper,  such  as  ordinary  newsprint,  and  believe  they  are 
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Figure  15.  Method  of  folding  a  rectangular  piece 
of  paper  to  form  a  triangular  envelope  for  tempo- 
rary storage  (papering)  of  large-winged  speci- 
mens: A,  Correct  shape  of  unfolded  paper, 
showing  where  folds  should  be  made  and 
sequence  of  first  three  folds;  B,  triangle  almost 
completely  folded,  showing  correct  position  of 
enclosed  butterfly. 


superior  for  preserving  specimens.  Specimens  can  be- 
come greasy  after  a  time,  and  the  oil  is  absorbed  by 
paper  such  as  newsprint  but  not  by  glassine.  Moreover, 
glassine  and  plastic  are  very  smooth,  and  specimens 
may  slide  about  inside  the  envelopes  during  shipping, 
losing  antennae  and  other  brittle  parts.  Although  softer 
kinds  of  paper  do  not  retain  creases  well  when  folded, 
this  shortcoming  may  be  circumvented  by  preparing  the 
triangles  of  such  material  well  before  they  are  needed 
and  pressing  them  with  a  weight  for  a  week  or  so. 
Triangles  are  easy  to  prepare  if  the  paper  is  folded 
as  shown  in  figure  15. 

Some  Lepidoptera  are  most  easily  papered  if  first  placed 
in  a  relaxing  box  (see  p.  24)  for  a  day  or  two.  The  wings, 
often  reversed  in  field-collected  butterflies,  may  then  be 
folded  the  proper  way  without  difficulty.  Do  not  pack 
specimens  together  tightly  before  they  are  dried  or  the 
bodies  may  be  crushed.  Do  not  store  fresh  specimens 
immediately  in  airtight  containers  or  plastic  envelopes 
or  they  will  mold.  Write  collection  data  on  the  outside 
of  the  envelopes  before  inserting  the  insects. 

Mounting  Specimens 

Specimens  are  mounted  so  that  they  may  be  handled 
and  examined  with  the  greatest  convenience  and  with 
the  least  possible  damage.  Well-mounted  specimens 
enhance  the  value  of  a  collection;  their  value  for 
research  may  depend  to  a  great  extent  on  how  well 
they  are  prepared.  Standardized  methods  have  evolved 
over  about  2  centuries  in  response  both  to  the  aesthet- 
ic sense  of  collectors  ana  to  the  need  for  high  quality 
research  material.  Although  the  style  and  technique  of 
mounting  may  vary  from  one  worker  to  another,  the 
basic  procedures  outlined  here  are  widely  accepted. 
Methods  of  preparation  are  subject  to  improvement,  but 
in  the  interest  of  uniformity  it  is  best  to  follow  currently 
accepted  practices  until  the  superiority  of  other  meth- 
ods has  been  proved. 

The  utility  of  a  mounted  specimen— that  is,  how  well  it 
is  preserved,  how  safe  it  is  from  damage,  and  how 
much  of  the  specimen  can  be  examined  conveniently— 
is  generally  of  more  importance  than  its  beauty. 
Research  considerations  should  take  second  priority 
only  with  specimens  mounted  specifically  for  non- 
technical display  purposes. 

Preparation  of  specimens  for  a  permanent  collection  is 
discussed  here  except  specimens  to  be  kept  permanently 
in  a  liquid  preservative  or  in  papers  or  envelopes  (see 
Temporary  Storage  of  Specimens,  p.  22).  Specimens  to 
be  prepared  for  a  permanent  collection  may  be  fresh, 
that  is,  their  body  tissues  not  yet  hardened  or  dried;  or 
they  may  have  been  in  temporary  storage  and  must  be 
specially  treated  before  mounting.  Dry  specimens 
usually  must  be  relaxed,  and  those  preserved  in  liquid 
must  be  processed  so  that  they  will  dry  with  minimal 
distortion  or  other  damage. 
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Preparing  Dry  Specimens  for  Mounting 

Any  dry  insect  that  is  to  be  pinned  must  be  relaxed, 
that  is,  remoistened  enough  to  soften  so  that  it  will  not 
break  when  the  pin  is  inserted  or  so  that  parts  of  the 
specimen  may  be  rearranged  or  repositioned.  Insects, 
especially  Lepidoptera,  that  are  to  have  their  wings 
spread  should  be  relaxed  even  if  they  have  been  killed 
for  only  a  short  time.  The  muscles  of  Lepidoptera,  once 
the  stiffening  of  rigor  mortis  sets  in,  which  occurs  in  a 
matter  of  minutes,  are  strong  enough  so  that  adjustment 
of  the  wings  is  difficult,  but  treatment  in  a  relaxing 
chamber  usually  will  make  this  procedure  much  easier. 
Eight  hours  in  a  relaxing  chamber  should  suffice,  but 
larger  specimens  may  require  24  hours  or  more.  Simply 
leaving  specimens  in  a  cyanide  jar  for  awhile  some- 
times will  relax  them,  but  this  method  is  not  reliable. 

Reference:  255. 

High  humidity  must  be  provided  in  a  relaxing  chamber 
for  periods  varying  from  several  hours  up  to  about  3 
days,  depending  on  the  circumstances,  without  the 
specimens  actually  becoming  wet.  The  growth  of  mold 
is  also  to  be  avoided,  since  it  will  ruin  specimens  left 
too  long  in  relaxing  chambers  unless  a  chemical  mold 
inhibitor  has  been  added.  Insects  killed  with  cyanide 
usually  can  be  relaxed  easily,  but  some  killing  agents, 
especially  chloroform,  ether,  and  carbon  tetrachloride, 
may  harden  muscles  to  such  an  extent  that  the  speci- 
mens are  brittle  and  seemingly  impervious  to  the  hu- 
midity of  the  relaxing  chamber.  In  Korea,  for  example, 
butterflies  are  injected  in  the  thoracic  muscles  with 
very  hot  water  through  a  fine  hypodermic  needle  before 
spreading.  Occasionally,  however,  some  specimens  can 
not  be  relaxed  satisfactorily  by  any  method. 

Many  kinds  of  receptacles  can  be  used  as  relaxing 
chambers,  including  glass  dishes  or  jars  with  covers 
(low,  widemouthed  jars  or  casserole  dishes  are  ex- 
cellent), tobacco  or  biscuit  tins,  even  earthenware 
crocks.  Glass  or  earthenware  containers  are  not  so  im- 
mediately affected  by  fluctuations  in  temperature  as 
are  other  types  and  thus  may  relax  insects  more  evenly. 
Containers  5-15  cm  deep  are  most  convenient;  clear 
plastic  sandwich  boxes  not  more  that  2.5  cm  deep  will 
serve  for  small  specimens  if  they  are  not  on  pins.  A 
layer  of  damp  sand,  peat,  or  crumpled  paper  toweling  is 
placed  in  the  bottom  of  the  container  and  covered  with 
a  layer  of  cotton,  cellulose  wadding,  or  jeweler's  cot- 
ton. This  layer  will  not  absorb  water  readily  and  will 
prevent  direct  contact  between  the   insects  and  the 
moisture  beneath. 

Some  workers  object  to  the  use  of  cotton  because  of 
the  tendency  for  insect  legs  to  become  entangled  in  it 
and  break  off.  If  this  is  a  problem,  cover  the  cotton  with 
a  single  piece  of  soft  tissue.  For  very  small  specimens, 
a  lining  of  tissue  or  some  absorbent  material  with  a 
smooth  surface  is  advantageous.  Heavy  paper  such  as 


blotting  paper  or  cardboard  may  be  used  in  place  of 
cotton,  but  this  should  be  supported  1  cm  or  more 
above  the  moist  bottom  layer  to  avoid  direct  contact. 
Wooden  or  plastic  strips  or  fine-mesh  plastic  screen 
also  may  be  used  for  this  purpose. 

Mold  probably  will  not  be  a  problem  if  insects  are  relaxed 
for  no  longer  than  2-days  at  normal  room  temperature, 
but  relaxing  chambers  in  regular  use  should  be  kept 
clean,  with  frequent  renewal  of  the  contents.  If  mold  is 
likely  to  develop,  as  may  happen  with  large  specimens 
held  more  that  2  days,  a  few  crystals  of  naphthalene, 
paradichlorobenzene,  phenol,  or  chlorocresol  may  be 
sprinkled  in  the  bottom  of  the  relaxing  chamber,  or  a 
little  thymol,  which  is  more  potent,  may  be  used.  All 
these  chemicals,  however,  may  damage  plastic  boxes. 

Insects  held  too  long  in  a  killing  jar,  or  those  that  were 
originally  papered,  pinned  but  unspread,  or  layered 
(that  is,  placed  in  small  boxes  between  pieces  of  soft 
tissue)  may  be  relaxed  by  placing  them  in  a  relaxing 
chamber.  Papered  specimens  will  relax  faster  if  removed 
from  their  envelopes.  For  beetles  and  other  insects  that 
do  not  need  to  have  the  wings  spread,  holding  them  over- 
night or  at  most  for  24  hours  in  a  relaxing  chamber  will 
suffice.  Small  moths  and  delicate  Neuroptera  also  should 
be  relaxed  sufficiently  after  12-24  hours  to  allow  the 
wings  to  be  spread.  Large  moths,  however,  may  take  48 
hours  or  longer  if  the  relaxing  chamber  is  kept  at  room 
temperature.  The  process  can  be  hastened  and  the  chance 
of  mold  developing  greatly  reduced  if  the  relaxing  jar  is 
subjected  to  a  slight  raising  and  lowering  of  temperature, 
as  perhaps  between  18°  and  27°  C.  The  process  is 
greatly  accelerated  if  the  relaxing  jar  is  set  in,  or 
floated  on,  warm  water  for  an  hour  or  more;  specimens 
may  be  relaxed  within  3-6  hours  in  this  way.  If  the 
warm-water  treatment  is  overdone,  the  specimens  may 
be  spoiled  by  the  absorption  of  too  much  moisture. 
Some  colors,  especially  nonmetallic  greens  in  Lepidop- 
tera, are  unstable  and  may  be  completely  bleached  by 
exposure  to  too  much  humidity.  Such  material  requires 
special  attention;  the  specimens  should  be  left  in  the 
relaxing  chamber  for  the  shortest  possible  time  and 
ideally  should  be  pinned  and  spread  when  fresh.  Ex- 
perience soon  enables  one  to  judge  the  best  procedure 
for  the  particular  kind  of  material  being  prepared. 

The  length  of  time  that  insects  may  be  left  safely  in 
a  relaxing  chamber  depends  somewhat  on  the  tempera- 
ture. At  18°-24°  C,  they  may  be  left  for  about  3  days, 
but  beyond  that  time,  they  will  begin  to  decompose.  If 
the  relaxing  chamber  is  placed  in  a  refrigerator  at 
3°-4°,  the  specimens  may  be  kept  for  2  weeks,  although 
they  may  be  slightly  damaged  from  excessive  conden- 
sation by  that  time.  If  relaxing  chambers  containing 
fresh  specimens  are  placed  in  a  deep  freeze  at  -18°  or 
lower,  the  specimens  will  remain  in  comparatively  fresh 
condition  for  months,  but  not  indefinitely.  Specimens 
gradually  desiccate  and  eventually  will  become  dried. 
However,  a  freezer  may  be  used  to  keep  them  fresh  for 
a  month  or  two  and  is  a  great  convenience. 
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Even  when  specimens  have  been  relaxed  suitably  for 
spreading,  the  wings  may  still  seem  stiff.  In  this  instance, 
the  wing  muscles  must  be  loosened  by  forcing  the 
wings  to  move  up  and  down.  This  may  be  safely  done 
by  pressing  the  tips  of  curved  forceps  firmly  against 
the  costal  vein  very  near  the  base  of  the  wing.  The 
forceps  should  have  the  tips  ground  or  honed  smooth 
and  not  too  sharp.  Repeat  this  procedure  separately 
with  all  four  wings  or  they  will  revert  gradually  toward 
their  original  positions.  With  care,  all  the  wings  may  be 
loosened  in  this  way  without  leaving  any  visible  marks. 

Occasionally  it  may  be  desirable  to  relax  and  reposition 
only  a  part  of  an  insect  as,  for  example,  moving  a  leg 
that  may  be  concealing  characters  needed  for  iden- 
tification. This  may  be  accomplished  by  putting  a  drop 
or  two  of  Barber's  fluid  (see  Appendix)  or  ordinary 
household  ammonia  directly  on  the  leg.  Most  house- 
hold ammonia  is  now  furnished  with  a  detergent,  which 
helps  it  wet  and  penetrate  insect  tissue.  After  a  few 
moments,  perhaps  after  adding  a  little  more  fluid,  the 
part  may  be  pried  carefully  with  a  pin.  When  it  moves 
easily,  it  may  be  placed  in  the  desired  position,  held 
there  with  a  pin  fixed  in  the  same  substrate  as  is  hold- 
ing the  pin  on  which  the  specimen  is  mounted,  and  left 
until  the  fluid  dries  thoroughly. 

A  few  methods  of  relaxing  insects  with  heat  have  been 
used.  These  and  others  are  summarized  in  the  following 
reference,  in  which  a  steam-bath  method  is  described. 

Reference:  442. 


When  specimens  are  ready  for  preparation,  remove  as 
many  from  the  preservative  as  can  be  pinned  or  placed 
on  triangles  or  card  points  in  an  hour  (experience  will 
tell).  Place  them  on  blotting  paper,  then  drop  them  from 
the  blotter  into  a  jar  of  Cellosolve,  and  place  a  label 
with  the  collection  data  on  the  pin  stuck  into  the  cork 
cemented  to  the  lid  of  the  jar.  This  may  be  done  at  the 
end  of  the  day  and  the  specimens  left  in  the  Cellosolve 
overnight,  or  otherwise  for  about  3  hours,  longer  for 
large  specimens.  They  may  even  be  left  over  a  weekend. 
The  same  jar  of  Cellosolve  may  be  used  several  times, 
up  to  about  10  times  if  the  insects  are  small.  This  part 
of  the  treatment  removes  water  and  other  substances 
from  the  specimens.  However,  Cellosolve  does  not 
evaporate  readily,  so  it  must  be  removed  subsequently 
with  another  solvent,  which  will  evaporate  readily. 

The  next  step  is  to  use  forceps  to  remove  the  speci- 
mens carefully  from  the  Cellosolve,  place  them  again 
briefly  on  blotting  paper,  then  into  a  jar  containing 
xylene.  The  identifying  label  on  the  pin  in  the  cork  must 
also  be  transferred.  Small  specimens  should  be  left  in 
the  xylene  for  about  1  hour,  larger  specimens  for  up  to 
4  hours.  Specimens  left  too  long  in  xylene  will  become 
extremely  brittle  and  can  hardly  be  put  on  a  pin  or 
triangle  without  losing  legs,  antennae,  or  the  head.  As 
with  the  Cellosolve,  the  xylene  also  may  be  used  many 
times  until  it  becomes  so  contaminated  with  Cellosolve 
that  specimens  dry  slowly  when  removed  from  it.  While 
specimens  are  still  wet  with  Cellosolve  or  xylene,  they 
are  somewhat  pliable,  and  legs  and  antennae  may  be 
repositioned  slightly. 


Preparing  Liquid-Preserved  Specimens 

Most  specimens  preserved  in  fluid  must  be  removed 
from  the  liquid  in  which  they  have  been  stored  so  that 
they  will  dry  with  as  little  distortion  or  matting  of  hairs 
as  possible.  Only  specimens  with  hard  exoskeletons, 
such  as  beetles  and  some  bugs  (Pentatomidae,  Cyd- 
nidae),  may  be  mounted  without  special  treatment 
when  removed  directly  from  the  preserving  fluid  onto 
pins  or  points.  The  following  methods  have  been  used 
routinely  for  removing  specimens  from  the  usual  fluid 
preservatives,  and  the  specimens  are  often  left  in  better 
condition  than  if  they  had  been  pinned  while  fresh, 
especially  small  Diptera. 

The  following  equipment  is  needed:  (1)  A  few  screw-top 
jars  about  5  cm  in  diameter  with  a  cork  cemented  with 
epoxy  on  the  top  of  each  lid  and  a  label  on  the  outside 
showing  clearly  what  they  contain— some  about  one-third 
full  of  Cellosolve  (2-ethoxyethanol,  ethylene  glycol  ethyl 
ether)  and  some  about  one-third  full  of  xylene;  (2)  a 
small  dish,  such  as  a  watchglass;  (3)  absorbent  tissue 
from  which  to  twist  small  "pencils"  for  absorbing 
xylene;  (4)  insect  pins  or  double  mounts  (see  p.  28)for 
mounting  the  specimens;  (5)  adhesive  in  a  jar  with  a 
rod  in  its  stopper  (see  p.  28);  (6)  narrow-pointed 
forceps;  and  (7)  a  few  small  cards  of  blotting  paper. 


When  specimens  have  been  in  the  xylene  for  at  least  1 
hour,  they  may  be  mounted.  Take  the  smallest  ones 
first  to  avoid  leaving  them  in  the  xylene  too  long. 
Remove  them  with  small  forceps  and  place  them  in  a 
dish.  The  forceps  will  pick  up  a  small  amount  of  xylene, 
and  the  specimen  will  be  left  lying  in  it.  While  there,  it 
may  be  positioned  correctly  for  mounting;  the  wings  will 
float  out  flat,  sometimes  with  a  little  adjustment  with  a 
pin  or  the  tip  of  the  forceps.  When  it  is  positioned  cor- 
rectly, take  a  "pencil"  of  absorbent  tissue  and  touch  it 
to  the  specimen  to  remove  the  excess  xylene.  Larger 
specimens  may  be  pinned  directly  in  the  usual  manner 
(see  p.  26).  Just  before  the  xylene  fully  dries  from  the 
surface  of  a  small  specimen,  the  tip  of  a  triangle  or  a 
tiny  pin  called  a  minuten,  already  attached  to  its  carry- 
ing insect  pin,  should  be  touched  to  adhesive  (see  Dou- 
ble Mounts,  p.  28).  The  tip  of  the  triangle  may  then  be 
touched  to  the  specimen,  picking  it  up.  If  a  minuten  is 
used,  it  may  be  inserted  into  the  thorax  of  the  speci- 
men. A  little  final  adjustment  of  position  may  then  be 
made,  and  the  specimen  is  ready  for  its  label  and  place 
in  the  collection.  If  the  specimen  has  been  placed  on  a 
minuten,  having  touched  the  tip  of  the  minuten  to  the 
adhesive  will  leave  a  small  amount  of  adhesive  around 
the  place  where  the  minuten  has  pierced  the  specimen 
and  will  keep  it  from  working  loose  when  fully  dried. 


25 


Specimens  placed  on  regular  pins  should  have  a  small 
amount  of  adhesive  placed  around  the  site  where  the 
pin  protrudes  from  the  lower  side  of  the  specimen. 
Specimens  pinned  after  having  been  in  fluid  preser- 
vatives do  not  cling  as  firmly  to  the  pin  as  do  those 
pinned  fresh. 

This  treatment  will  leave  surface  pile,  hairs,  and  bris- 
tles in  a  loose,  unmatted,  natural  condition.  Small  spec- 
imens that  shrivel  considerably  after  having  been  pinned 
fresh  will  usually  dry  in  better  condition  if  pinned  or 
placed  on  triangles  after  this  treatment. 

Warning:  Xylene  is  now  considered  to  be  carcinogenic. 
A  new  and  already  widely  used  chemical,  Histo-Clear, 
is  a  promising  substitute. 

Reference:  372. 

Direct  Pinning 

This  section  pertains  entirely  to  insects  because  mites 
should  never  be  mounted  on  pins.  Direct  pinning  refers 
to  the  insertion  of  a  standard  insect  pin  directly 
through  the  body  of  an  insect.  Only  insect  pins  should 
be  used;  ordinary  straight  pins  are  too  short  and  thick 
and  also  have  other  disadvantages.  Standard  insect 
pins  are  38  mm  long  and  range  in  thickness  from  size 
000  to  6  or  7.  Heads  are  now  commonly  made  of  nylon, 
but  they  may  be  of  a  type  called  "upset,"  that  is,  an  in- 
tegral head  is  made  by  mechanically  squeezing  out  the 
end  of  the  pin,  or  a  small  piece  of  metal  is  pressed  on- 
to the  pin.  A  well-made  upset  head  is  considered  by 
some  entomologists  to  be  best;  other  kinds  of  heads 
sometimes  come  off,  leaving  a  sharp  point  that  easily 
can  pierce  a  finger.  Recently,  however,  pins  have 
become  available  with  nylon  heads  attached  rather 
firmly.  Pins  of  No.  2  diameter  are  most  useful  (0.46  mm 
in  diameter).  Most  entomologists  avoid  the  very  slender 
pins  of  size  000  to  1,  preferring  to  use  double  mounts 
(see  p.  28),  but  now  that  soft  polyethylene  or  plastic 
foam  is  commonly  used  for  pinning  bottoms  in  trays 
and  boxes,  these  smaller  sizes  are  not  so  impractical 
as  formerly.  Pins  of  larger  diameter,  Nos.  3-7,  may  be 
needed  for  large  insects. 

Standard  insect  pins  are  currently  made  of  either  or- 
dinary spring  steel,  which  is  called  'black,'  or  stainless 
steel  and  with  either  a  blued  or  a  lacquered  (japanned) 
finish.  The  black  pins  may  corrode  or  rust  with  even 
slight  exposure  to  moisture  or  to  the  body  contents  of 
the  insects.  Although  the  stainless  steel  pins  are  more 
expensive  than  black  pins,  their  being  rustproof  makes 
them  desirable  for  use  in  permanent  collections.  How- 
ever, their  points  are  somewhat  more  easily  turned  than 
those  of  black  pins  in  piercing  an  insect  with  a  hard 
cuticle,  and  they  are  not  as  rigid.  For  that  reason,  it  is 
sometimes  advisable  to  pierce  an  insect  having  an  es- 
pecially hard  cuticle  with  a  strong  steel  pin  before  in- 
serting a  stainless  steel  pin.  Lacquered  pins  have  a  sur- 
face on  which  the  insect  may  be  less  likely  to  become 
loose  than  it  might  on  a  bare  pin. 


Figure  16.  Right  and  wrong  methods  of  pinning 
insects:  A,  Correct  height  and  position:  S,  too 
low  on  pin;  C,  tilted  on  pin. 


Insect  pins  made  of  German  silver  or  brass  were  once 
common.  They  quickly  corroded  from  the  action  of  the 
insect  body  contents,  producing  a  greenish  verdigris 
about  the  pin  in  the  insect  and  eventually  eating  entire- 
ly through  the  pin. 

One  who  handles  a  large  number  of  pinned  specimens 
may  find  pinning  or  dental  forceps  helpful.  Their  curved 
tips  permit  the  pin  to  be  grasped  below  the  data  labels 
and  enable  one  to  set  the  pin  firmly  into  the  pinning- 
bottom  material  without  bending  the  pin.  The  forceps 
are  also  of  much  assistance  in  removing  pins  tightly 
corroded  into  the  cork  pinning  bottoms.  The  pin  is 
grasped  tightly  above  the  cork  and  turned  a  little  before 
it  is  lifted.  However,  with  wings  of  most  Lepidoptera, 
it  is  impractical  to  place  pinning  forceps  below  the 
specimen. 

Insects  should  be  pinned  vertically  through  the  body 
with  a  pin  of  appropriate  thickness,  using  care  that  the 
pin  does  not  tear  off  any  legs  as  it  goes  through  the 
body.  Most  insects  are  pinned  to  the  right  of  the  mid- 
line so  that  all  the  characters  of  at  least  one  side  will 
be  visible.  Figure  16  illustrates  some  right  and  wrong 
examples  of  pinning.  Do  not  attempt  to  pin  specimens 
unless  they  are  relaxed  (see  p.  24)  or  freshly  killed.  In- 
serting a  pin  into  a  dry  specimen  may  cause  it  to  shat- 
ter. When  pinning  relaxed  specimens  or  specimens 
taken  from  Cellosolve  and  xylene,  a  little  glue  may  be 
needed  where  the  pin  emerges  from  the  specimen  to 
prevent  the  specimen  when  dry  from  working  loose  and 
rotating  on  the  pin.  Application  of  adhesive  is  un- 
necessary when  mounting  freshly  killed  insects. 
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Figure  17.  Examples  of  correct  pinning  methods 
for  common  insects;  black  spots  show  where 
pins  should  go.  A,  Grasshopper  and  related 
Orthoptera,  showing  how  wings  should  be 
spread;  B,  side  view  of  grasshopper,  showing 
position  of  legs  and  antennae;  C,  stinkbug,  order 
Heteroptera,  showing  method  of  pinning  large 


bugs;  D,  bee,  order  Hymenoptera,  showing 
where  bees,  wasps,  and  flies  should  be  pinned; 
E,  may  beetle,  order  Coleoptera,  showing 
method  of  pinning  beetles;  F  and  G,  butterfly 
and  moth,  order  Lepidoptera,  showing  position 
of  wings  and  antennae. 


Standard  methods  of  pinning  some  of  the  commoner 
types  of  insects  are  as  follows: 

(1)  Orthoptera  — Pin  through  back  of  thorax  to  right  of 
midline  (fig.  17,  A-B).  For  display  purposes,  one  pair  of 
wings  may  be  spread  as  shown,  but  many  orthopterists 
prefer  to  leave  wings  folded  because  of  limited  space 
in  most  large  collections  (see  ref.  27). 

(2)  Large  Heteroptera — Pin  through  triangular  scutellum 
to  right  of  midline  (fig.  17,  C).  Do  not  spread  wings. 

(3)  Large  Hymenoptera  and  Diptera— Pin  through  thorax 
between  or  a  little  behind  base  of  forewings  and  to 
right  of  midline  (fig.  17,  D).  So  that  no  characters  on 
body  are  obscured,  legs  should  be  pushed  down  and 
away  from  thorax,  and  wings  turned  upward  or  side- 
wise  from  body.  Wings  of  most  Diptera  will  flip  upward 
if  specimen  is  laid  on  its  back  before  pinning  and  pres- 
sure is  applied  simultaneously  to  base  of  each  wing 
with  pair  of  blunt  forceps.  Wings  should  be  straightened 

if  possible  so  venation  is  clearly  visible.  Folded  or 
crumpled  wings  sometimes  can  be  straightened  by  gen- 
tle brushing  with  a  camel's  hair  brush  dipped  in  70  per- 
cent alcohol.  For  Hymenoptera  wings,  Peterson's  XA 
mixture  (xylene  and  ethanol,  equal  parts  by  volume)  is 
recommended. 

(4)  Large  Coleoptera— Pin  through  right  wing  cover 
near  base  (fig.  17,  £).  Do  not  spread  wings. 

(5)  Large  Lepidoptera  and  Odonata— Pin  through  middle 
of  thorax  at  thickest  point  (fig.  17,  F)  or  just  behind 


base  of  forewings  (fig.  17,  G).  Spread  wings  as  described 
on  page  32. 

The  height  of  the  insect  on  the  pin  will  depend  some- 
what on  its  size,  but  enough  of  the  pin  should  always 
be  exposed  above  it  to  be  grasped  without  the  fingers 
touching  and  possibly  damaging  the  specimen.  Those 
mounted  too  high  on  a  pin  very  likely  will  be  damaged 
in  handling.  If  pinned  too  low,  the  legs  may  be  broken 
when  the  pin  is  inserted  in  a  tray  or  box  and  insuffi- 
cient space  may  be  left  for  labels. 

After  the  pin  is  inserted  and  before  the  specimen  is  dry, 
the  legs,  wings,  and  antennae  should  be  arranged  so 
that  all  parts  are  visible  for  study.  With  most  insects,  it 
is  necessary  only  to  arrange  the  legs  and  antennae  in 
the  desired  position  and  let  them  dry,  but  occasionally 
it  is  necessary  to  hold  the  appendages  in  place  with  in- 
sect pins  until  the  specimen  is  dry.  With  long-legged 
species  or  those  with  drooping  abdomens,  the  legs  and 
abdomens  may  be  supported  until  dry  with  a  piece  of 
stiff  paper  pushed  up  on  the  pin  from  beneath.  Once 
the  specimens  are  dry,  this  paper  support  can  be  re- 
moved. For  moths,  butterflies,  and  other  insects  that 
should  be  mounted  with  the  wings  spread,  use  a  spread- 
ing board  (see  p.  30)  or  spreading  block  (see  p.  30). 

Although  some  entomologists  glue  small  insects  direct- 
ly to  the  side  of  a  standard  insect  pin,  this  practice  is 
not  recommended  because  too  much  of  the  insect  is  often 
obscured  either  by  the  glue  or  by  the  pin,  and  the  adhesive 
does  not  adhere  well  to  the  pin.  For  small  insects,  use 
a  double  mount. 
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Double  Mounts 

Insects  that  are  too  small  to  be  pinned  directly  on  stand- 
ard pins  and  yet  should  be  preserved  dry  may  be  pinned 
as  double  mounts.  This  term  refers  to  the  insect's  being 
mounted  on  a  minuten  or  card  point,  which  in  turn  is 
mounted  or  attached  to  a  standard  insect  pin  (fig.  18, 
A).  Minutens  are  available  from  supply  houses  in  10- 
and  15-mm  lengths  and  in  two  or  three  thicknesses. 
They  are  finely  pointed  at  one  end,  headless  on  the 
other,  and  generally  of  stainless  steel.  Double  mounts 
are  assembled  by  inserting  the  minuten  into  a  small 
cube  of  soft,  pithy  material  such  as  fine  cork,  balsa 
wood,  fine-textured  plastic,  or  polyporus,  which  is  a 
pure  white  material  obtained  from  a  bracket  fungus. 
Polyporus  traditionally  has  been  a  favorite  material,  but 
it  is  expensive  and  difficult  to  obtain,  especially  in 
America.  Many  entomologists  prefer  silicone  rubber, 
obtained  from  plastics  suppliers  and  made  into  plaques 
by  pouring  the  polymerized  material,  a  thick  creamy  li- 
quid, into  a  flat-bottomed  plastic  container  to  a  depth 
of  about  2.5  mm  and  allowing  it  to  solidify  for  several 
hours.  It  may  then  be  lifted  easily  from  the  mold  and 
cut  with  a  sharp  knife  or  razor  blade  into  square  strips 
and  finally  into  cubes.  With  most  materials,  the 
minuten  must  be  inserted  point  first,  but  with  silicone 
rubber  it  may  be  inserted  dull  end  first  until  it  strikes 
the  surface  on  which  the  cube  is  lying,  and  it  will  be 
held  firmly.  Minutens  should  be  handled  with  forceps; 
they  are  so  small  that  even  the  unsharpened  end  can 
easily  pierce  a  finger. 

It  is  possible,  and  sometimes  preferable,  to  mount  an 
insect  on  a  minuten  before  inserting  the  minuten  into 
the  mounting  cube;  however,  it  is  most  convenient  to 
prepare  a  series  of  minuten  mounts  beforehand,  al- 
ready attached  to  standard  No.  3  pins.  To  mount  ex- 
tremely small  insects,  such  as  tiny  parasitic  wasps,  on 
minutens,  pick  up  a  droplet  of  cement  with  the  pre- 
pared minuten  and  simply  place  the  tip  of  the  minuten 
with  the  cement  on  it  between  the  base  of  the  insect 
legs.  In  mounting  an  insect  on  a  minuten,  the  pin  need 
extend  no  more  than  barely  through  the  insect.  If  the  in- 
sect is  lying  on  a  glass  surface  when  it  is  pierced  with 
the  minuten,  a  little  extra  pressure  will  curl  the  point  of 
the  minuten  back  into  the  insect  and  insure  that  the  spec- 
imen will  not  come  off  the  minuten. 

Many  entomologists  prefer  to  mount  insects  on  a 
minuten  in  a  vertical  position  in  a  short  strip  of 
polyporus  or  silicone,  with  the  minuten  therefore  paral- 
lel to  the  main  pin.  The  insect  lies  sidewise  in  the 
finished  mount,  in  an  excellent  position  for  examina- 
tion under  a  microscope,  and  is  less  liable  to  damage 
in  handling  than  it  would  be  otherwise. 

Reference:  346. 

Card  points  are  slender  little  triangles  of  stiff  paper. 
They  are  pinned  through  the  broad  end  with  a  No.  2  or 
3  insect  pin,  and  the  insect  is  then  glued  to  the  point 
(fig.  18,  6).  Card  points  may  be  cut  with  scissors  from  a 
strip  of  paper;  they  should  be  no  more  than  12  mm  long 


and  3  mm  wide.  However,  a  special  punch  for  card 
points,  obtainable  from  entomological  supply  houses, 
will  make  better,  more  uniform  points.  Card  points 
should  be  made  only  from  good  quality  paper,  as  good 
as  or  better  than  that  used  for  data  labels  (see  p.  40).  If 
specimens  are  in  good  condition  and  are  well  prepared, 
they  may  reasonably  be  kept  in  museum  collections  for 
a  long  time,  perhaps  even  for  centuries.  Much  of  the 
paper  in  common  use  does  not  have  that  kind  of  life  ex- 
pectancy; it  becomes  yellow  and  brittle  with  age.  Paper 
made  especially  to  last,  such  as  that  used  for  herbarium 
sheets  in  botanical  collections,  is  highly  recommended. 

For  similar  reasons,  the  choice  of  the  best  adhesive  for 
card  points  may  be  equally  important,  but  unfortunately 
the  aging  properties  of  various  glues  are  not  known.  Or- 
dinary white  (casein)  glue,  clear  acetate  cement,  or  fin- 
gernail polish  is  used  commonly;  white  shellac  is  less 
satisfactory  because  it  is  usually  too  thin  and  flows 
over  a  specimen  when  applied. 

Entomologists  of  the  USDA  Systematic  Entomology 
Laboratory  have  for  many  years  used  a  very  viscous 
polyvinyl  acetate  for  double  mounting  and  similar  uses. 
It  is  obtainable  in  granular,  bead,  or  pellet  form.  A 
small  quantity  is  placed  in  a  bottle  with  a  glass  rod  in 
its  stopper  and  covered  with  absolute  ethanol.  It  will 
dissolve  in  a  day  or  two  into  a  thick  solution.  If  it  is  too 
thick,  it  will  "string  out,"  and  more  ethanol  should  be 
added.  If  it  is  too  thin,  the  bottle  should  be  left  open  to 
allow  some  of  the  ethanol  to  evaporate.  After  a  period 
of  use,  the  solution  will  also  normally  become  too  thick, 
and  then  more  ethanol  must  be  added.  Specimens  ad- 
here very  well  to  a  pin  or  a  point  with  this  solution, 
and  they  may  be  removed  with  95  percent  ethanol. 

Many  entomologists  use  shellac  gel  (see  ref.  285). 
Because  its  preparation  involves  boiling  white  shellac 
solution,  a  procedure  with  some  danger  from  fire,  it  is 
not  recommended  here.  However,  a  safer  method  of  prep- 
aration may  eventually  be  found  for  this  useful  medium. 

Whatever  adhesive  is  used,  it  should  not  be  permitted 
to  get  so  thick  that  it  "strings."  Should  this  happen, 
add  a  little  solvent  to  the  adhesive  until  it  attains  the 
proper  consistency.  Nor  should  it  be  so  thin  that  it 
flows  over  a  specimen.  Only  a  small  amount  of  adhesive 
should  be  used  to  glue  the  specimen  to  the  card  point, 
since  excessive  glue  may  obscure  certain  sutures  or 
sclerites  necessary  for  identification,  just  as  the  card 
point  may  conceal  certain  ventral  structures  if  allowed 
to  extend  beyond  the  midline  of  the  insect. 

For  most  insects,  the  card  point  is  attached  to  the  right 
side  of  the  specimen  (fig.  18,  C),  with  the  left  side  and 
midventral  area  clear.  For  better  adhesion  with  some 
insects,  the  tip  of  the  card  point  may  be  bent  down- 
ward at  a  slight  angle  to  fit  against  the  side  of  the 
specimen.  Only  a  very  small  part  of  the  point  should  be 
bent.  With  a  little  practice  it  will  be  easy  to  judge  how 
much  of  the  point  to  bend  and  at  what  angle  to  fit  the 
particular  insect  being  mounted. 
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Figure  18.  Double  mounts  for  small  insects:  A, 
Mosquito  pinned  with  minuten  to  block  of  cork  on 
regular  insect  pin;  B,  position  of  card  point  and 


labels  on  pin;  C,  attachment  of  card  point  to  right 
side  of  specimen;  D,  small  moth  pinned  with 
minuten  to  block  of  pith  on  regular  insect  pin. 
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One  method  to  insure  that  the  specimen  is  oriented 
properly  on  the  point  is  to  place  it  on  its  back  with  its 
head  toward  you;  then  with  the  pin  held  upside  down, 
touch  a  bit  of  adhesive  to  the  bent  point  and  apply  it  to 
the  right  side  of  the  insect.  If  the  top  of  the  point  can 
be  slipped  between  the  body  of  the  insect  and  an  adja- 
cent leg,  a  stronger  mount  will  result.  The  card  point 
should  be  attached  to  the  side  of  the  thorax,  not  to  the 
wing,  abdomen,  or  head.  Some  insects,  such  as  small 
flies  and  wasps,  are  mounted  on  unbent  points.  Those 
working  with  small  flies  prefer  to  attach  the  card  point 
to  the  left  side  of  the  specimen  with  the  legs  facing  the 
pin. 

Opinions  differ  on  when  to  use  direct  pinning  and  when 
to  use  a  double  mount,  and  perhaps  this  is  best  deter- 
mined through  experience.  A  general  rule  of  thumb  is 
that  if  you  can  mount  a  small  insect  on  a  size  1  or  0 
pin  without  damaging  the  specimen,  do  not  use  a  dou- 
ble mount.  Insects  too  heavy  to  be  held  on  the  point  by 
adhesive  yet  too  small  to  be  pinned  with  standard  pins 
may  be  attached  to  card  points  by  puncturing  the  right 
side  of  the  insect  at  the  place  where  the  card  point  nor- 
mally would  be  placed  and  inserting  into  this  puncture 
the  tip  of  an  unbent  card  point  with  a  little  glue  on  it. 
For  puncturing  specimens,  use  a  needle  ground  and 
polished  to  make  a  small,  sharp  scalpel.  Some  speci- 
mens, such  as  moths,  should  never  be  glued  to  points; 
other  specimens  should  never  be  pinned  with  minutens. 
The  following  suggestions  will  serve  as  a  guide: 

(1)  Small  moths,  caddisflies,  and  neuropteroids— 
Mount  on  minuten  inserted  through  center  of  thorax 
with  abdomen  positioned  toward  insect  pin  (fig.  18,  D). 
Mount  must  be  sufficiently  low  so  that  head  of  pin  can 
be  grasped  easily  with  fingers  or  pinning  forceps.  Do 
not  glue  small  moths  to  points.  Ideally,  such  specimens 
should  be  spread  in  the  conventional  manner  despite 
their  small  size. 

(2)  Mosquitoes  and  small  flies  (freshly  killed) — Pin  with 
minuten  through  the  thorax  with  left  side  of  specimen  posi- 
tioned toward  main  pin  (fig.  18,  A).  Note  that  minuten  is 
vertical,  which  is  more  advantageous  than  if  it  were  hori- 
zontal because  specimen  is  less  liable  to  come  into  con- 
tact with  fingers  or  pinning  forceps.  Placing  a  small  amount 
of  glue  on  tip  of  minuten  before  piercing  specimen  will  help 
hold  soft-bodied  insects. 

(3)  Small  wasps  and  flies  (not  freshly  killed)— Mount  on 
unbent  card  point  with  point  inserted  between  coxae  on 
right  side  of  insect,  keeping  clear  of  midline,  or  glue  tip 
of  point  to  mesopleuron. 

(4)  Small  beetles,  bugs,  leafhoppers,  and  most  other 
small  insects— Glue  card  point  with  tip  bent  down  to 
right  side  of  specimen  (fig.  18,  C). 

As  to  the  length  of  pin  exposed  above  the  specimen, 
double  mounts  should  conform  to  the  same  rule  as  in 
direct  pinning:  Do  not  place  a  double  mount  too  high 
on  the  pin.  It  must  be  possible  to  grasp  the  head  of  the 


Figure  19.  Pinning  block  for  adjusting  speci- 
mens and  labels  to  uniform  height  on  pin. 


pin  between  the  thumb  and  index  finger  without  touch- 
ing the  specimen.  Uniform  height  may  be  obtained  by 
using  a  simple  measuring  device  such  as  a  three-step 
block  (fig.  19).  Double-mount  cubes  or  points  may  be 
adjusted  at  any  time,  whereas  once  a  directly  pinned 
insect  has  dried  on  a  pin,  it  is  virtually  impossible  to 
move  it  without  damage.  If  points  become  loose  on  the 
main  pin,  place  a  little  adhesive  at  the  connection. 

Reference:  45. 

Spreading  Boards  and  Blocks 

All  insects  preserved  with  the  wings  spread  uniformly 
are  set  and  dried  in  this  position  on  spreading  boards 
or  blocks;  spreading  boards  are  more  commonly  used 
than  spreading  blocks.  Although  such  pinning  aids  vary 
greatly  in  design,  the  same  basic  principle  is  inherent 
in  all,  that  is,  a  smooth  surface  on  which  the  wings  are 
spread  and  positioned  horizontally;  a  central,  longi- 
tudinal groove  for  the  body  of  the  insect;  and  a  layer  of 
soft  material  into  which  the  pin  bearing  the  insect  is  in- 
serted to  hold  the  specimen  at  the  proper  height.  An 
active  collector  will  need  from  several  to  many  spread- 
ing boards  because  the  insects  must  dry  for  a  consid- 
erable time  (about  2  weeks  for  most  specimens,  even 
very  small  ones)  before  being  removed  from  the  boards. 
Spreading  boards  may  be  purchased  from  biological 
supply  houses  or  may  easily  be  made  as  described 
here  if  the  proper  materials  can  be  obtained.  When  pur- 
chasing spreading  boards,  avoid  (1)  too  hard  or  too 
soft  a  material  for  the  pinning  medium  under  the  cen- 
tral groove,  (2)  too  hard  an  upper  pinning  surface,  and 
(3)  top  pieces  without  the  same  thickness  at  the  center 
(an  especially  common  fault  in  oeveled  boards).  This 
last  defect  may  be  corrected  by  sanding  down  the  high- 
er side;  evenness  is  especially  critical  when  working 
with  small  specimens. 
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Figure  20.  Spreading  boards,  showing  (A)  con- 
struction and  how  butterfly  wings  are  spread 
and  abdomen  and  antennae  are  arranged;  and 


(B)  how  several  specimens  of  about  same  size 
can  be  prepared  simultaneously. 


Construction  of  Spreading  Boards.     A  spreading  board 
of  simple  design  (fig.  20,  A)  requires  the  following 
materials: 

(A)  Two  top  pieces,  9  mm  by  4.8  cm  by  38  cm,  prefer- 
ably of  seasoned  basswood,  a  fine-grained,  durable 
wood  from  trees  of  the  genus  Tilia.  Holes  made  in  it  by 
insect  pins  tend  to  close  after  they  are  removed.  If  the 
surface  of  the  board  is  lightly  sanded  after  use,  espe- 
cially when  working  with  small  specimens,  its  smooth, 
even  quality  can  be  maintained  through  many  years  of 
use.  Basswood  is  sometimes  known  as  'whitewood';  how- 
ever, wood  from  trees  of  the  genus  Liriodendron  is  also 
sold  under  this  name.  If  basswood  cannot  be  obtained, 
well-seasoned  white  pine  selected  for  softness  and 
'pinnability'  is  serviceable.  A  third  choice  is  20-cm 
(8-inch)  beveled  redwood  siding.  Beveled  top  pieces  are 
desirable  because  the  beveling,  sloping  inward,  com- 
pensates for  the  tendency  of  the  wings  of  spread  spec- 
imens to  droop  slightly  after  the  specimens  are  re- 
moved from  the  board.  The  20-cm  siding  is  actually  19.1 
cm  wide,  and  a  0.9-meter  piece  of  it  will  provide  two 
pairs  of  top  pieces.  One  pair  cut  slightly  more  than  4.8 
cm  wide  from  the  wide  side  of  the  board  and  planed  to 
exact  width  will  make  a  pair  11  mm  thick  at  the  narrow 
side,  and  another  pair  cut  from  the  same  side  of  the 
board  will  provide  a  second  pair  about  8  mm  thick  at 
the  narrow  side.  Redwood  is  stiff  and  fine  grained,  but 
it  splits  and  splinters  easily. 

(B)  Two  end  pieces  of  any  good,  fine-grained  wood,  2 
cm  square  by  10  cm. 

(C)  One  strip  of  entomological  or  gasket  cork  or  foam, 
6  mm  by  3  cm  by  34  cm. 


(D)  One  base  of  plywood  or  any  fine-grained  wood,  6 
mm  by  10  cm  by  38  cm. 

These  materials  are  for  a  spreading  board  with  a  cen- 
tral groove  6  mm  wide.  Boards  with  grooves  of  several 
sizes  will  be  needed.  For  the  larger  Lepidoptera 
(macrolepidoptera  or  'macros'),  the  most  useful  widths 
are  3,  6,  and  9  mm.  For  very  large  moths,  a  width  of  17 
mm  is  required;  the  board  will  also  have  to  be  as  much 
as  15  cm  in  total  width  with  a  groove  depth  of  16  mm. 
For  small  moths  (microlepidoptera  or  'micros'),  special 
boards  with  groove  widths  of  1.5-2  mm  will  be  needed, 
with  the  groove  shallow  enough  for  minutens,  and  the 
width  and  thickness  of  the  top  pieces  (A)  must  be 
altered  accordingly.  The  pinning  medium  (C)  could  be 
of  polyethylene  foam,  but  to  give  specimens  firm  sup- 
port, the  entire  depth  between  the  top  pieces  and  the 
base  would  have  to  be  filled  with  the  material.  A  dense, 
finely  textured  plastic  foam  known  as  'Plastazote'  is 
better  than  polyethylene  for  entomological  applications 
and  is  available  in  Britain  but  so  far  not  in  the  United 
States.  A  strip  of  modelmaker's  balsa  wood,  selected 
for  pinning  softness,  may  also  be  satisfactory. 

The  end  pieces  (B)  should  be  glued  with  epoxy  or  other 
good  adhesive  and  nailed  to  the  top  pieces  (A)  with  the 
proper  groove  width  maintained.  Then  the  pinning  strip 
(C)  should  be  firmly  glued  to  the  underside  of  the  top 
pieces  (A),  the  same  side  on  which  the  end  pieces  (B) 
were  fastened,  and  should  cover  the  central  groove. 
Finally,  after  the  adhesive  has  set.  the  base  (D)  should 
be  attached.  If  it  is  affixed  to  the  end  pieces  (B)  with 
two  flat-headed  wood  screws  (about  No.  5, 19  mm)  coun- 
tersunk into  the  base  piece  and  screwed  into  each  end 
piece,  the  base  may  be  removed  easily  later  if  replace- 
ment of  the  pinning  strip  is  necessary. 
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Using  the  Spreading  Boards.  Before  spreading  spec- 
imens, the  spreading  boards  and  the  following  materi- 
als should  be  at  hand: 

(1)  Pins  (called  setting  pins)  of  size  00  or  000  for  bring- 
ing wings  into  position.  Setting  pins  used  by  some  lep- 
idopterists  are  made  by  inserting  a  minuten  into  a 
round  matchstick  and  securing  it  with  a  drop  of  glue. 

(2)  Strips  of  glassine  or  tracing  paper  (the  translucent, 
smooth  paper  used  for  tracing,  not  what  a  draftsman 
calls  tracing  paper).  Cellophane,  plastic  film,  or  waxed 
paper  should  not  be  used.  Their  disadvantages  include 
expanding  with  moisture  and  becoming  electrostatical- 
ly charged  or  containing  a  substance  that  pulls  scales 
off  the  wings.  The  strips  of  tracing  paper  should  be 
wide  enough  to  extend  from  the  base  to  a  little  beyond 
the  end  of  the  wings  of  the  specimens  being  spread. 
Strips  about  25  mm  wide  are  convenient  for  spreading 
most  Lepidoptera.  Short  ones  are  used  when  spreading 
specimens  that  have  been  relaxed  from  a  dried  condi- 
tion, but  strips  long  enough  to  cover  several  specimens 
in  a  row  on  the  board  are  commonly  used  for  freshly 
caught  insects.  The  strips  are  often  used  with  a  narrow 
fold  alongside  the  body  of  the  specimen  with  the  fold 
upward;  this  provides  a  rounded  edge  that  reduces  the 
likelihood  of  a  sharp  edge  displacing  a  row  of  scales. 
This  fold  may  be  made  by  holding  the  strip  on  a  spread- 
ing board  with  3-5  mm  of  it  overhanging  the  edge  of 
board,  running  a  finger  along  the  overhang  to  bend  it 
down,  and  then  firmly  folding  it  back. 

(3)  Glass-headed  pins  at  least  2.5  cm  long  for  holding 
the  strips  in  place.  Ordinary  No.  2  or  3  insect  pins  with 
nylon  heads  may  also  be  used,  but  some  lepidopterists 
find  them  hard  on  the  fingers. 

With  this  equipment  ready,  the  collector  is  prepared  to 
mount  and  spread  the  specimens  (fig.  20,  B).  The  spec- 
imens must  be  properly  relaxed  (see  p.  24),  even  the 
freshly  collected  ones,  before  any  attempt  is  made  to 
spread  the  wings.  Insert  an  insect  pin  of  appropriate 
size  through  the  middle  of  the  thorax,  leaving  at  least 
7  mm  of  pin  above  the  specimen.  The  pin  should  pass 
through  the  body  as  nearly  vertically  as  possible  to 
avoid  having  the  wings  higher  on  one  side  than  on  the 
other.  Pin  the  specimen  into  the  central  groove  of  the 
spreading  board  so  that  the  wings  are  exactly  level 
with  the  surface  of  the  board.  Carefully  draw  each  wing 
forward  with  the  point  of  a  setting  pin  inserted  near  the 
base  and  immediately  behind  the  strong  veins  that  lie 
near  the  front  of  the  wings.  If  care  is  taken  not  to  tear 
the  wing,  the  fine  setting  pins  should  leave  holes  so 
small  that  they  are  barely  visible.  The  hindmargin  of  the 
forewings  should  be  at  right  angles  to  the  groove  in  the 
board.  Bring  the  hindwing  into  a  natural  position  with 
its  base  slightly  under  the  forewing.  The  setting  pins 
will  hold  the  wings  in  position  until  they  can  be 
secured  with  the  paper  strips. 


The  strip  is  placed  close  to  the  body  of  the  insect,  with 
its  fold  upward  and  toward  the  insect.  A  glass-headed 
pin  is  inserted  in  the  middle  of  the  folded  part  of  the 
strip  just  outside  the  margin  of  the  forewing.  The  pin 
may  be  tilted  slightly  away  from  the  wing  to  keep  the 
strip  down  against  the  wing.  The  strip  is  then  carefully 
stretched  backward  and  another  pin  placed  just  behind 
the  hindwing.  A  third  pin  in  the  notch  where  the  fore- 
wings  and  hindwings  meet  is  usually  enough.  None  of 
the  three  pins  on  each  side  of  the  specimen  should 
pass  through  the  wings.  Once  the  paper  strips  are  in 
place,  the  setting  pins  may  be  removed.  Twisting  the 
setting  pins  a  little  as  they  are  removed  will  prevent 
a  possible  bent  tip  from  hooking  onto  a  wing  vein  and 
pulling  the  whole  wing  out  of  place. 

Fresh  specimens  may  be  arranged  closely  on  the  board 
in  series  of  five,  six,  or  even  more  before  the  paper 
strips  are  applied  to  cover  all.  Relaxed  specimens,  how- 
ever, should  be  treated  individually  because  they  dry  so 
quickly  that  antennae  may  break  or  the  wings  curl  if 
the  spreading  is  not  completed  promptly. 

To  prevent  the  abdomen  from  drooping  as  the  speci- 
men dries,  support  it  with  a  pin  on  each  side,  crossing 
beneath.  Pins  may  also  be  used  to  arrange  and  hold 
the  antennae  and  legs  in  position  until  they  dry.  The  ap- 
pearance of  many  insects  may  be  improved  by  gently 
blowing  on  them  before  spreading  to  remove  extrane- 
ous loose  scales  and  to  straighten  the  hairs  or,  with 
small  moths,  the  fringes  of  the  wings.  In  working  with 
small  insects,  a  large  magnifying  lens  mounted  on  an 
adjustable  stand  may  be  very  helpful. 

Specimens  relaxed  from  a  dried  condition  present  some 
additional  problems.  The  wings  may  be  stiff  and  require 
loosening  (see  p.  25).  If  the  wings  of  a  relaxed  spec- 
imen are  turned  upward  and  do  not  lie  on  the  surface 
of  the  spreading  board,  the  paper  strips  may  need  to  be 
pinned  over  the  wings  to  hold  them  down  before  they 
are  positioned.  Since  the  wings  of  relaxed  specimens 
are  still  relatively  stiff,  skillful  manipulation  is  needed 
to  spread  the  wings  without  tearing  or  leaving  exces- 
sively large  pinholes.  If  the  wings  do  not  move  readily 
under  gentle  pressure,  do  not  force  and  possibly  break 
them.  Return  the  specimen  to  the  relaxing  chamber. 

Construction  of  Spreading  Blocks.     The  spreading 
block  is  a  modification  of  the  spreading  board  designed 
to  accommodate  only  one  specimen  at  a  time.  Blocks 
often  are  preferred  by  specialists  in  microlepidoptera 
but  can  be  used  for  other  insects  as  well.  The  design  is 
simple  (fig.  21),  consisting  of  a  wooden  cube  about  3 
cm  on  a  side  for  most  insects,  with  a  groove  across  the 
middle  of  one  face.  The  width  and  depth  of  the  groove 
vary  to  suit  the  size  of  the  insect  to  be  spread,  usually 
1.5-2  mm  in  width  and  deep  enough  to  accommodate  a 
strip  of  fine  cork,  polyporus,  or  similar  pithy  material 
into  which  the  pin  or  minuten  is  lodged  to  hold  the  in- 
sects being  spread.  The  groove  should  be  cut  parallel 
with  the  grain  of  the  wood,  and  the  top  surface  of  the 
block  should  be  sanded  exceedingly  smooth.  Before 
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Figure  21.  Construction  and  use  of  spreading 
block  for  small  insects. 
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Figure  22.  Riker  mount  for  exhibiting  specimens 
so  they  can  be  handled  freely  for  close  examina- 
tion without  risk  of  damage. 


the  pinning  strip  is  wedged  or  cemented  into  the  bot- 
tom of  the  groove,  a  hole  about  1  mm  in  diameter 
should  be  drilled  squarely  in  its  middle.  The  pin  can  ex- 
tend into  this  hole  when  the  insect  becomes  level  with 
the  spreading  surface.  A  few  gashes,  made  by  pressing 
the  blade  of  a  thin  knife  in  the  upper  corners  of  the 
block  near  each  end  of  the  groove,  should  be  made  to 
catch  the  thread  that  will  hold  the  wings  of  the  insect. 


The  insect  to  be  spread,  mounted  either  on  a  standard 
insect  pin  or  on  a  minuten,  is  pinned  into  the  groove  as 
with  a  spreading  board,  and  the  wings  are  manipulated 
by  gentle  blowing  and  using  a  setting  pin.  A  piece  of 
fine  silk  or  nylon  thread  is  then  caught  in  one  of  the 
knife  gashes  and  brought  over  the  wings,  and,  if  nec- 
essary, once  around  the  block  and  again  over  the  wing 
at  another  point,  and  finally  caught  again  in  the  knife 
gash.  A  small  piece  of  tracing  paper  may  be  placed  on 
the  wings  before  passing  the  thread  over  them,  but  if 
special  scale  tufts  are  found  on  the  wings  it  is  better  to 
omit  the  paper  and  leave  the  tufts  in  a  natural  position. 


imens  may  become  greasy,  but  otherwise  no  harm  results. 
The  spreading  boards  or  blocks  must  be  kept  where 
they  are  safe  from  mice,  bats,  dermestid  beetles, 
lizards,  psocids  (booklice  and  barklice),  and  ants, 
especially  in  the  Tropics.  One  preventative  measure 
that  is  sometimes  advisable  is  to  place  the  boards  or 
blocks  on  bricks  set  in  pans  of  water.  If  they  are  hung 
from  the  ceiling,  a  mosquito  net  around  them  may  be 
necessary. 

Always  keep  temporary  data  labels  with  specimens  on 
spreading  boards  or  associated  with  them  in  some  way 
to  insure  that  there  is  no  confusion  or  loss  of  data 
when  they  are  removed  from  the  boards. 

Spreading  is  a  highly  individualistic  skill,  subject  to 
wide  variation.  Nearly  everyone,  with  practice,  evolves 
his  or  her  own  technique,  so  that  two  workers  may  ap- 
pear to  follow  different  procedures  and  yet  produce 
equally  good  results.  There  is  no  single  standardized 
technique  with  respect  to  the  fine  points  of  spreading. 

References:  264,  411,  412. 


Specimens  either  on  spreading  boards  or  blocks  should 
be  placed  in  a  warm,  well-ventilated  place  to  dry  for  at 
least  2  weeks.  Even  very  small  moths  require  that  long 
to  dry  completely  and  become  stiff.  If  they  are  placed 
in  a  low-temperature  oven,  such  as  is  used  for  drying 
plant  specimens,  2  days  may  suffice.  Specimens  relaxed 
from  a  dry  condition,  as  already  noted,  dry  quickest, 
but  even  they  should  be  left  for  several  days.  Fresh 
specimens,  even  large  ones,  may  be  dried  in  2  days  or 
less  with  heat.  Where  humidity  is  low  and  there  is  am- 
ple sunshine,  the  spreading  boards  or  blocks  may  be 
placed  in  cardboard  cartons  painted  black  and  left  out 
in  full  sunlight  for  about  2  days.  Occasionally,  spec- 


Riker  Mounts 

It  is  sometimes  desirable  to  prepare  specimens  for  ex- 
hibition in  such  a  way  that  they  may  be  handled  freely 
for  close  examination  without  risk  of  damage.  Riker 
mounts  have  long  been  used  for  this  purpose.  They 
may  be  purchased  from  entomological  supply  houses, 
but  similar  cases  may  easily  be  constructed.  The  Riker 
mount  (fig.  22)  is  simply  a  flat  cardboard  box  about  3 
cm  deep,  filled  with  cotton,  and  having  a  pane  of  glass 
or  plastic  set  into  the  cover.  Unpinned  specimens  are 


33 


placed  upsidedown  on  the  glass  of  the  cover,  spread  into 
position  with  some  cotton  held  in  place  by  small 
weights,  and  allowed  to  dry  thoroughly  (about  2  weeks). 
Then  the  weights  are  removed,  enough  cotton  is  added 
to  hold  the  specimens  firmly  in  place,  a  little  fumigant 
is  added  to  kill  any  pests  or  their  eggs  that  might  have 
been  laid  in  the  box,  and  the  bottom  part  of  the  box  is 
put  in  place.  When  the  box  is  closed,  it  should  be  sealed 
completely  to  prevent  access  to  pests.  Plant  material 
may  also  be  dried  in  place  with  the  specimens. 

Riker  mounts  are  practical  only  for  relatively  large  in- 
sects, such  as  butterflies,  larger  moths,  beetles,  and 
dragonflies,  that  are  suitable  for  such  display.  Although 
Riker-mounted  specimens  are  useful  for  classroom  in- 
struction and  general  display,  they  are  not  used  for 
storage  of  insects  in  a  scientific  collection,  where 
specimens  must  be  available  for  examination  from  all 
angles  under  magnification.  Riker  mounts  should  be  in- 
spected periodically  for  pests  and  kept  out  of  sunlight, 
which  will  cause  fading  of  colors  and  general  deterioration. 


Briefly,  the  procedure  consists  of  killing  the  insect  by 
first  freezing  it  in  a  natural  position  and  then  dehydra- 
ting it  under  vacuum  in  a  desiccator  jar  kept  inside  a 
freezer  at  -4°  to  -7°  C.  With  a  vacuum  of  0.1  micrometer 
at  -7°,  a  medium-sized  caterpillar  will  lose  about  90  per- 
cent of  its  moisture  and  about  75  percent  of  its  weight 
in  48  hours.  Its  frozen  condition  prevents  distortion 
while  drying.  The  time  required  to  complete  drying  is 
variable,  at  least  a  few  days  with  small  specimens  and 
more  than  a  week  with  larger  ones.  When  dry,  they  can 
be  brought  up  to  room  temperature  and  pressure  and 
permanently  stored  in  a  collection.  Like  all  well-dried 
insect  specimens,  they  are  rather  brittle  and  must  be 
handled  carefully.  Freeze-drying  has  also  yielded  ex- 
cellent specimens  of  plant  galls  formed  by  insects. 

An  inexpensive  method  of  freeze-drying  (ref.  729)  re- 
quires about  100  days  to  dry  a  medium-sized  larva.  The 
use  of  acetone  is  recommended  before  drying  pinned 
specimens  for  better  preservation  of  their  colors,  one  of 
the  features  sought  in  artificial  drying  (ref.  39). 


It  is  sometimes  desirable  to  put  pinned  specimens  into 
Riker  mounts.  To  do  so,  remove  the  pin  or  cut  it  off 
flush  with  the  surface  of  the  insect  (see  ref.  202). 

Inflation  of  Larvae 

A  common  practice  in  the  19th  and  early  20th  centuries 
was  to  preserve  larvae,  mainly  caterpillars,  by  inflation. 
That  practice  has  largely  been  abandoned  in  favor  of 
alcoholic  preservation  or  freeze-drying.  These  latter 
methods  permit  more  thorough  examination  of  all  parts 
of  the  specimens,  even  internal  organs,  which  must  be 
removed  before  inflation.  Some  of  the  colors  of  the 
larger  larvae  are  better  preserved  in  inflated  specimens 
than  in  alcohol,  but  color  photography  has  made  preser- 
vation of  the  larval  colors  less  essential.  However,  the 
technique  is  still  potentially  useful  and,  if  well  done,  is 
not  to  be  discouraged.  For  instructions  on  how  to  in- 
flate larvae,  the  following  references  may  be  consulted. 

References:   15  (pp.  69-70),  177,  285. 

Artificial  Drying 

Many  kinds  of  soft-bodied  insects  and  other  arthropods 
may  be  preserved  in  a  very  lifelike  manner  and  with  no 
loss  of  color  by  freeze-drying.  This  process  was  devel- 
oped fairly  recently  and  is  still  somewhat  experimental 
in  its  use  with  insects.  It  is,  however,  a  great  improve- 
ment over  traditional  methods  of  preservation  in  fluids 
or  by  inflation,  especially  with  lepidopterous  larvae,  in 
which  important  characters  of  color  and  pattern  are 
largely  lost  in  all  the  traditional  methods.  The  cost  of 
freeze-drying  equipment  is  unfortunately  high,  amount- 
ing to  several  hundred  dollars. 


Critical-point  drying  (ref.  760)  was  developed  to  prepare 
specimens  for  study  under  the  scanning  electron  micro- 
scope. Like  freeze-drying,  it  is  expensive  and  sophisti- 
cated, but  it  is  designed  for  specimens  in  fluid.  With 
this  method,  the  specimens,  although  dried,  are  left 
somewhat  pliable. 

As  techniques  involved  in  freeze-drying  and  critical- 
point  drying  are  refined,  it  may  become  feasible  to  keep 
excellently  prepared  dry  specimens  of  immature  insects 
in  entomological  collections  alongside  pinned  adults. 

References:  39,  106,  129,  160,  184,  215,  468. 

Embedding 

Preservation  of  various  kinds  of  biological  specimens 
in  polymerized  transparent  plastics  was  popular  in  the 
1940's  and  1950's  and  is  still  of  some  interest.  The 
process  is  rather  complicated  and  laborious,  but  if 
carefully  done  it  will  yield  useful  preparations,  especial- 
ly for  exhibits  and  teaching.  Directions  for  embedding 
insect  specimens  may  be  found  in  the  following  refer- 
ences and  in  directions  furnished  by  suppliers  of  the 
materials. 

References:   124,  131,  197. 

Mounting  Specimens  for  Microscopic  Examination 

The  small  size  of  mites,  thrips,  whiteflies,  aphids,  scale 
insects,  fleas,  lice,  and  many  other  insects,  as  well  as 
the  necessity  of  clearly  seeing  minute  details  of  larger 
insects,  requires  examination  under  a  compound  micro- 
scope at  high  magnification.  Such  specimens  and  parts 
of  specimens  must  therefore  be  specially  prepared  and 
placed  temporarily  or  permanently  on  microscope  slides. 
If  large  and  thick  or  complex  structures  that  must  be 
examined  from  several  angles  make  slide  mounting  in- 
advisable, they  may  be  examined  in  a  liquid  and  pre- 
served in  microvials.  Whichever  course  is  adopted,  their 
preliminary  treatment  is  the  same. 
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The  techniques  and  materials  used  in  preparing  spec- 
imens for  high-power  microscopic  examination  vary 
considerably  according  to  the  kind  of  insect  or  mite  as 
well  as  the  researcher's  preferences.  The  information 
given  here  will  provide  the  reader  with  a  basic  concept 
of  the  principles  involved  in  preparing  specimens  for 
such  study.  For  more  specific  instructions,  consult  the 
following  references  or  write  to  the  Biosystematics  and 
Beneficial  Insects  Institute  (see  p.  97).  For  reagents  and 
media  formulas  mentioned  here,  see  the  Appendix,  and  for 
preparation  procedures,  refer  to  Sample  Procedures,  p.  37. 

References  (general):   12,  63,  134,  172,  175,  209,  279, 
304,  363,  387,  452,  463. 

Although  information  on  slide  preparation  is  broad  and 
varies  considerably  according  to  the  condition  of  the 
specimen  and  the  mounting  medium  used,  certain  fea- 
tures are  common  to  all  processes.  Cleaning,  clearing, 
and  maceration  are  nearly  always  necessary  prelim- 
inaries. It  is  often  desirable  to  dissect  and  critically  ex- 
amine specimens  after  the  preliminary  treatment  and 
before  mounting. 

Clearing  is  the  process  of  making  the  tissues  of  the 
specimen  more  transparent.  It  is  often  advisable  to 
remove  internal  organs  and  muscles  by  using  chemi- 
cals and  to  extend,  manipulate,  or  dissect  the  spec- 
imens. This  chemical  removal  of  muscles  and  other 
soft  tissues  is  known  as  maceration,  although  it  is 
sometimes  incorrectly  called  clearing.  The  agents  used 
to  macerate  specimens  usually  also  clean  and  clear 
them.  Many  mounting  mediums  also  act  as  clearing 
agents  to  some  extent. 

Reference:   790. 

Dehydration  is  usually  a  necessary  preliminary  to 
mounting,  especially  if  the  medium  has  a  resin  base. 
With  some  kinds  of  specimens,  it  is  advisable  to  do 
this  gradually  or  in  steps  to  avoid  distorting  the 
specimens. 

Staining  is  sometimes  necessary  with  insect  and  mite 
specimens  because  their  immersion  in  the  mounting 
medium  may  make  colorless  and  transparent  tissues 
virtually  invisible  if  the  medium  has  a  refractive  index 
close  to  that  of  the  tissues  of  the  specimen  (see  ref. 
400).  Bleaching,  usually  accomplished  with  hydrogen 
peroxide,  may  also  be  required  in  very  dark-colored 
specimens. 

Washing  is  usually  necessary  at  one  or  more  stages  in 
the  process  to  remove  and  prevent  excessive  action  by 
certain  reagents  used. 

The  final  stage  in  preparing  permanent  mounts  is 
thorough  drying  or  hardening  of  the  medium.  This  may 
be  done  in  any  clean  environment  or  in  an  oven  under 
gentle  heat.  The  mounts  should  be  carefully  labeled 
either  before  drying  or  afterward.  If  more  than  one 


mount  is  being  made  at  a  time,  some  recognition  mark 
or  code  must  be  used  on  reagent  containers  and  any- 
thing associated  with  the  specimen  so  that  the  final 
mount  may  be  correctly  labeled. 

The  following  procedures  are  given  for  mounting  speci- 
mens to  be  examined  microscopically: 

(1)  Maceration.  Since  only  the  sclerotic  or  chitinized 
parts  of  the  insects  are  ordinarily  needed  in  a  prepa- 
ration, the  aim  of  maceration  is  to  eliminate  external 
secretions,  foreign  matter,  some  organs,  muscles,  and 
fat  bodies  without  damage  to  chitinous  parts.  This  is 
accomplished  by  immersing  the  specimen  in  a  suitable 
agent,  such  as  a  sodium  hydroxide  (NaOH)  solution, 
lactic  acid,  or  lactophenol.  These  chemicals  are  strong- 
ly caustic  and  must  be  handled  carefully  to  avoid  dam- 
age to  the  skin  and  eyes.  If  any  is  inadvertently  spat- 
tered on  the  skin,  immediately  wash  it  off  with  water. 

Although  textbooks  specify  potassium  hydroxide  (KOH) 
for  maceration,  this  chemical  must  be  used  cautious- 
ly because  specimens  may  be  easily  and  quickly  dam- 
aged or  completely  ruined  in  it.  NaOH  will  perform  as 
well  as  KOH  or  even  better.  Fine  ducts  lost  with  KOH 
remain  even  after  lengthy  treatment  with  NaOH,  which 
will  damage  only  teneral  or  newly  emerged  specimens. 
The  amount  of  time  a  specimen  is  left  in  the  macerat- 
ing agent  depends  on  the  degree  of  sclerotization  and 
the  age  and  pigmentation  of  the  specimen.  For  some 
relatively  large,  whole  insects,  the  cuticle  must  be 
punctured  with  a  fine  needle  to  allow  the  agent  to 
penetrate  the  body.  Heating  accelerates  the  action,  but 
care  must  be  taken  to  avoid  damage  by  excessive  action, 
especially  if  the  specimen  is  at  all  teneral.  Never  heat 
the  genitalia  of  microlepidoptera  as  it  distorts  the 
sclerotized  parts.  Immersion  of  the  genitalia  in  cold 
10-20  percent  KOH  solution  overnight  is  recommended 
instead.  Boiling  for  a  minute  in  a  10  percent  solution  of 
NaOH  (ordinary  household  lye)  will  clear  most  other 
small  genitalia.  NaOH  supplied  by  chemical  firms  in 
pellet  form  is  most  convenient;  three  pellets  in  about  10 
ml  of  water  may  be  used  for  a  day.  The  solution,  how- 
ever, is  useless  if  left  overnight.  Even  if  it  boils  dry  on  a 
hotplate  set  a  little  above  its  boiling  point,  a  specimen 
in  it  will  seldom  be  damaged  by  NaOH,  although  it  will 
be  completely  dissolved  in  KOH.  Adding  water  to  a 
specimen  boiled  dry  in  NaOH  solution  will  usually 
restore  it. 

For  directions  on  how  to  macerate  insect  genitalia, 
see  p.  37. 
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(2)  Washing.  For  the  removal  of  the  caustic  agent  used 
to  macerate  the  specimen,  ordinary  tapwater  in  a  small 
dish,  such  as  a  small  plastic  bottle  cover,  will  suffice. 
Distilled  water  is  unnecessary.  If  the  specimen  is  placed 
for  at  least  a  few  minutes  in  plain  water  for  manipula- 
tion, dissection,  or  examination,  it  then  will  be  ready 
for  further  treatment.  Adding  a  drop  of  acetic  acid 
(white  vinegar)  will  guarantee  that  no  caustic  remains. 

(3a)  Staining.  After  clearing  and  washing,  specimens 
may  be  stained  if  necessary,  although  if  a  phase-con- 
trast microscope  is  available,  staining,  even  with  color- 
less specimens,  is  unnecessary.  Several  kinds  of  stains 
are  available  from  biological  supply  houses.  Acid  fuch- 
sin  is  generally  used  for  aphids,  lice,  and  scale  insects. 
Thrips  and  fleas  should  never  be  stained;  most  acarol- 
ogists  do  not  stain  mites  if  they  are  to  be  mounted  in 
Hoyer's  medium.  An  easily  obtained  stain  for  the  ex- 
oskeleton  of  insects  is  made  by  dissolving  a  small 
amount  of  Mercurochrome  crystals  in  water.  Specimens 
may  be  immersed  in  the  stain  solution  for  1  minute  or 
more,  depending  on  the  degree  of  staining  needed,  and 
then  briefly  rinsed  in  plain  water. 

References:   71,  146. 

(3b)  Bleaching.  If  specimens  are  too  dark  to  reveal  suf- 
ficient detail  after  maceration,  they  may  be  bleached  in 
a  mixture  of  one  part  strong  ammonia  solution  to  six 
parts  hydrogen  peroxide  solution.  The  length  of  time 
the  specimen  is  left  in  the  ammonia-peroxide  solution 
depends  on  the  amount  of  bleaching  needed. 

(4)  Mounting.  At  this  point,  further  treatment  depends 
on  what  use  is  to  be  made  of  the  preparation.  It  may  be 
needed  only  temporarily  in  routine  work  and  may  be  dis- 
carded after  examination,  or  it  may  be  desirable  to 
keep  the  preparation  permanently,  either  in  glycerin  in 
a  microvial  or  in  a  mounting  medium  on  a  slide.  If  it  is 
to  be  kept  in  a  microvial,  see  Preparation  and  Storage 
of  Genitalia  (p.  37);  if  it  is  to  be  mounted  on  a  slide,  fur- 
ther treatment  depends  on  the  mounting  medium  used. 

(4a)  Temporary  Mounting.  A  temporary  mount  can  be 
made  with  lactic  acid  or  other  medium  on  a  2.5-  by 
7.5-cm  cavity  slide.  The  specimen  is  placed  near  the 
edge  of  the  cavity  and  wedged  into  position  by  manip- 
ulating a  cover  glass  over  the  cavity  and  the  specimen. 
A  fine  needle  will  help  bring  the  specimen  into  the 
desired  position  before  the  cover  glass  is  centered  over 
the  cavity.  Once  the  specimen  is  in  position  and  the 
cover  glass  centered,  a  commercial  ringing  compound, 
nail  polish,  or  quick-drying  cement  is  used  to  seal 
around  the  edge  of  the  cover  glass.  Such  slides  may  be 
kept  for  a  year  or  more,  but  because  they  take  up  more 
space  in  a  collection  than  permanent  slides,  the  speci- 
mens eventually  are  usually  placed  in  vials  of  alcohol 
for  storage. 


Temporary  mounts  are  advantageous  in  that  the  speci- 
men can  be  turned  easily  and  viewed  from  many  angles. 
However,  because  of  the  thickness  of  the  mounts,  a 
vertical  illuminator  operated  through  a  microscope  or 
some  alternate  method  of  direct  lighting  is  generally 
needed. 

Genitalia  and  other  insect  or  mite  parts  may  be  examined 
and  drawings  made  with  the  aid  of  an  ocular  grid  in  the 
microscope  while  they  are  lying  in  water  in  the  dish  in 
which  they  were  dissected  and  extended.  Water  gives 
contrast  to  the  structure,  which  may  be  difficult  to  see 
in  glycerin.  The  water  should  be  "dead,"  that  is,  boiled 
to  drive  out  gases  that  may  form  bubbles  in  or  on  the 
object.  The  object  may  be  held  in  place  with  a  minuten 
bent  L-wise  and  laid  over  the  object  or  by  piercing  it  at 
a  convenient  place. 

(4b)  Mounting  Media.  The  old  standard  medium  for  per- 
manence is  Canada  balsam.  If  it  is  used,  the  specimen 
must  first  be  dehydrated  through  a  series  of  alcohols  of 
increasing  concentration.  Furthermore,  balsam  yellows 
with  age  and  makes  photography  difficult;  it  is  also  dif- 
ficult to  manipulate  delicate  specimens  in  it.  The  mount- 
ing medium  should  be  selected  after  consulting  with  a 
specialist  or  by  referring  to  textbooks.  Mites,  for  exam- 
ple, require  special  treatment,  mainly  because  their 
cuticle  differs  from  that  of  insects. 

The  most  satisfactory  mounting  medium  for  most  insects 
(other  than  scales  and  thrips)  is  Euparal,  a  synthetic 
preparation  used  for  many  decades.  When  it  was  unob- 
tainable, especially  during  the  World  Wars,  an  inferior 
compound  was  used.  Euparal  may  be  obtained  from  medi- 
cal or  entomological  supply  houses  and  other  sources, 
all  of  which  import  it  from  Germany.  Its  formula  is  a 
proprietary  secret.  It  is  not  necessary  to  dehydrate 
specimens  before  mounting  them  in  it.  Good  prepara- 
tions may  be  made  from  specimens  taken  directly  from 
80  percent  ethanol  and  from  specimens  immersed  in  95 
percent  ethanol  for  only  a  minute. 

The  medium  is  water-white,  remains  so  indefinitely,  and 
for  remounting,  in  case  of  breakage,  specimens  may  be 
removed  by  soaking  in  absolute  ethanol.  Euparal  has  a 
very  decided  advantage  over  other  media  in  that  small 
air  bubbles  trapped  in  slide  preparations  are  absorbed 
by  the  medium  during  drying,  although  this  sometimes 
requires  several  days.  Its  only  disadvantage  is  that  it 
shrinks  considerably  in  drying.  In  moderately  thick 
preparations,  this  results  in  shrinkage  away  from  the 
edges  of  the  cover  glass.  This  may  be  countered  by 
adding  additional  Euparal  until  there  is  no  further 
shrinkage,  or  in  many  instances  by  using  a  large  cover 
glass,  2.2  cm  in  diameter,  which  in  drying  will  pull 
down  around  the  edges  instead  of  allowing  the  medium 
to  draw  inward.  The  medium  is  relatively  fast-drying. 
Allowing  the  slide  to  remain  overnight  in  an  oven  set  at 
about  35°  C  or  in  the  open  at  room  temperature  for  a 
few  days  will  yield  usable  and  permanent  preparations. 
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Hoyer's  medium  and  polyvinyl  alcohol  (PVA)  are  aque- 
ous mounting  media.  Slides  made  with  them  are  con- 
sidered only  semipermanent,  although  in  the  U.S.  Na- 
tional Collection  at  the  Smithsonian  Institution,  some 
40-year-old  slides  of  mites  mounted  in  Hoyer's  medium 
are  still  in  good  condition.  Slide  preparations  made 
with  Hoyer's  or  PVA,  particularly  of  large  or  thick 
specimens,  tend  to  crystallize  with  age  and  may  need 
remounting.  To  do  this,  soak  the  slide  in  water  until 
the  cover  glass  can  be  removed,  then  lift  the  specimen 
carefully  and  transfer  it  to  a  new  slide.  Some  techni- 
cians find  slides  easier  to  prepare  if  the  Hoyer's 
medium  is  diluted  with  water;  however,  in  the  process 
the  mounts  may  collapse  as  the  excess  water  evapo- 
rates. It  is  strongly  recommended  that  Hoyer's  medium 
be  prepared  exactly  as  directed  (see  Appendix)  and  used 
undiluted.  Aqueous  media  are  affected  by  ambient 
moisture;  mounts  made  in  very  humid  conditions  may 
not  dry  satisfactorily.  Nevertheless,  Hoyer's  is  preferred 
by  most  acarologists  because  its  refractive  index  is  ex- 
cellent for  use  with  mites,  and  specimens  can  be  mounted 
directly  from  the  collecting  fluid  without  clearing  or  fix- 
ing. The  specimens  are  cleared  after  mounting  by  heat- 
ing the  slides  briefly  on  a  hotplate  set  at  65°  C  until 
the  medium  barely  begins  to  bubble.  Do  not  allow 
Hoyer's  medium  to  boil  or  the  specimens  may  be  ruined. 
Such  mounts  can  be  prepared  quickly  for  immediate 
study  but  should  be  placed  in  an  oven  for  curing.  (See 
item  (7).) 

(5)  To  place  specimens  in  the  medium,  put  one  or  more 
drops  of  the  medium  in  the  center  of  a  2.5-  by  7.5-cm 
clean  glass  slide.  The  precise  amount  of  medium  to 
use  will  require  some  experience.  Enough  is  needed  to 
run  under  the  entire  cover  glass.  When  Euparal  is  used, 
a  little  more  is  required  than  with  some  other  media 
because  of  shrinkage,  but  an  excess  of  any  medium 
around  the  edge  of  the  cover  glass  is  undesirable. 

Place  the  cleared  and  washed  (also  stained  or  bleached 
if  necessary)  specimen  in  the  medium  on  the  slide  and 
make  sure  that  it  is  well  immersed  and  that  air  bubbles 
are  absent.  Arrange  it  in  the  desired  position  with  a 
fine  needle.  If  the  specimen  is  thick,  place  at  least 
three  pieces  of  broken  cover  glass  or  plastic  sheet 
around  it  to  prevent  undue  crushing  when  the  cover 
glass  is  applied.  With  some  preparations,  as  for  exam- 
ple with  ovipositors  of  tephritid  flies,  a  considerable 
amount  of  pressure  during  drying  is  desirable  to  obtain 
maximally  flattened  and  comparable  preparations.  Then 
gently  lower  a  cover  glass  onto  the  specimen  with  for- 
ceps, holding  the  cover  glass  at  a  slight  angle  so  that  it 
touches  the  medium  first  at  one  side  to  prevent  air  en- 
trapment as  much  as  possible.  Apply  gentle  pressure 
with  the  forceps  to  fix  the  position  of  the  specimen. 

It  is  often  advisable  to  prepare  specimens  in  more  than 
one  position,  for  example,  dorsal  side  up  as  well  as 
dorsal  side  down,  but  do  not  mount  parts  of  more  than 
one  individual  specimen  on  one  slide,  because  all  in- 
dividuals in  the  series  may  not  be  taxonomically  identical. 


(6)  Ringing.  Special  compounds  are  available  to  apply 
in  a  circle  around  the  edge  of  the  cover  glass  and  the 
adjacent  area  of  the  slide  to  seal  the  medium.  This  is 
advisable  with  aqueous  media  and  any  that  do  not  hard- 
en as  they  dry.  It  is  not  necessary  to  ring  Canada  bal- 
sam or  Euparal  mounts. 

(7)  Curing.  Allow  slides  to  dry  or  set  completely  before 
handling  or  placing  them  in  other  than  a  horizontal 
position.  Until  dry,  avoid  storing  them  in  a  slide  box, 
mailing  them,  or  allowing  other  persons  to  use  them.  If 
an  oven  is  available,  set  it  at  about  45°  C  and  leave  the 
slides  in  it  for  at  least  24  hours  and  preferably  for 
several  days,  up  to  3  or  4  weeks. 

(8)  Labeling  Slides.  Collection  data  should  accompany 
specimens  at  all  times  during  preparation,  either  com- 
plete data  or  code  symbols  referring  thereto.  Square 
labels  are  obtainable  from  biological  supply  houses. 
Excellent  ones  are  now  available  with  pressure-sensi- 
tive cement  that  prevents  the  labels  from  popping  off 
the  slides  as  moistened  ones  often  do.  Some  workers 
place  all  information  on  one  label;  others  use  two 
labels,  one  at  each  end  of  the  slide,  with  the  identifica- 
tion on  one  label  and  the  collection  data  on  the  other. 
All  data  should  be  written  clearly  with  India  ink,  type- 
set, or  typed  and  reproduced  photographically.  An  ef- 
fective and  flexible  method  for  labeling  slides  is  to  use 
a  memory  typewriter  with  small  (microgothic)  type.  The 
typewriter  will  automatically  repeat  as  many  labels  as 
desired  for  the  same  species  and  collection  data.  The 
kind  of  mounting  medium  used  should  also  be  noted  on 
a  label  if  remounting  is  necessary. 

Sample  Procedures 

The  following  procedures  have  been  successful  for  gen- 
eral use  by  specialists  in  the  Systematic  Entomology 
Laboratory.  Dissecting,  staining,  and  mounting  Lepi- 
doptera  genitalia  are  highly  specialized  procedures  that 
are  not  included  here.  Many  other  procedures  are  well 
adapted  for  general  use,  but  the  simplicity  and  depend- 
ability of  the  following  make  them  preferred  by  many 
specialists. 

Preparation  and  Storage  of  Genitalia.     The  structures 
at  the  end  of  the  insect  abdomen  in  both  sexes  are  the 
postabdomen,  terminalia,  or  genitalia,  although  the  last 
term  is  more  restrictive  and  refers  morphologically  only 
to  certain  organs  of  the  ninth  abdominal  segment.  These 
structures,  sometimes  extending  to  modifications  of  many 
segments  of  the  abdomen,  are  of  great  identification 
importance.  Many  insects  cannot  be  identified  to  spe- 
cies without  critical  examination  of  these  parts,  and 
even  then  can  only  be  identified  in  one  sex.  In  some  in- 
sects, these  parts  are  seen  easily  without  special  prep- 
aration; in  others,  just  a  little  special  positioning  of  the 
genitalia  at  the  time  the  insects  are  pinned  is  suffi- 
cient. But  in  many  insect  species,  these  structures  are 
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so  withdrawn  or  folded  that,  for  critical  examination, 
the  abdomen  or  a  large  part  of  it  must  be  removed  and 
the  genitalia  specially  prepared  as  follows: 

(1)  Carefully  remove  the  abdomen  by  grasping  it  with 
forceps  as  close  as  possible  to  the  thorax.  Bending  it 
slightly  upward,  then  downward,  will  usually  break  it 
free  of  the  specimen.  It  is  well  to  perform  this  opera- 
tion over  a  small  dissecting  dish  containing  water  or  70 
percent  ethanol  into  which  the  part  can  fall.  If  the  spec- 
imen is  in  a  fluid  and  therefore  soft,  the  abdomen  may 
be  severed  with  fine  scissors. 

(2)  Place  the  severed  abdomen  in  a  small  beaker  or  cru- 
cible containing  three  pellets  of  sodium  hydroxide 
(NaOH)  in  about  10  ml  of  water.  Then  set  the  container 
on  a  hotplate  at  a  temperature  a  little  above  that  needed 
to  boil  the  solution.  It  is  well  to  place  a  cover  loosely 
over  the  container  to  prevent  the  specimen  from  being 
thrown  out  and  lost  if  the  solution  'bumps'  when  heat- 
ing, or  to  use  a  copper-mesh  screen  between  the  hot- 
plate and  crucible  to  eliminate  'bumping.'  Allow  the 
solution  with  the  specimen  in  it  to  boil  for  1  minute. 
Great  care  must  be  taken  to  avoid  getting  hot  or  cold 
NaOH  or  caustic  on  any  part  of  the  person.  If  that 
should  happen,  wash  it  off  immediately  with  plenty  of 
water. 

(3)  Remove  the  specimen  with  forceps  and  return  it  to 
the  dissecting  dish.  Examine  it  to  see  that  muscles  and 
most  internal  organs  have  been  dissolved.  If  not  com- 
pletely so.  return  the  specimen  to  the  solution  and  heat 
it  a  little  more. 

(4a)  When  the  specimen  is  well  macerated,  take  a  pair 
of  No.  1  stainless  steel  insect  pins,  glued  in  wooden 
handles  with  a  drop  of  epoxy,  and  pry  the  genitalia  into 
an  extended  position.  Clear  away  unwanted  parts  or 
debris,  or  if  much  unwanted  material  is  present,  trans- 
fer the  specimen  to  a  clean  dish  of  70  percent  ethanol. 
Water  or  dilute  alcohol  is  better  than  glycerin  in  which 
to  examine  small,  colorless  specimens,  partly  because 
fine  structures  are  more  clearly  visible.  The  water  may 
be  tapwater,  but  it  should  be  boiled  before  use  to 
remove  dissolved  gases  that  may  collect  on  and  in  the 
specimen  and  be  very  difficult  to  remove.  The  specimen 
then  may  be  examined  and  identified  or,  if  necessary,  it 
may  be  placed  in  an  aqueous  solution  of  a  few  grains 
of  dry  Mercurochrome  for  staining  (see  p.  36).  The 
specimen  may  be  held  at  various  angles  with  a  bent 
piece  of  minuten  and  even  sketched.  If  it  is  to  be 
preserved  for  permanent  reference,  the  decision  must 
be  made  whether  to  store  it  in  a  microvial  or  to  mount 
it  on  a  microscope  slide. 

(4b)  Another  useful  method  when  several  specimens 
are  to  be  identified  simultaneously  includes  using  a 
'spot,'  'well,'  or  'depression'  plate,  which  is  a  white  or 
black  ceramic  dish  with  generally  12  wells  on  the  sur- 
face. The  same  number  of  wells  are  utilized  as  the 


number  of  specimens  to  be  identified.  (When  using 
more  than  one  specimen,  be  absolutely  certain  that  the 
abdomens  are  properly  associated  with  the  correct 
specimens.  To  insure  this,  place  the  abdomens  in  the 
wells  in  the  same  order  or  configuration  as  the  speci- 
mens are  arranged  in  their  holding  container,  and  mark 
one  side  of  the  plate  to  indicate  its  orientation.)  To 
each  well  add  water  and  one  pellet  of  NaOH  with  for- 
ceps. After  the  NaOH  has  dissolved,  place  one  ab- 
domen or  part  of  it  in  each  depression,  and  warm  the 
plate  gently  under  an  incandescent  bulb  for  about  1 
hour.  After  some  of  the  water  has  evaporated,  replace  it 
with  fresh  distilled  water.  Also  at  this  time,  examine 
the  abdomens  and  press  out  any  large  air  bubbles  trapped 
within  that  might  prevent  penetration  of  the  caustic. 
Then  reposition  the  plate  under  the  bulb.  A  thin  stream 
of  macerated  tissues  soon  will  be  seen  to  issue  from 
the  abdomens  into  the  fresh  solution.  After  an  hour  or 
so,  depending  on  the  degree  of  maceration  desired, 
transfer  the  abdomens  for  a  few  minutes  to  the  wells  of 
a  second  plate  that  you  have  filled  with  70-80  percent 
alcohol  to  which  has  been  added  a  small  amount  of 
acetic  acid  to  neutralize  the  caustic.  While  in  these 
wells,  the  abdomens  may  be  gently  manipulated  to 
remove  any  remaining  tissues.  Wash  and  dry  the  first 
plate,  place  2  drops  of  glycerin  in  each  well,  top  with 
70-80  percent  alcohol,  and  transfer  the  abdomens  to 
this  plate,  using  care  to  keep  them  in  the  proper  order. 
The  abdomens  may  now  be  examined  or  left  in  a  clean 
open  place  for  several  days  if  necessary.  The  glycerin 
will  not  evaporate.  If  the  genitalia  are  to  be  permanent- 
ly preserved,  place  the  parts  in  a  microvial  as  described 
on  page  39. 

Mount  the  specimen  on  a  microscope  slide  only  if  it  is 
relatively  flat  and  all  needed  characters  can  be  seen  in 
the  final  position.  For  example,  the  ovipositors  of  fruit 
flies  (Tephritidae)  are  flat  enough  that  they  may  be  fully 
extended  and  the  ovipositor  and  sheath,  including  sper- 
mathecae,  can  be  mounted  on  a  slide  with  all  necessary 
characters  well  displayed.  The  postabdomens  of  the 
male  tephritids,  however,  are  ill  suited  to  such  treat- 
ment because  they  are  about  as  thick  as  they  are  wide 
and  must  be  examined  in  profile  as  well  as  in  ventral 
and  posterior  view. 

(5a)  If  the  specimen  is  to  be  mounted  on  a  slide,  place 
it  in  a  small  dish  of  95  percent  ethanol  for  a  short  time 
(1  minute  is  usually  sufficient),  then  add  a  drop  or  more 
as  needed  of  Euparal  on  a  slide.  Remove  the  specimen 
from  the  ethanol  and  immediately  place  it  in  the  de- 
sired position  in  the  Euparal.  Break  any  large  bubbles 
present  before  carefully  lowering  the  cover  glass.  If  in- 
sufficient Euparal  is  present  to  run  to  the  entire  cir- 
cumference of  the  cover  glass,  add  a  little  more  at  the 
edge  of  the  cover  glass  until  a  light  pressure  on  the  top 
of  the  specimen  through  the  cover  glass  brings  the 
Euparal  to  the  entire  edge.  Label  the  slide  and  allow  it 
to  cure  (see  p.  37)  overnight  in  a  warm  oven  or  for  a  few 
days  in  a  clean  open  place  to  make  it  usable.  Small 
bubbles  will  disappear,  and  the  specimen  will  become 
a  little  more  transparent. 
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Figure  23.  Specimen-microvial  mount  for  stor- 
ing genitalia  preparations  on  same  pin  with 
specimen  from  which  abdomen  was  removed. 

With  the  aid  of  an  ocular  grid  in  the  microscope,  the 
genitalia  may  be  examined  and  even  sketched  when  ly- 
ing in  a  small  dish  of  water,  which  gives  more  contrast 
than  glycerin  to  delicate  structures  that  may  be  dif- 
ficult to  see.  The  object  may  be  held  in  place  with  a 
minuten  bent  in  the  shape  of  the  letter  'L,'  which  is  laid 
over  it  or  pierces  it  at  a  convenient  place.  A  bit  of 
petroleum  jelly  will  hold  a  preparation  in  place,  but  the 
jelly  must  be  dissolved  before  the  specimen  is  replaced 
in  a  microvial  or  mounted  on  a  slide. 

(5b)  If  the  specimen  is  not  suitable  for  mounting  on  a 
slide,  it  may  be  kept  in  a  microvial.  The  best  microvials 
are  made  of  transparent  plastic  with  neoprene  stoppers. 
Those  with  an  inner  lip  are  particularly  desirable.  The 
former  practice  was  to  use  glass  microvials  with  cork 
stoppers,  but  the  tannin  in  the  cork  is  injurious  both  to 
the  specimen  and,  when  wet  with  the  glycerin  in  which 
the  specimen  is  kept,  to  the  pin  on  which  the  prep- 
aration is  held.  Whatever  kind  of  microvial  is  used, 
before  placing  the  specimen  in  the  vial,  add  just 
enough  glycerin  to  the  bottom  to  cover  the  specimen 
completely.  A  throwaway  injection  syringe  is  excellent 
for  this  purpose.  It  may  be  kept  filled  with  enough 
glycerin  for  many  preparations.  A  small  container  of 
squeezable  plastic  with  a  fine  tubular  nozzle  is  made 
for  modelmakers  to  dispense  plastic  cement.  It  is  also 


an  excellent  glycerin  dispenser.  After  placing  the  spec- 
imen in  the  vial,  add  the  stopper.  A  dull-pointed  pin  in- 
serted between  the  stopper  and  vial  allows  pressure  to 
escape  and  prevents  droppage  of  the  vial  from  the  stop- 
per, which  is  to  be  held  by  an  insect  pin,  preferably  the 
same  pin  carrying  the  specimen  from  which  the  geni- 
talia preparation  was  made  (fig.  23).  The  specimen  may 
be  removed  from  the  microvial  and  reexamined  in  water 
or  ethanol  solution  at  any  time  and  then  replaced. 

Reference:   743  (slide-mounting  genitalia  of 
Lepidoptera). 

Mounting  Wings.     Wings  of  many  kinds  of  insects  can 
be  mounted  on  microslides  for  detailed  study  or  photog- 
raphy. Those  covered  with  scales,  such  as  wings  of 
Lepidoptera  and  mosquitoes,  must  first  have  the  scales 
removed  or  at  least  bleached  for  study  of  the  venation. 

Wings  are  bleached  by  immersion  in  an  ordinary  laun- 
dry bleach  (sodium  hypochlorite  solution).  Wetting  them 
first  with  ethanol  will  activate  the  bleach.  Immersion  in 
the  bleach  for  1-3  minutes  is  usually  sufficient.  As  soon 
as  the  veins  become  visible,  remove  the  specimen  or 
part  from  the  bleach  and  wash  it  in  plain  water.  It  is 
frequently  desirable  to  remove  the  scales  under  water 
by  brushing  the  wings  carefully  with  a  fine  brush  or 
with  the  tip  of  a  small  feather.  The  descaled  wing  may 
then  be  stained,  if  desired,  in  eosin-Y  or  in  an  aqueous 
solution  of  Mercurochrome  for  a  few  to  several  hours 
and  then  washed  again.  The  wing  is  then  ready  for 
mounting  as  described  here,  or  it  may  be  allowed  to  dry 
on  a  slide,  then  placed  under  a  cover  glass,  and  the 
cover  glass  ringed  with  fingernail  polish  or  ringing  com- 
pound to  hold  it  in  place. 

Wings  not  needing  descaling  may  be  removed  from  a 
fresh  specimen  or  one  that  has  had  a  drop  of  house- 
hold ammonia  (containing  detergent)  placed  at  the  base 
of  the  wing  and  allowed  to  stand  in  a  closed  receptacle 
for  about  an  hour.  The  wing  may  be  removed  with  fine- 
pointed  forceps  by  piercing  the  body  cuticle  surround- 
ing the  wing  base  and  then  pulling  the  wing  loose.  In 
this  way,  one  may  be  assured  of  obtaining  the  complete 
wing,  even  with  basal  sclerites  if  desired.  The  wing  is 
then  wet  with  70  percent  ethanol  and  placed  in  plain 
water  for  about  10  minutes  to  soften  it.  It  is  often 
desirable,  if  the  wing  is  from  a  dried  specimen,  to  place 
it  in  water  that  is  then  carefully  heated  until  it  barely 
starts  to  boil.  This  will  aid  in  removing  air  from  the 
larger  veins.  While  the  wing  is  in  the  water,  carefully 
remove  any  dirt  that  may  be  present  with  a  fine  brush, 
but  avoid  removing  fine  hairs  and  setae.  Also  remove 
any  unwanted  parts  of  body  cuticle  and  muscles  at  the 
base  of  the  wing. 
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Then  place  the  wing  for  about  half  a  minute  in  95  per- 
cent ethanol  while  adding  a  few  drops  of  Euparal  to  a 
slide.  Remove  the  wing  from  the  ethanol  and  immedi- 
ately place  it  in  the  Euparal  on  the  slide.  Position  the 
wing  as  desired,  turning  it  over  if  necessary  and  mak- 
ing sure  that  its  basal  part  is  well  stretched  out.  Alter- 
natively, especially  with  very  delicate  wings,  it  is  usual- 
ly better  to  arrange  the  wet  wing  on  the  bare  slide  first, 
then  pour  the  mounting  medium  on  top.  Carefully  apply 
a  cover  glass,  touching  it  to  one  side  of  the  Euparal 
first  at  a  slight  angle  from  horizontal  to  avoid  entrap- 
ping bubbles.  Press  the  cover  glass  down  on  the  wing 
carefully  to  expand  it  as  much  as  possible  and  to  force 
bubbles  out  of  the  basal  veins  and  elsewhere.  Then 
cure  the  slide  in  a  warm  oven  overnight  or  in  the  open, 
clean  air  for  a  few  days. 

Mounting  Larvae  of  Diptera,  Coleoptera,  Lepidoptera, 
and  Other  Groups.     The  study  of  the  immature  stages 
of  many  insects  is  of  great  importance  for  identifica- 
tion purposes,  but  special  techniques  are  usually  needed 
because  of  their  soft  cuticle.  Immature  insects  of  most 
groups  are  seldom  suitable  for  preservation  in  a  dry 
condition.  A  method  given  here  for  preparing  dipterous 
larvae  may  also  be  used  for  immatures  of  some  other 
groups.  Dipterous  larvae,  especially  those  of  the  higher 
Diptera,  have  mouthparts,  a  cephalopharyngeal  skele- 
ton, anterior  and  posterior  spiracular  structures,  anal 
plates,  cuticular  spicules,  and  other  features  that  are 
important  for  their  systematic  study,  but  these  parts 
usually  must  be  examined  at  high  magnification  and  re- 
quire special  treatment.  The  larvae  of  Diptera,  Coleop- 
tera, Lepidoptera,  and  many  other  groups  are  best  killed 
in  boiling  water  because  it  leaves  them  in  good  condi- 
tion for  critical  examination. 

For  cursory  examination  of  the  internal  cephalopharyn- 
geal skeleton,  place  the  larva  with  no  more  fluid  than 
will  adhere  to  it  in  a  dissecting  dish.  Pierce  the  cuticle 
in  a  few  places  near  the  anterior  end  of  the  larva  and 
apply  a  few  drops  of  pure  liquid  phenol  there.  Be  care- 
ful not  to  get  any  phenol  on  your  skin;  wash  with  water 
if  you  do.  In  a  short  time  the  tissues  will  become  as 
clear  as  glass.  The  larva  may  be  returned  to  75  percent 
ethanol  after  examination,  when  the  tissues  will  again 
become  opaque. 

For  more  detailed  and  permanent  preparation  of  larvae, 
place  the  larva  in  water  in  a  dissecting  dish  and  cut  the 
cuticle  with  fine  dissecting  scissors  along  one  side, 
starting  close  to  the  anterior  end,  passing  below  the 
lateral  spiracle,  and  continuing  almost  to  the  posterior 
end.  Then  place  the  larva  in  an  NaOH  solution  and  boil 
as  described  on  page  38.    When  the  larva  is  well  mac- 
erated, remove  the  body  contents,  almost  separate  the 
posterior  spiracular  area  from  the  remainder  of  the 
skin,  and  pull  the  cephalopharyngeal  skeleton  a  short 
way  out  of  the  body.  Place  the  skin  in  95  percent 
ethanol  while  adding  a  few  drops  of  Euparal  on  a  slide. 
Then  put  the  skin  in  the  Euparal,  opened  outward  so 


that  the  cephalopharyngeal  skeleton  with  the  mouth 
hooks  lies  away  from  the  skin  and  the  posterior  spi- 
racular area  lies  with  both  spiracles  upward.  Apply  the 
cover  glass  and  carefully  press  it  into  place.  This 
should  give  a  clear  view  under  high  magnification  of 
the  cephalopharyngeal  skeleton  in  lateral  view,  the 
anterior  spiracles,  all  structures  of  dorsum  and  venter 
of  one  side,  anal  plates,  and  posterior  spiracles.  The 
last,  often  somewhat  domed  or  on  conical  protuber- 
ances, may  be  distorted,  but  the  sunray  hairs  and  rela- 
tionships of  one  spiracle  to  the  other  should  be  easily 
observed. 

As  with  the  genitalia,  the  larval  skin  is  sometimes  best 
preserved  in  glycerin  in  a  microvial. 


Other  parts  of  the  insect  body,  such  as  antennae,  legs, 
and  palpi,  may  be  mounted  on  slides  in  Euparal  in  the 
same  manner  as  described  for  the  genitalia,  wings,  and 
larvae. 

The  references  cited  here  concern  specialized  pro- 
cedures for  making  slide  mounts  of  lepidopterous 
genitalia  (780)  and  methods  using  Canada  balsam  {363) 
for  aphids,  scale  insects,  and  various  other  small  in- 
sects. For  methods  to  use  with  mites  (Acarina),  see 
references  on  page  52.  Further  procedures  are  also 
given  in  the  Appendix. 

References:   780,  363,  463. 

Labeling 

To  have  any  scientific  value,  specimens  must  be  ac- 
companied by  a  label  or  labels  giving,  as  a  very  mini- 
mum, information  about  where  and  when  the  specimen 
was  collected,  who  collected  it.  and,  if  pertinent,  from 
what  host  or  food  plant.  During  preparation  and  mount- 
ing, specimens  should  bear  temporary  labels  with  this 
information,  and  any  time  a  sample  is  subdivided,  the 
label  must  be  copied  so  that  every  specimen  continues 
to  be  accompanied  by  the  data.  Many  collectors  keep  a 
field  notebook  to  record  more  detailed  information, 
such  as  general  ecological  aspects  of  the  area,  abun- 
dance and  behavior  of  the  specimens,  and  any  other 
observations  noted  at  the  time  of  collection.  A  system 
of  code  numbers  may  be  used  to  associate  field  notes 
with  the  specimens  collected;  however,  the  code  num- 
ber should  appear  in  addition  to  the  basic  data  on  the 
label  with  the  specimen.  A  code  number  by  itself  is 
never  a  valid  permanent  label  for  a  specimen. 

Paper 

The  paper  used  for  making  labels  should  be  heavy  enough 
so  that  the  labels  remain  flat  and  do  not  rotate  loosely 
on  the  pin.  The  surface  of  the  paper  should  be  smooth 
enough  to  write  on  with  a  fine  pen.  Linen  ledger  paper, 
100  percent  rag  and  of  36-pound  weight,  is  best.  Smooth 
calendered,  two-ply  bristolboard  is  also  good;  it  is 
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usually  obtainable  from  art  supply  stores.  Also  desir- 
able is  a  heavy,  high-rag-content  paper,  used  for  pro- 
fessional-grade herbarium  sheets;  it  may  be  obtained 
from  biological  supply  houses.  Labels  made  from  poor 
quality  paper  become  yellow  and  brittle  with  age,  tend 
to  curl,  disintegrate  in  liquid  preservatives,  and  are 
generally  unsatisfactory. 

Ink 

The  ink  should  be  a  good  grade  of  India  ink  that  is  per- 
manent and  will  not  "run"  if  the  labels  are  placed  in 
jars  or  vials  of  liquid  preservative.  Be  sure  the  ink  is 
completely  dry  before  placing  the  label  in  the  liquid.  It 
is  also  helpful  to  use  a  waterproofing  spray  (artist's  fix- 
ative) on  the  labels  after  they  are  dry.  India  ink  is  not 
always  available  when  collecting  in  the  field.  However, 
labels  written  with  a  firm  hand  and  with  a  moderately 
soft  lead  pencil  are  satisfactory.  Do  not  use  ballpoint 
pens  or  hard  lead  pencils  for  labels  placed  in  liquids; 
the  writing  soon  fades  and  becomes  illegible. 

Lettered  and  Printed  Labels 

Labels  may  be  lettered  carefully  by  hand  with  a  fine- 
pointed  pen,  such  as  a  crow  quill.  Printed  labels,  with 
four-point  type,  are  preferable  and  are  advisable  if  more 
than  a  few  of  one  kind  are  needed.  They  may  be  printed 
with  blank  spaces  left  for  the  date,  or  the  full  data  may 
be  printed.  Typewritten  labels  may  alternatively  be 
photographed  with  the  proper  reduction  in  size  and 
prints  made  on  a  good  grade  of  paper.  Typewriters  with 
carbon  tape  may  be  used  to  make  a  sheet  of  labels. 
Then,  on  a  copying  machine  that  can  reduce  the  image 
size,  copies  will  be  clear  and  legible  at  the  needed 
reduction,  but  they  cannot  be  made  on  sufficiently 
heavy  paper.  Therefore,  such  copies  should  be  firmly 
cemented  with  a  casein  glue  to  another  thin  sheet  of 
good  paper  and  well  dried  under  pressure  to  keep  them 
flat.  Then  good  permanent  labels  can  be  cut  from  the 
sheets.  The  newer  photo-offset  methods  can  also  pro- 
duce satisfactory  labels  from  typewritten  copy,  but  the 
proper  kind  of  paper  must  be  specified.  Printed  labels 
may  also  be  ordered  from  a  commercial  firm,  and  this 
is  often  the  most  satisfactory  approach. 

Size  of  Labels 

One  must  seek  a  middle  ground  between  the  size  of  the 
insect  on  a  pin  and  the  amount  of  data  a  label  will 
hold.  Inasmuch  as  most  insects  are  small  and  the 
amount  of  necessary  data  takes  up  more  space  than 
most  of  the  insects,  try  to  make  labels  of  a  certain 
maximum  size  and  use  more  than  one  label  if  more 
data  are  needed  than  can  be  put  on  one  label.  Never 
use  more  than  one  side  of  a  label.  The  maximum  size  is 
about  8  by  18  mm,  or,  in  4-point  type,  5  lines  of  5  pica 
length,  or  about  13  capital  letters;  however,  commercial 
labels  can  be  much  smaller.  Large  beetles  and  butter- 
flies need  larger  labels,  but  avoid  so-called  "barndoor" 
labels  because  they  do  not  hold  well  on  a  pin.  Even 
with  very  small  insects,  do  not  skimp  on  the  amount  of 
data  just  to  make  a  small  label.  One  advantage  of  us- 
ing moderately  large  labels  with  small  insects  is  that  if 


a  pin  with  such  a  label  is  accidentally  dropped,  the  la- 
bel will  often  keep  the  insect  from  being  damaged.  If 
capital  and  lowercase  letters  are  used,  it  is  not  neces- 
sary to  use  spaces  between  words,  as  JBSmith,  NewYork, 
LittleFalls.  If  there  is  any  chance  of  ambiguity,  it  is 
best  to  use  full  spellings  if  there  is  sufficient  room. 
With  only  one  line  of  data,  the  label  should  be  wide 
enough  so  that  when  the  pin  is  inserted,  all  data  are 
legible. 

Label  Data 

The  indispensable  data  must  answer  the  questions  of 
where,  when,  and  who,  in  that  order  and  as  exactly  as 
feasible.  Only  the  size  of  the  label  should  limit  the 
amount  of  data.  This  kind  of  data,  usually  known  as 
locality,  date,  and  collector  data,  should  be  given  as 
follows: 

(1)  Locality.  The  collection  locality  should  be  given  in 
such  a  manner  that  it  can  be  found  on  any  good  map.  If 
the  place  is  not  an  officially  named  locality,  it  should 
be  given  in  terms  of  approximate  direction  and  dis- 
tance from  such  a  locality,  or  the  coordinates  of  lati- 
tude and  longitude  may  be  given.  The  Smithsonian  In- 
stitution (U.S.  National  Museum)  recommends  that  for 
localities  in  the  United  States  and  Canada,  the  name  of 
the  State  or  Province  be  spelled  in  capital  letters,  such 
as  ONTARIO,  ALBERTA,  MARYLAND,  NEW  YORK,  and 
SO.  CAROLINA.  This  method  should  also  be  used  for 
foreign  countries,  as  ENGLAND,  PAKISTAN,  GERMANY 
(WEST),  and  SRI  LANKA.  Then,  if  at  all  feasible,  the 
next  subordinate  region  should  be  cited  in  capitals  and 
lowercase  letters,  such  as  counties  and  parishes  in  the 
United  States  and  Canada  and  provinces  elsewhere. 
Here  are  a  few  examples,  with  a  virgule  (/)  indicating 
the  end  of  a  line:  ARIZONA/CochiseCo./15kmNEPearce 

(  =  15  km  northeast  of  Pearce);  NEWFOUNDLAND/ 
Hermitage  Dist./12kmWStAlbans;  EGYPT  Cairo/SuezRoad 
38kmW/Suez;EGYPTMud.-AI-ATahrir22km/SWAbulMatamir; 
or  EGYPT/Mud.-AI-Tahrir/30°05'E,30°15'N.  Current  two- 
letter  abbreviations  for  States  and  zip  codes  should  not 
be  used  because  they  are  not  self-explanatory  and  may 
not  be  permanent. 

(2)  Date.  Cite  day,  month,  and  year  in  that  order,  pref- 
erably using  the  international  convention  of  writing  day 
and  year  in  Arabic  numerals  and  the  month  in  Roman 
numerals  without  a  line  over  and  under  the  numerals.  It 
is  best  to  place  a  period  or  short  dash  between  each 
number,  for  example,  4. VII. 1978  (=  July  4,  1978), 

5. V. 1909,  5-V-1909.  If  a  few  consecutive  days  have  been 
spent  collecting  in  one  locality  but  not  more  than  a 
week,  the  extreme  days  may  be  cited,  for  example, 
5-9.V.1909;  or  if  3  consecutive  nights  of  light  trapping 
were  at  one  spot,  the  median  day  may  be  cited,  as 
8. VIII. 1984  for  trapping  done  on  the  nights  of  the  7th  to 
9th  of  August  1984.  For  reared  specimens,  the  dates  of 
collection  of  the  immature  stages  and  of  adult  emer- 
gence should  be  cited,  as  pupa  10.VI.1980,  em.24.lll.1981, 
indicating  that  the  pupa  was  collected  on  10  June  1980 
and  the  adult  emerged  on  24  March  1981. 
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(3)  Collector.  Spell  the  last  name  of  the  collector  or  col- 
lectors, using  initials  for  given  names  if  space  permits. 
If  the  last  name  is  a  common  one.  such  as  Smith,  Jones, 
or  Williams,  always  include  initials,  and  if  a  group  with 
more  than  three  collectors,  use  the  leader's  name  fol- 
lowed by  et  al. 

(4)  Other  Data.  It  is  especially  important  to  cite  hosts 
of  parasites  and  plant-feeding  insects  when  known. 
Details  of  the  habitat,  such  as  elevation,  ecological 
type,  and  conditions  of  collection,  are  all  important  and 
are  usually  put  on  a  label  in  addition  to  the  primary 
data.  Such  data  are  "swept  from  Salsola  kali,"  "Mal- 
aise trap,  reared  ex  human  feces,"  "McPhail  trap  in  orange 
grove,"  "at  light,"  "3,200  m,"  "sandy  beach,"  and 
"under  bark  dead  Populus  deltoides."  Do  not  use  ver- 
nacular names  of  hosts  unless  the  host  is  common  and 
widespread,  such  as  orange  or  horse.  If  the  specific 
name  of  a  host  is  not  known,  at  least  give  the  genus. 
"Vaccinium  sp."  is  better  than  no  name  or  "huckle- 
berry." Even  the  family  name  of  the  host  is  helpful  if  no 
more  specific  name  is  available.  The  presumed  nature 
of  the  association  between  insect  and  plant  should  be 
clearly  indicated,  for  example,  "Resting  on  flowers  of 
Vaccinium  sp."  The  word  "ex"  (Latin  for  "out  of") 
should  mean  that  the  insect  was  observed  feeding  on 
or  in  or  was  bred  from  the  mentioned  plant. 

As  noted  earlier,  it  is  advisable  to  keep  a  notebook,  in 
which  details  of  locality,  habitat,  and  other  important 
data  are  kept.  Each  individual  locality  may  be  assigned 
a  notebook  or  code  number  with  which  the  collecting 
jars  and  vials  are  marked  until  the  specimens  can  be 
prepared,  but  citation  of  such  a  number  on  permanent 
labels  is  virtually  useless.  Even  when  large  files  of  such 
data  are  kept,  they  are  seldom  available  many  years 
later  when  a  researcher  needs  to  know  what  a  cited 
notebook  number  means. 

Placing  the  Labels 

For  double-mounted  insects,  insert  the  pin  through  the 
center  of  the  right  side  of  the  label  (fig.  24),  with  the 
long  axis  of  the  label  oriented  in  the  same  direction  as 
the  card  point.  Use  care  that  the  pin  is  not  inserted 
through,  and  thereby  obscuring,  the  writing  on  the  la- 
bel. For  specimens  mounted  by  direct  pinning,  the  label 
is  centered  under  the  specimen  with  the  long  axis  of 
the  label  coinciding  with  the  long  axis  of  the  specimen. 
The  left  margin  of  the  label  is  toward  the  head  of  the 
insect.  An  exception  to  this  is  when  specimens  have 
the  wings  spread,  such  as  Lepidoptera.  The  label  is 
always  alined  transversely,  at  right  angles  to  the  axis 
of  the  body,  with  the  upper  margin  toward  the  head. 
Labels  may  be  moved  up  the  pin  to  the  desired  height 
by  using  a  pinning  block  (fig.  19).  The  middle  step  of 
the  block  will  give  about  the  right  height  if  only  one 
label  is  used.  When  more  than  one  label  is  used,  space 
the  labels  on  the  pin  beneath  the  specimen  so  that  the 
information  on  the  labels  can  be  read  without  having  to 
move  any  of  them. 


Figure  24.  Correct  position  in  which  to  place 
labels  for  double-mounted  insects. 


Labeling  Vials 

Material  in  fluid  should  be  accompanied  by  a  single 
label  large  enough  to  include  all  data.  The  label  should 
be  written  with  a  moderately  soft  lead  pencil  or  in  India 
ink  and  well  dried  so  that  it  will  not  dissolve  or  run 
when  immersed  in  the  liquid.  Do  not  use  a  ballpoint  or 
felt-tip  pen.  Hard  lead  pencil  writing  becomes  illegible 
in  liquid.  Do  not  fold  the  label.  Small  specimens  may  be 
damaged  or  lost  when  the  label  is  removed.  Multiple 
labels  or  labels  small  enough  to  float  around  in  the  vial 
may  also  damage  specimens,  and  when  two  labels  lie 
face  to  face,  they  cannot  be  read.  Always  place  labels 
inside  the  vial  as  there  is  the  danger  that  if  left  outside 
a  vial,  regardless  of  the  method  or  substance  used  to 
affix  them,  they  may  become  defaced,  destroyed,  or 
detached. 

Labeling  Microscope  Slides 

To  label  microscope  slides,  use  square  labels  made  ex- 
pressly for  this  purpose  and  obtainable  from  biological 
supply  houses.  Labels  with  pressure-sensitive  cement 
are  now  available.  They  are  far  superior  to  the  older 
labels,  which  often  came  off.  Put  as  much  data  on  the 
label  as  feasible,  including  the  kind  of  mounting  med- 
ium used  in  case  remounting  is  needed.  Many  workers 
use  a  label  on  each  side,  reserving  one  for  the  species 
determination.  Never  put  labels  on  the  underside  of  a 
slide. 
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Identification  Labels 

When  specimens  are  sent  to  an  expert  for  identifica- 
tion, they  should  be  accompanied  by  permanent  collec- 
tion labels  giving  all  essential  data.  If  associated  field 
notes  are  available,  copies  of  these  should  accompany 
the  specimens.  When  the  identification  has  been  made, 
the  scientific  name  of  the  specimen  and  the  name  of 
the  identifier  should  be  printed  on  a  label  associated 
with  the  specimen.  On  pinned  specimens,  this  informa- 
tion is  always  printed  on  a  separate  label  placed  below 
the  collection  label  or  labels  on  the  same  pin.  When  a 
series  of  specimens  consists  of  the  same  species,  the 
identificaton  label  is  often  placed  only  on  the  first 
specimen  in  the  series,  with  the  understanding  that  all 
other  specimens  to  the  right  in  that  row  and  in  follow- 
ing rows  belong  to  the  same  species.  The  series  ends 
with  another  specimen  bearing  an  identification  label. 
Identifications  for  specimens  preserved  in  alcohol  or  on 
slides  may  be  written  on  the  same  label  as  the  collec- 
tion data  or  on  a  separate  label,  depending  on  the 
preference  of  the  collector  or  person  making  the 
identification. 

Care  of  the  Collection 

If  care  is  taken  and  a  few  basic  precautions  are  followed, 
a  collection  of  insects  or  mites  can  be  maintained  in- 
definitely. The  information  given  here  is  general;  institu- 
tions and  individuals  will  want  to  adapt  materials  and 
procedures  to  fit  their  own  needs  and  resources. 

Housing  the  Collection 

The  adoption  of  standard  equipment  for  housing  a  col- 
lection is  advantageous  as  it  assures  uniformity  of  con- 
tainers when  additions  are  necessary.  Standard  equip- 
ment is  obtainable  from  any  of  several  supply  houses. 

Material  preserved  in  liquid  usually  needs  no  attention 
other  than  occasional  replacement  of  preservative  and 
stoppers.  Small  vials  may  be  stored  in  racks  so  that  the 
stoppers  are  not  in  contact  with  the  liquid.  The  use  of 
storage  racks  for  vials  expedites  rearrangement  and  ex- 
amination of  the  material.  Vials  should  be  examined 
periodically  to  be  sure  the  specimens  do  not  become 
dry.  If  it  is  not  possible  to  inspect  the  vials  frequently, 
those  containing  larvae  or  large  insects  should  have 
their  stoppers  replaced  by  cotton  plugs.  Several  such 
vials  can  be  placed  upside  down  in  a  single  large  jar 
filled  with  preservative.  Use  of  cotton  plugs  is  not 
recommended  for  very  small  or  delicate  specimens  be- 
cause they  may  become  entangled  in  the  cotton  fibers. 
Jars  with  screw  tops  or  clamping  lids,  as  are  used  in 
home  canning,  are  ideal,  but  jars  specifically  designed 
for  museum  use  can  be  obtained  from  biological  supply 
houses.  Stoppers  of  neoprene  or  other  synthetic  mate- 
rials generally  are  superior  to  cork  stoppers,  but  good 
quality  cork  stoppers  are  usually  preferred  to  plastic 
screw  tops,  which  often  are  easily  broken.  Many  of  the 
newer  flanged  plastic  stoppers  are  excellent. 


Microscope  slides  are  usually  stored  in  wooden  or 
plastic  boxes  obtainable  from  biological  supply  houses. 
The  inner  sides  of  the  boxes  are  slotted  to  hold  the 
slides  vertically  and  to  separate  them  from  one  an- 
other. Slide  boxes  are  available  in  sizes  made  to  hold 
from  50  to  100  or  more  slides.  If  the  slides  are  to  be 
stored  vertically,  it  is  important  that  they  be  thoroughly 
cured  before  storage  or  the  cover  glasses  may  slip. 
Some  workers  store  the  slide  boxes  on  their  sides  so 
that  the  slides  rest  horizontally.  This  is  especially 
desirable  if  the  slides  are  made  with  Hoyer's  medium, 
which  may  become  soft  under  very  humid  conditions. 
Several  slide-filing  systems  are  available  from  suppli- 
ers, but  whatever  system  is  used,  care  should  be  taken 
to  assure  that  additional  similar  equipment  will  be 
available  in  the  future  for  expansion  of  the  collection. 

Small  plastic  slide  boxes,  usually  made  to  hold  five 
slides,  are  convenient  for  keeping  slides  in  a  unit-tray 
system  along  with  pinned  specimens.  This  is  especially 
desirable  when  genitalia  are  mounted  on  slides,  because 
it  is  readily  apparent  to  visiting  researchers  examining 
the  pinned  specimens  that  such  slides  are  available. 

Pinned  specimens  are  best  kept  in  one  of  the  types  of 
standard,  commercially  available  insect  drawers,  avail- 
able in  U.S.  National  Museum,  California  Academy  of 
Sciences,  Cornell,  or  Schmitt  sizes.  Larger  collections 
usually  use  the  unit-tray  system,  with  various  sizes  of 
unit  trays  made  to  fit  into  a  drawer.  The  pinning  bot- 
toms of  both  the  unit  trays  and  boxes  are  now  general- 
ly made  of  polyethylene  foam.  The  older  standard  was 
pressed  cork,  but  that  was  extremely  variable  in  quality 
and  usually  contained  enough  tannin  to  corrode  pins 
and  eventually  to  cement  the  pins  firmly  into  the  pin- 
ning material.  Polyethylene  foam  is  now  available  in 
large  sheets  to  be  cut  to  the  desired  size  and  cemented 
into  boxes  or  unit  trays. 

A  serviceable  substitute  for  polyethylene  is  6-mm-thick 
balsa  wood  boards,  obtainable  from  modelmaker  supply 
houses.  These  boards  should  be  individually  selected 
for  softness  because  they  are  frequently  excessively 
hard.  Another  good  substitute,  especially  for  temporary 
storage  of  pinned  specimens,  is  double-thickness  cor- 
rugated board,  which  is  often  used  to  separate  layers 
or  rows  of  cans  in  cartons.  Single-thickness  corrugated 
board  will  not  hold  an  insect  pin  firmly,  and  the  harder 
board  used  for  making  cartons  is  not  usable. 

Any  box  used  to  store  insect  specimens  must  be  nearly 
airtight  to  keep  out  museum  pests— dermestid  beetles, 
psocids  (booklice),  and  certain  other  insects— which 
will  quickly  devour  or  at  least  make  a  shambles  of  a 
collection.  These  pests  find  their  way  even  into  the 
best  boxes  or  insect  drawers,  and  constant  vigilance  is 
necessary. 
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Protecting  Specimens  From  Pests  and  Mold 

Fumigation  of  all  insect  storage  boxes  is  necessary. 
The  best  made  insect  drawers  provide  for  chemical  fum- 
igants.  Two  of  the  most  widely  used  fumigants  are 
paradichlorobenzene  (PDB)  and  naphthalene,  both  of 
which  are  obtainable  in  balls  or  flakes.  Never  mix  PDB 
with  naphthalene  as  they  react  chemically  and  produce 
a  liquid  that  may  damage  the  collection. 

Solid  fumigants  should  not  be  placed  loose  in  a  box  of 
pinned  specimens.  If  crystals  or  flakes  are  used,  a 
small  quantity  should  be  placed  in  a  little  cloth  bag  or 
in  a  pillbox  with  the  top  perforated  with  tiny  holes.  This 
container  is  pinned  firmly  into  one  corner  of  the  box  of 
specimens.  Mothballs  may  be  pinned  in  a  box  by  attach- 
ing the  mothball  to  the  head  of  an  ordinary  pin.  This  is 
done  by  heating  the  pin  and  forcing  its  head  into  the 
mothball.  When  moving  boxes,  be  careful  that  the  moth- 
balls and  fumigant  containers  do  not  come  loose  and 
damage  the  specimens. 

To  kill  pests  that  are  actively  damaging  a  collection, 
you  may  need  to  use  a  liquid  fumigant,  which  acts 
more  rapidly  than  solid  fumigants.  Examples  of  liquid 
fumigants  are  carbon  disulfide,  carbon  tetrachloride, 
chloroform,  ethyl  acetate,  and  ethylene  dichloride. 
Because  liquid  fumigants  volatilize  rapidly,  may  be 
flammable,  and  are  toxic  to  humans,  use  extreme  care. 
Work  outdoors  if  possible  and  use  some  kind  of  fumi- 
gation chamber.  A  large  plastic  bag  will  serve  this  pur- 
pose. A  cotton  ball,  saturated  with  a  liquid  fumigant,  is 
placed  in  the  infested  box,  which  in  turn  is  placed  in 
the  fumigation  chamber  or  plastic  bag.  One  day  in  the 
chamber  usually  is  sufficient  to  kill  the  pests. 

Another  useful  method  to  kill  pests  in  a  collection  is  to 
cut  strips  of  dichlorvos  into  small  pieces  and  place 
them  in  the  insect  drawers.  This  method  gives  a  fairly 
rapid  kill  while  avoiding  the  hazards  of  using  flam- 
mable liquids.  To  keep  museum  pests  out  of  Riker 
mounts  and  other  display  cases,  sprinkle  naphthalene 
flakes  on  the  cotton  when  the  mount  is  prepared. 
Papered  specimens  should  be  kept  in  boxes  with  PDB 
or  naphthalene. 

All  fumigants  are  toxic  to  humans  to  some  extent,  and 
most  of  them  are  highly  flammable.  Even  PDB,  com- 
monly sold  for  household  use,  is  now  considered  toxic 
to  some  degree.  Before  using  any  fumigant,  it  is  well  to 
find  out  as  much  as  possible  about  its  properties. 

Another  serious  problem  with  insect  collections,  espe- 
cially in  moist,  warm  climates,  is  mold,  a  kind  of 
fungus  that  readily  attacks  and  grows  on  insect  spec- 
imens. Once  a  specimen  has  become  moldy,  nothing 
can  be  done  to  restore  it.  If  only  a  few  filaments  or 
hyphae  of  mold  are  present  on  a  specimen,  they  may 
be  removed  carefully  with  forceps  or  with  a  fine  brush 
and  the  specimen  dried  well  in  a  warm  oven  and  then 
restored  to  the  collection.  Only  keeping  the  collection 


in  a  dry  place  will  prevent  mold.  In  humid  climates  it  is 
sometimes  necessary  to  keep  insect  and  other  kinds  of 
collections  in  rooms  with  artificial  dehydration.  Some 
microscope-slide  mounting  media  are  also  subject  to 
molding. 

Reference:  243. 

Packing  and  Shipping  Specimens 

In  mailing  insects  and  mites,  there  is  always  a  risk  of 
damaging  or  losing  specimens.  By  following  the  recom- 
mendations given  here,  the  risk  can  be  reduced  to  a 
minimum. 

Packing  Materials.     Cartons  may  be  of  strong  cor- 
rugated board  or  other  stiff  material;  wood  is  advisable 
for  overseas  shipments.  Screw-top  mailing  tubes  are 
good  for  small  items.  All  containers  must  be  large 
enough  to  include  ample  packing  material  to  minimize 
the  effects  of  jarring— a  minimum  of  5  cm  on  all  sides. 
The  packing  material  may  be  excelsior  or  shaved  wood, 
crumpled  newspapers,  or  foam  plastic  bits.  One  of  the 
best  materials  is  the  clear  plastic  sheet  material  with  a 
regular  pattern  of  bubbles  (bubble  pack  or  blister  pack). 
This  is  very  light  weight  and  has  excellent  shock-dead- 
ening properties. 

Pinned  Specimens.     Pinned  specimens  should  always 
be  placed  as  described  here  in  a  small  box  with  a  pin- 
ning bottom.  The  box  should  be  well  wrapped  and  placed 
in  a  larger  carton  with  at  least  5  cm  of  lightly  packed 
packing  material  between  it  and  the  carton  on  all  sides. 

(1)  Use  a  sturdy  pinning  box  with  a  good  pinning  bot- 
tom at  least  6  mm  thick  cemented  securely  to  the  bot- 
tom of  the  box.  The  box  should  have  a  tight  lid  or  one 
held  in  place  with  a  strip  of  masking  tape.  Do  not  mail 
specimens  in  an  open-top  museum  tray. 

(2)  Pin  the  specimens  firmly  into  the  pinning  bottom, 
leaving  enough  space  for  easy  removal.  Place  bracing 
pins  on  each  side  of  heavy  or  long-bodied  specimens  to 
prevent  them  from  rotating  (cartwheeling)  on  their  pins 
and  damaging  adjacent  specimens.  Microvials  should 
have  an  additional  pin  at  the  end  of  the  vial  to  keep  it 
from  coming  off  its  stopper.  Vials  other  than  microvials 
should  be  wrapped  in  a  box  separate  from  pinned 
specimens. 

(3)  Unless  the  box  in  which  the  specimens  are  pinned 
is  shallow  enough  so  that  the  heads  of  the  pins  almost 
touch  the  lid,  a  piece  of  firm  cardboard  should  be  cut 
to  fit  into  the  box  and  lie  on  top  of  the  pins.  If  there 
are  only  a  few  specimens  in  the  box,  a  few  extra  pins 
should  be  added  near  the  corners  to  keep  the  card- 
board level.  It  is  helpful  to  attach  a  tab  made  of  a  piece 
of  adhesive  tape  folded  double,  with  the  ends  left  free 
to  attach  to  the  top  of  the  inserted  cardboard.  The  in- 
sert may  be  lifted  out  by  the  tab.  The  space  between 
the  insert  and  the  lid  of  the  box  should  be  filled  with 
enough  packing  material,  preferably  cotton  batting,  not 


44 


excelsior  or  any  shredded  or  loose  material,  to  keep  the 
insert  pressed  lightly  against  the  tops  of  the  pins  when 
the  lid  is  in  place.  This  prevents  the  pins  from  working 
loose  and  wreaking  havoc  in  transit. 

(4)  If  only  one  or  two  specimens  are  being  shipped, 
they  may  be  placed  in  a  straight-sided  plastic  vial  with 
a  press-on  or  screw-on  top.  The  vial  should  be  of  suffi- 
cient diameter  to  hold  the  labels  in  a  normal  position. 
A  cork  stopper  cut  to  such  a  length  that  its  larger  end 
is  a  little  greater  in  diameter  than  that  of  the  inside  of 
the  vial  is  pressed  tightly  into  the  bottom  of  the  vial. 
This  will  provide  a  good  pinning  bottom  into  which  one 
or  two  pinned  specimens  may  be  firmly  pressed.  Attach 
the  cover  of  the  vial,  wrap  the  vial  in  enough  packing 
material  to  hold  it  firmly  in  a  mailing  tube,  attach  the 
cover  of  the  mailing  tube,  and  it  is  ready  to  ship. 

Although  it  is  good  practice  to  fumigate  boxes  before 
shipping,  do  not  leave  loose  fumigant  in  the  box  with 
the  specimens  nor  any  fumigant  balls  on  pins  in  con- 
tainers. They  are  especially  prone  to  work  loose  and 
damage  specimens. 

Specimens  in  Vials.     The  following  procedures  are 
recommended: 

(1)  Fill  each  vial  with  liquid  preservative.  Stopper  tightly 
by  holding  a  pin  or  piece  of  wire  between  the  vial  and 
the  stopper  to  permit  air  or  excess  fluid  to  escape,  then 
remove  the  pin  or  wire.  Make  certain  that  cork  stoppers 
do  not  have  defects  that  will  allow  leakage.  Screw-top 
vials  should  be  firmly  closed  and  sealed  with  a  turn 
and  a  half  of  plastic  adhesive  tape  around  the  lower 
edge  of  the  cap  and  part  of  the  vial.  There  is  no  need  to 
seal  with  paraffin;  it  often  breaks  loose  and  will  not 
prevent  leakage. 

(2)  Wrap  each  vial  with  cotton,  tissue,  paper  toweling, 
or  similar  material.  Allow  no  piece  of  glass  to  come 
into  contact  with  another  piece  of  glass.  Several  vials 
may  be  wrapped  together  or  held  with  tape  or  rubber- 
bands  as  a  unit,  or  they  may  be  placed  in  a  small  card- 
board box  with  enough  packing  to  insure  that  they  are 
not  shaken  around. 

Loading  Cartons.     After  pinned  specimens,  specimens 
in  vials,  or  both  have  been  prepared  properly,  they 
should  be  placed  in  a  strong  carton  large  enough  to 
hold  at  least  5  cm  of  packing  material  around  all  sides, 
including  the  top  and  bottom.  Use  enough  packing  ma- 
terial to  prevent  the  contents  of  the  carton  from  moving 
about,  but  do  not  pack  the  material  tightly.  It  should  be 
resilient  enough  to  absorb  shocks  and  prevent  damage 
to  the  contents  being  shipped.  One  or  a  few  vials  may 
be  shipped  in  a  mailing  tube  as  previously  described. 
When  shipping  more  than  one  box  or  packet  of  vials, 
tie  or  wrap  them  together  as  a  unit  before  placing  them 
in  the  larger  carton.  Individual  boxes  or  vials  otherwise 
may  easily  be  overlooked  and  lost  when  unpacked.  Since 
vials  of  specimens  in  fluid  are  much  heavier  than  boxes 


of  pinned  specimens,  cartons  containing  many  vials 
may  be  packed  somewhat  tighter  in  the  carton  than 
those  containing  only  pinned  specimens  since  they 
tend  to  remain  relatively  stationary  in  the  carton.  It  is 
not  necessary  to  ship  pinned  and  liquid-preserved  spec- 
imens in  separate  cartons,  but  if  there  are  many  of  the 
latter,  it  is  advisable  to  ship  them  separately. 

Shipping  Microscope  Slides.     First  of  all,  make  certain 
that  any  slide  shipped  is  thoroughly  dried  and  cured. 
Slides  may  be  shipped  in  holders  made  expressly  for 
that  purpose  and  available  commercially  from  biologi- 
cal supply  houses.  Even  in  these  holders  it  is  advisable 
to  wrap  a  little  soft  tissue  around  each  end  of  each 
slide  so  that  the  cover  glass  does  not  come  into  con- 
tact with  anything.  The  slides  may  also  be  shipped  in 
standard  storage  boxes  with  enough  soft  tissue  around 
each  end  of  each  slide  and  between  the  slides  and  the 
box  lid  to  prevent  movement.  The  box  should  then  be 
wrapped  to  hold  the  lid  down  firmly.  It  may  then  be 
treated  as  described  here  for  pinned  and  liquid- 
preserved  specimens.  The  wrapped  slide  container  may 
also  be  tied  together  with  units  of  pinned  or  liquid- 
preserved  specimens  or  both  and  placed  in  a  carton 
with  them.  If  no  slide  holders  are  available,  a  few 
slides,  each  wrapped  with  tissue,  may  be  tied  together 
at  each  end  with  tape,  rubberbands,  or  string,  wrapped 
in  strong  paper,  and  placed  in  a  mailing  tube  or  carton 
with  packing  material. 

Shipping  Live  Specimens.     Most  insects  and  mites  in- 
tended for  a  collection  or  submitted  to  experts  for  iden- 
tification should  not  be  shipped  alive.  To  protect  Amer- 
ican agriculture,  Federal  law  prohibits  the  importation 
and  movement  of  live  pests,  pathogens,  vectors,  and  ar- 
ticles that  might  harbor  these  organisms  unless  the 
shipments  are  authorized  by  the  U.S.  Department  of 
Agriculture.  If  it  is  necessary  to  ship  live  material,  be 
sure  to  comply  with  all  Federal,  State,  and  local  regula- 
tions (sample  form  is  in  Appendix).  Shipments  of  live  in- 
sect material  without  valid  permits  may  be  seized  and 
destroyed  by  plant  quarantine  inspectors.  In  addition  to 
meeting  Federal  laws,  the  shipment  of  some  species 
must  be  approved  by  State  officials.  To  obtain  Federal 
authorization,  write  well  in  advance  of  shipment  to  Ani- 
mal and  Plant  Health  Inspection  Service,  USDA,  Feder- 
al Building,  Hyattsville,  Md.  20782.  Each  request  is 
evaluated  according  to  its  individual  merits.  No  permits 
are  required  for  shipments  of  dead  specimens. 

Pupae  or  larvae  shipped  to  be  reared  elsewhere  should 
be  placed  in  tightly  closed  containers  without  vent 
holes.  These  insects  require  a  minimum  of  air  and  will 
not  suffocate.  Pupae  preferably  should  be  packed 
loosely  in  moist  (not  wet)  moss  or  similar  material.  Lar- 
vae should  be  packed  with  enough  food  material  to  last 
until  their  arrival.  Most  beetle  larvae  and  some  cater- 
pillars, especially  cutworms,  should  be  isolated,  since 
they  are  rather  cannibalistic.  To  prevent  excessive  ac- 
cumulation of  frass  (fecal  material)  and  moisture,  do 
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not  overload  containers.  Plant  material  held  without 
ventilation  tends  to  become  moldy,  especially  when 
kept  in  plastic  bags.  For  this  reason,  pieces  of  the  host 
plant  bearing  such  insects  as  scale  insects  (Coccoidea) 
should  be  partially  or  completely  dried  before  being 
placed  in  a  container,  or  they  should  be  packed  in  a 
container  such  as  a  paper  bag,  which  will  permit  drying 
to  continue  after  closure.  Live  Heteroptera  and  other 
small,  active  insects  are  killed  easily  by  excessive 
moisture  in  the  container.  Therefore,  it  is  advisable  to 
provide  several  tiny  vent  holes  or  place  a  fine  mesh 
screen  over  one  end  of  the  container  when  shipping 
such  insects. 

Some  containers  designed  to  hold  living  insects  are 
strong  enough  to  be  shipped  without  additional  pack- 
ing, but  generally  the  containers  should  be  enclosed  in 
a  second  carton  with  enough  packing  material  to  pre- 
vent damage  to  the  inner  carton.  In  all  cases,  affix  a 
permit  for  shipping  live  insects  in  a  conspicuous  place 
on  the  outside  of  the  shipping  container. 

There  are  no  restrictions  on  mailing  dead  specimens 
within  the  United  States  or  to  other  countries,  but  if  the 
specimens  are  to  be  sent  out  of  the  country,  U.S.  Cus- 
toms requires  that  the  contents  and  value  of  the  pack- 
age be  listed.  The  statement  "Dead  Insects  for  Scien- 
tific Study,  of  No  Commercial  Value"  will  suffice.  It  is 
recommended  that  all  packages  be  marked  "FRAGILE" 
and  that  a  complete  return  address  be  included  on  the 
outside  of  each  container. 
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Part  2 


Classification,  Biology, 
and  Special  Techniques 


Classification  of  Insects  and  Mites 

Classification  is  essential  in  any  kind  of  work  with 
organisms.  To  determine  the  best  collecting  methods 
and  techniques  for  preservation  and  how  best  to  con- 
trol pest  organisms,  identification  is  necessary,  at  least 
as  far  as  the  order  for  even  the  most  elementary  study 
of  insects  and  mites.  The  information  and  keys  pre- 
sented here  are  designed  to  enable  even  a  beginning 
collector  to  recognize  the  most  common  orders.  The 
listed  references  will  provide  further  information  on 
identifying  specimens,  but  because  of  the  immense 
number  of  insect  and  mite  species,  it  is  impossible  to 
provide  a  complete  classification  either  here  or  in  any 
other  single  reference. 

References  (general  taxonomic):  46,  47,  60,  80,  89,  117, 
118,  207,  221,  224,  225  (mites),  245  (mites),  277,  280 
(mites),  297,  330,  333,  337,  344,  370,  434. 

Classification  is  the  systematic  or  taxonomic  (taxon; 
taxa,  pi.)  arrangement  of  organisms  based  on  sets  of 
characters  common  to  each  group,  with  each  taxon  fur- 
ther divided  stepwise  to  species:  Kingdom,  phylum, 
class,  order,  family,  genus,  species.  In  many  cases, 
there  are  also  intermediate  superdivisions  and  sub- 
divisions, as  well  as  the  less  used  groups  of  tribe, 
cohort,  and  phalanx.  This  stepped  arrangement  is 
known  as  a  hierarchical  system.  The  kingdom  Animalia 
is  divided  into  a  number  of  phyla,  the  largest  of  which 
is  the  phylum  Arthropoda,  containing  the  insects, 
mites,  and  all  other  animals  having  an  exoskeleton  and 
jointed  legs.  This  phylum  is  divided  into  classes  as 
shown  in  the  following  key.  Additional  keys  are  also 
given  to  orders  and  in  a  few  cases  to  suborders.  For 
further  identification,  refer  to  the  vast  taxonomic 
literature. 

The  keys  given  here  are  in  the  form  most  often  used  in 
American  publications.  Start  at  couplet  1.  Read  the  two 
choices  and  select  the  one  that  best  describes  your 
specimen.  To  the  right  is  a  number  directing  you  to 
another  numbered  couplet  from  which  you  must  again 
choose.  Repeat  this  procedure  until  a  name  is  reached. 
A  similar  procedure  may  be  used  with  other  keys  in  the 
literature  to  which  you  may  wish  to  refer.  The  use  of 
keys  is  far  more  satisfactory  than  comparison  with  pic- 
tures or  even  with  identified  specimens  because  the 
most  important  characteristics  to  look  for  are  specif- 
ically stated.  These  are  often  differences  not  even  to  be 
suspected  by  an  inexperienced  person. 

It  is  highly  advisable  to  refer  to  an  elementary  textbook 
on  entomology  (see  the  previous  references)  and  be- 
come familiar  with  the  basic  elements  of  insect  anat- 
omy. Even  such  words  as  "face"  and  "leg"  do  not 
mean  quite  the  same  when  referring  to  an  insect  as 
they  do  to  a  human  being.  It  is  also  important  to  know 
how  to  tell  whether  the  insect  you  have  is  an  immature 
or  an  adult.  This  kind  of  information  must  be  found  in 
general  textbooks. 


Scientific  names  are  used  throughout  the  world.  The 
name  of  a  species  is  composed  of  two  words— the 
genus  (initial  capital)  and  the  species  (or  epithet,  or 
trivial  name;  not  initial  capital).  This  combination  is 
known  as  a  binomen  (plural  binomina)  and  must  be  writ- 
ten in  a  typeface  different  from  the  text  in  which  it  ap- 
pears, usually  in  italic.  Each  genus  may  be  used  only 
once  in  the  animal  kindgom;  the  same  species  may  be 
used  in  different  genera,  but  not  more  than  once  in  a 
genus.  These  names  are  regulated  by  the  International 
Commission  on  Zoological  Nomenclature,  which  pub- 
lishes the  "International  Code  of  Zoological  Nomen- 
clature." The  similar  code  for  plant  names  differs  in 
some  respects  from  the  Zoological  Code.  There  are,  of 
course,  common  names  for  insects  in  all  languages. 
These  vary  greatly,  even  in  parts  of  one  country,  and 
are  not  precise.  In  the  United  States,  certain  insects 
and  mites  of  recognized  pest  status  have  common 
names  selected  by  a  committee  of  the  Entomological 
Society  of  America  and  published  in  "Common  Names 
of  Insects  &  Related  Organisms,"  last  revised  in  1982. 
Common  insect  names  ending  in  words  applied  to  most 
insects  of  an  order,  such  as  horse  fly  for  certain  true 
flies  of  the  order  Diptera,  are  written  as  two  words,  but 
such  names  as  butterfly  and  caddisfly  for  insects  be- 
longing to  other  orders  (that  is,  not  true  flies)  are  writ- 
ten as  one  compound  word. 

The  names  of  groups  above  the  rank  of  species  are 
single  words,  capitalized  but  not  printed  in  a  different 
typeface  from  that  of  text  in  which  they  appear.  Only 
the  names  of  families  and  subfamilies  are  regulated  by 
the  International  Code,  which  specifies  that  family 
names  must  end  in  "-idae"  and  subfamily  names  in 
"-inae."  These  endings  are  added  to  the  stem  of  the 
genus  name,  which  is  considered  typical  of  the  higher 
taxon,  and  that  generic  name  is  called  the  basonym  of 
the  group  name.  All  group  names  are  plural. 

Names  above  the  rank  of  family  are  not  regulated  by 
the  Code  and  are  therefore  subject  to  considerable  dif- 
ference in  usage.  They  are  sometimes  formed,  as  are 
those  of  families  and  subfamilies,  on  a  basonym,  but 
many  are  formed  on  a  word  descriptive  of  a  diagnostic 
character  (for  example,  the  name  of  the  order  Diptera 
means  two-winged  in  classical  Greek).  For  these  rea- 
sons, alternative  names  of  some  classes  and  orders  are 
cited  here. 

The  name  of  the  person  who  first  proposed  a  scientific 
name  is  often  appended  to  the  name  as  a  reference; 
sometimes  the  year  of  the  proposal  is  also  added  after 
a  comma.  These  references,  when  added  to  a  binomen, 
are  placed  in  parentheses  if  the  species  name  was 
originally  combined  with  a  different  genus  name, 
although  the  current  trend  is  to  eliminate  the  paren- 
theses. This  name  and  year  reference  is  not  a  neces- 
sary part  of  the  binomen,  but  it  is  of  value  to  tax- 
onomists  in  that  it  sometimes  helps  verify  that  different 
researchers  are  discussing  the  same  taxon. 
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Key  to  Classes  of  Arthropoda 

This  key  includes  all  living  classes  of  Arthropoda  ex- 
cept Pentastomida  (or  Linguatulida)  and  Tardigrada. 
They  are  small  groups  of  small  to  minute,  seldom  seen 
animals  that  lack  antennae  and  are  not  likely  to  be 
taken  for  Arthropoda.  In  fact,  some  authorities  do  not 
so  consider  them. 


1.  Without  antennae  (in  immature  stages,  or  even  in  some  adults  of  certain 

insects,  antennae  are  much  reduced  or  lacking;  such  forms  will  not  key  out 

well  in  this  part  of  the  key) 2 

With  antennae 4 

2.  Usually    with    7    pairs    of    appendages,    5    of    them     legs;    abdomen 

rudimentary  (sea  spiders;  not  further  considered  here) PYCNOGONIDA 

With  6  (rarely  fewer)  pairs  of  appendages,  4  (rarely  5)  of  them  legs;  abdomen 
usually  well  developed  as  a  body  region  but  sometimes  fused  with 
cephalothorax 3 

3.  Abdomen  with  booklike  gills  on  underside  of  abdomen;  large  animals  up  to 

50  cm  long,  with  hard  expanded  shell  and  long  spinelike  tail  (horseshoe 

crabs;  not  further  considered  here) 

Class  MEROSTOMATA,  order  or  subclass  XIPHOSURA 

Abdomen  without  booklike  gills;  smaller  forms  rarely  over  7  cm  long,  body  not 
as  above  (spiders,  scorpions,  mites,  etc.;  see  p.  50) ARACHNIDA 

4.  With  2  pairs  of  antennae  (1  pair  may  be  rudimentary  in  sowbugs);  head  merged 

with  thorax  to  form  cephalothorax;   breathing  by  gills  (crabs,   lobsters, 

shrimps,  sowbugs,  etc.;  see  p.  53) CRUSTACEA 

With  1  pair  of  antennae;  head  separate  from  thorax;  breathing  by  tracheae 5 

5.  With  3  pairs  of  legs  at  some  stage  in  life  cycle;  body  in  3  divisions— head, 

thorax,  and  abdomen;  true  legs  only  on  thorax,  but  abdomen  sometimes 
with  appendages  resembling  but  differing  from  those  on  thorax;  wings  often 

present  (all  insects;  see  p.  54) INSECTA 

With  9  or  more  pairs  of  legs;  most  body  segments  behind  head  with  legs;  wings 

lacking;  body  more  or  less  wormlike  (myriapodan  classes) 6 

6.  Most  segments  of  body  with  double  pairs  of  legs;  slow-moving  animals 

(millipedes;  see  p.  53) DIPLOPODA 

Legs  not  in  double  pairs;  most  segments  of  body  with  1  pair 7 

7.  Body  more  or  less  flattened;  not  minute,  with  15  or  more  pairs  of  legs;  rapidly 

moving  animals  (centipedes;  see  p.  53) CHILOPODA 

Body  usually  cylindrical;  small  to  minute  forms  not  over  8  mm  long,  with  9-12 
pairs  of  legs 8 

8.  Antenna  branched;  9  pairs  of  legs;  minute  animals  1-1.5  mm  long,  found  in 

leaf  litter,  etc.  (pauropods;  not  further  considered  here) PAUROPODA 

Antenna  not  branched;  10-12  pairs  of  legs;  white,  cylindrical,  centipedelike 
animals  1-8  mm  long  (symphylans;  see  p.  53) SYMPHYLA 
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Class  Arachnids 

The  Arachnida  are  the  largest  class  of  arthropods  next 
to  the  insects  and  also  contain  the  next  largest  number 
of  species  important  to  agriculture  (fig.  25).  Most 
arachnids  are  predaceous;  some  are  parasitic  on 
animals,  including  humans,  but  many  mites  (subclass 
Acari)  are  important  pests  of  plants.  All  arachnids 
should  be  collected  and  preserved  in  70-80  percent 
alcohol.  Mites  should  be  treated  specially  (see  p.  95). 

References:  90,  368. 

Key  to  Orders  of  Arachnida      1.  Abdomen  not  segmented,  or  if  rarely  with  distinct  plates  (sclerites).  as  in 

Asiatic  family  Liphistiidae,  also  with  spinning  organs  on  lower  side  of 

abdomen 2 

Abdomen  distinctly  segmented,  without  silk-spinning  organs  on  abdomen 3 

2.  Abdomen  joined  to  cephalothorax  by  narrow,  short  stalk;  usually  soft  and 

weakly   sclerotized,    always   with    spinning   organs   (spiders:    not   further 

considered  here) ARAN  El  DA 

Abdomen   broadly  fused  with  cephalothorax  (mites  and   ticks;    see  p.  52) 

Subclass  ACARI 

3.  Abdomen     with     hindsegments     forming     contrasting,     long,     taillike 

prolongation 4 

Abdomen  without  such  prolongation 6 

4.  Prolongation  of  abdomen  6-segmented,  ending  in  bulbous,  clawlike  sting; 

abdomen  broadly  joined  to  unsegmented  cephalothorax;  2d  ventral  segment 
with  pair  of  comblike  organs  (scorpions,  widespread  in  warm  dry  areas;  not 

further  considered  here) SCORPIONIDA 

Abdominal  prolongation  very  slender  and  many-segmented,  not  ending  in 
sting;  abdomen  narrowed  to  base,  without  ventral  comblike  organs 5 

5.  Foremost   leglike  appendages  (pedipalpi)  slender,  similar  to   legs;   minute 

animals   not  over  2  mm   long,  of  warm   regions  (not  further  considered 

here) PALPIGRADI  (MICROTHELYPHONIDA) 

Pedipalpi  very  stout,  contrasting  with  very  long  1st  pair  of  legs;  2-65  mm  long 

(whip  scorpions  or  vinegaroons;  not  further  considered  here) 

UROPYGI  (THELYPHONIDA;  PEDIPALPIDA  in  part) 

6.  Abdomen   constricted  at   base;  front   legs  very   long   and   with   long  tarsi; 

pedipalpi   clawed   at  tip;   tropical   animals  4-45   mm   long   (tailless  whip 

scorpions;  not  further  considered  here) 

AMBLYPYGI  (SCHIZOMIDA;   PEDIPALPIDA  in  part) 

Abdomen  broadly  joined  to  cephalothorax;  front  tarsi  not  lengthened 7 

7.  Pedipalpi  with   large,   pincerlike  claws  (pseudoscorpions;   not  further  con- 

sidered here) PSEUDOSCORPIONIDA  (CHELONETHIDA) 

Pedipalpi  without  pincerlike  claws 8 

8.  Head  distinct  from  3-segmented  thorax;  jaws  relatively  large  and  powerful, 

their  pincers  opening  up  and  down;  pale  colored,  nocturnal,  large  animals 
(up  to  7  cm  long);  in  Florida  and  the  Southwest  (wind  scorpions;  not  further 

considered  here) SOLPUGIDA 

Cephalothorax  not  divided  into  head  and  3  segments;  jaws  usually  smaller, 

pincers  not  moving  up  and  down 9 

9.  Abdomen  apparently  4-segmented,  with  lateral  as  well  as  dorsal  plates,  and 

with  small,  several-segmented  endpiece;  eyes  absent;  heavy  bodied  animals 
5-10  mm  long,  with  moderately  long  legs,  occurring  as  far  north  as  Texas 

(ricinuleids;  not  further  considered  here) RICINULEI 

Abdomen  usually  appearing  7-segmented  from  above,  without  separate  lateral 
plates;  body  5-10  mm  long,  with  legs  very  long  (daddy  longlegs,  harvestmen; 
not  further  considered  here) ^ OPILIONES  (PHALANGIDA) 


50 


L_ 


Figure  25.  Spiders,  class  Arachnida,  order  Ara- 
neida:  A,  Jumping  spider,  Phidippus  audax 
(Hentz)  (Salticidae);  B,  wolf  or  ground  spider, 
Lycosa  sp.  (Lycosidae). 
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Subclass  Acari 

The  acarines  are  so  various  in  form  that  their  ana- 
tomical terminology  has  developed  along  considerably 
different  lines  than  that  of  the  insects.  This,  together 
with  the  fact  that  most  of  them  are  very  small  and  re- 
quire special  techniques  for  their  preservation  and  ex- 
amination, has  resulted  in  the  group  presenting"  con- 
siderably greater  difficulty  than  most  insects.  Only 
recently  has  their  higher  classification  attained  a  mea- 
sure of  stability. 

Previously,  the  Acarina  were  generally  considered  to  be 
an  order  equivalent  to  the  other  orders  of  the  class 
Arachnida,  as  Araneida  and  Scorpionida,  but  recent 
students  of  the  mites  have  been  considering  the  Aca- 
rina as  the  subclass  Acari  without  regard  to  the  status 
of  the  other  orders.  The  subclass  Acari  contains  the 
orders  Acariformes  and  Parasitiformes.  These  orders, 
along  with  the  suborders  Mesostigmata,  Ixodida,  Pro- 
stigmata,  Astigmata,  and  Cryptostigmata,  are  used  in 
the  classification  of  mites  in  the  Systematic  Entomol- 
ogy Laboratory.  Until  this  difficulty  is  resolved,  the 
group  names  used  here  are  left  without  rank  designation. 

A  few  definitions  of  the  more  unfamiliar  words  may  be 
helpful  in  the  following  key.  A  sejugal  furrow  is  a  line 
of  demarcation  that  separates  the  propodosoma  and 
hysterosoma;  a  hypostome  is  the  anteroventral  region 
of  the  gnathosoma  (foremost  part  of  the  mouthparts); 
and  Haller's  organ  is  a  sensory  organ  found  on  tarsus  I 
(on  ticks  only). 

Key  to  Some  Primary  Groups  1.  Without  visible  stigmata  (breathing  pores)  posterior  to  coxae  II;  coxae  not  free, 
of  the  Subclass  Acari  often  fused  into  ventral  body  wall,  forming  coxosternal  regions  delimited  by 

epimera,  but  sternum  lacking;  sejugal  furrow  or  interval  present,  causing 
legs  III  to  be  farther  from  legs  II  than  the  latter  are  from  legs  I;  number  of 

legs  sometimes  reduced Order  ACARIFORMES,  including  suborders 

PROSTIGMATA,  ASTIGMATA,  and  CRYPTOSTIGMATA 

With  1-4  pairs  of  dorsolateral  or  ventrolateral  stigmata  posterior  to  coxa  II; 
coxae  free,  distinct;  sternum  nearly  always  present  (lacking  in  Ixodida);  se- 
jugal furrow  or  interval  lacking;  distance  between  legs  II  and  III  not  greater 
than  between   I   and   II   and   III   and   IV,  all  of  which  are  present  (Order 

PARASITIFORMES) 2 

2.  Pedipalpal  tarsus  without  claws;  hypostome  modified  into  piercing  organ  with 
backward-directed  teeth;  stigmata  present  behind  coxa  IV  or  laterad  above 
coxal  intervals  II  to  III,  each  surrounded  by  stigmal  plate;  sternum  absent; 
Haller's   organ   present  on   upper  side  of   tarsus   I   (large,   bloodsucking 

acarines  known  as  ticks;  length  usually  well  over2  mm) Suborder  IXODIDA 

Pedipalpal  tarsus  with  terminal,  subterminal,  or  basal  claw  (simple  or  fined); 
hypostome  serving  only  as  floor  of  gnathosoma.  without  teeth;  Haller's 

organ  lacking  (smaller  mites) 

Suborders  MESOSTIGMATA,  HOLOTHYRINA,  and  OPILIOACARIDA 

References:   141,  269,  270. 
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Figure  26.  Common  millipede,  Narceus  sp., 
class  Diplopoda. 


Figure  27.  Typical  centipedes,  class  Chilopoda: 
A,  Large  centipede,  Scolopendra  obscura  New- 
port; B,  house  centipede,  Scutigera  coleoptrata 
(L);  C,  small  centipede,  Lithobius  erythrocepha- 
lus  Koch. 


^ 


Figure  28.  Symphylan,  Scutigerella  immaculata 
(Newport),  class  Symphyla. 


Classes  Diplopoda,  Chilopoda,  Pauropoda,  and  Symphyla 

These  four  classes  were  once  combined  as  one  class, 
Myriapoda,  and  are  still  known  as  the  myriapodan 
classes.  All  millipedes  (Diplopoda)  (fig.  26)  are 
vegetarians,  but  most  do  not  seriously  injure  plants. 
The  centipedes  (Chilopoda)  (fig.  27),  however,  are 
predaceous;  they  possess  a  pair  of  strong,  poison- 
supplied  jaws  to  hold  and  kill  their  prey.  They  are  fast 
moving  in  contrast  to  the  slow-moving  millipedes.  The 
minute  Pauropoda  are  of  no  agricultural  importance, 
but  one  member  of  the  Symphyla,  Scutigerella  im- 
maculata (Newport)  (fig.  28),  is  sometimes  a  pest  in 
greenhouses.  It  is  whitish,  about  8  mm  long,  and  may 
become  very  numerous. 

All  members  of  the  myriapodan  classes  must  be  killed 
and  preserved  in  70-80  percent  alcohol.  Isopropyl 
alcohol  (isopropanol)  seems  to  have  some  advantages 
over  ethanol  for  preserving  these  animals.  Millipedes 
have  the  discouraging  habit  of  curling  up  when  dying. 
The  only  simple  solution  to  this  problem  is  to  remove 
them  from  the  killing  fluid  before  they  stiffen, 
straighten  them  out,  and  then  return  them  to  the 
alcohol  in  a  narrow,  straight-sided  vial  until  they 
become  well  hardened. 

Class  Crustacea 

The  only  Crustacea  of  agricultural  importance  are  the 
terrestrial  isopods  known  as  sowbugs  or  pillbugs  (fig. 
29).  Many  crustaceans,  however,  are  of  importance  as 
human  food. 

The  Crustacea  are  a  large  class  divided  into  8  sub- 
classes and  about  30  orders.  They  are  largely  aquatic 
and  are  found  especially  in  saltwater.  The  sowbugs 
belong  to  the  subclass  Malacostraca  and  the  order 
Isopoda.  They  are  distinguished  by  a  depressed  body 
with  a  shield-shaped  head  and  with  the  other  body 
segments  extending  to  the  side.  There  are  seven  pairs 
of  walking  legs.  The  two  conspicuous  antennae  are  the 
second  pair;  the  first  pair,  or  antennules,  are  vestigial. 
Eggs  are  carried  by  the  female  in  a  brood  sac  on  the 
underside  of  the  body.  Breathing  is  by  means  of  paired 
gills  on  the  lower  hindpart  of  the  body.  Since  the  gills 
must  remain  moist,  sowbugs  cannot  withstand  drying. 

Sowbugs  are  found  under  stones,  logs,  and  debris  on 
the  ground.  They  feed  on  vegetable  matter  and  may 
become  pests  of  tender  plants. 

Crustaceans  may  be  killed  and  preserved  in  70-80  per- 
cent alcohol.  Sowbugs  may  be  killed  in  a  cyanide  bot- 
tle, but  they  rapidly  become  dry  and  brittle. 


Figure  29.  Sowbug,  class  Crustacea,  order 
Isopoda. 
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Class  Insecta 

The  hardened,  or  sclerotized,  parts  of  the  exoskeleton 
of  the  Arthropoda  do  not  grow.  Consequently,  molting 
or  casting-off  of  the  hardened  cuticle  must  take  place 
several  times  during  the  insect's  period  of  growth.  Each 
instar  or  growth  stage  may  change  in  form  to  a  lesser 
or  greater  degree,  resulting  from  a  process  called 
metamorphosis.  The  more  primitive  groups,  the  Aptery- 
gota  and  the  division  Exopterygota  of  the  Pterygota 
(see  following  Synopsis  of  Insect  Orders),  have  a  grad- 
ual metamorphosis,  in  which  each  stage  differs  relatively 
little  in  form  from  the  next,  although  in  many  aquatic 
insects  the  immature  forms  may  be  entirely  different 
from  the  adult  because  of  the  different  life  habits.  The 
immature  stages  of  insects  with  gradual  (simple  or  in- 
complete) metamorphosis  are  usually  called  nymphs. 
However,  they  are  now  commonly  called  larvae  (larva, 
singular),  the  term  formerly  restricted  to  the  early 
stages  of  insects  with  greater  change  from  stage  to 
stage,  or  complete  metamorphosis.  The  wings  of  in- 
sects with  incomplete  metamorphosis  develop  external- 
ly in  the  later  instars  but  do  not  become  functional 
until  the  adult  stage.  In  one  order,  the  Ephemeroptera, 
there  is  even  a  molt  after  the  wings  become  functional. 
The  technical  term  for  adult  is  "imago,"  and  the  first 
adult  instar  of  the  Ephemeroptera  is  called  a  "subimago." 

Insects  with  complete  metamorphosis  change  greatly 
in  form  from  one  stage  to  the  next,  with  internal 
development  of  wings  and  including  a  resting  stage, 
usually  immobile,  called  a  pupa  (pupae,  pi.).  The  pupal 
exoskeleton  protects  the  insect  during  the  virtual  re- 
organization of  its  entire  body.  The  stages  in  the 
development  of  insects  with  complete  metamorphosis 
are  egg,  several  larval  stages,  sometimes  a  prepupal 
stage,  pupa,  occasionally  subimago,  and  finally  imago 
or  adult. 

Because  many  insects  that  are  wingless  (either  primari- 
ly or  secondarily)  in  the  adult  stage  are  difficult  to 
distinguish  from  immature  stages,  both  the  immature 
and  adult  insects  are  treated  in  the  key  to  the  orders  (p. 
55).  Considerable  knowledge  of  the  various  groups  of 
insects  is  needed  to  determine  whether  a  specimen  is 
immature  or  adult.  If  functional  wings  are  present,  it  is 
certainly  an  adult  (or,  if  a  mayfly,  a  subimago).  Com- 
pound eyes,  furthermore,  are  never  found  in  immature 
insects  of  the  Endopterygota. 


Synopsis  of  Insect  Orders3 

Subclass  Apterygota— primitive  wingless  insects 

(1)  Protura  (Myrientomata)— proturans 

(2)  Thysanura— bristletails,  silverfish 

(3)  Diplura  (Aptera)— diplurans 

(4)  Collembola— springtails 

Subclass  Pterygota— winged  and  secondarily  wingless 
insects 

Division  Exopterygota— insects  with  simple  metamor- 
phosis; wings  developing  externally 

(5)  Ephemeroptera  (Ephemerida,  Plectoptera)— 
mayflies 

(6)  Odonata— dragonflies  and  damselflies 

(7)  Orthoptera— grasshoppers,  locusts,  katydids, 
crickets 

The  following  four  orders  were  for  a  long  time  included 
with  the  Orthoptera,  and  until  recently  the  Blattodea 
and  Mantodea  were  considered  suborders  of  an  order 
called  Dictyoptera. 

(8)  Blattodea— cockroaches 

(9)  Mantodea— mantids 

(10)  Phasmatodea  (Phasmatoptera,  Phasmoidea, 
Phasmida)— stick  insects,  leaf  insects, 
walkingsticks 

(11)  Grylloblattodea  (Notoptera)— rock  crawlers 

(12)  Dermaptera  (Euplexoptera)— earwigs 

(13)  Isoptera— termites 

(14)  Embioptera  (Embiidina)— webspinners 

(15)  Plecoptera— stoneflies 

(16)  Psocoptera  (Corrodentia)— psocids,  booklice 

(17)  Zoraptera— zorapterans 

(18)  Mallophaga  (Phthiriaptera  in  part) — chewing 
lice,  including  bird  lice 

(19)  Anoplura  (Siphunculata;  Phthiriaptera  in 
part) — sucking  lice 

(20)  Thysanoptera— thrips 

The  following  two  orders  have  sometimes  been  con- 
sidered suborders  of  a  single  order,  Hemiptera. 

(21)  Homoptera— aphids,  cicadas,  hoppers  (leaf- 
hoppers,  treehoppers),  psyllids,  scale  insects, 
whiteflies,  and  others 

(22)  Heteroptera— bugs 


The  classification  of  the  insects  into  orders  (ordinal 
classification)  adopted  here  is  a  conservative  one  used 
in  the  more  recent  textbooks.  Recent  studies  on  vari- 
ous aspects  of  insect  morphology  and  physiology  have 
led  to  the  proposal  of  considerably  different  classifica- 
tions, but  only  time  and  further  study  will  determine 
their  acceptance  or  rejection.  The  following  synopsis  of 
the  classification  includes  some  synonyms  and  most  of 
the  common  English  vernacular  names  for  members  of 
the  various  orders,  along  with  a  key  to  these  groups. 


Division  Endopterygota— insects  with  complete 
metamorphosis;  wings  developing  internally 

(23)  Coleoptera— beetles,  weevils 

(24)  Strepsiptera  (sometimes  included  in  Colep- 
tera)— twisted-winged  parasites 

(25)  Mecoptera— scorpionflies,  hangingflies 

(26)  Neuroptera— neuropterans 

(26a)  Suborder  Megaloptera  (Sialodea)— alder- 
flies,  dobsonflies,  fishflies,  hellgrammites 
(26b)  Suborder  Raphidiodea— snakeflies 


includes  suborders  sometimes  considered  as  orders. 
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(26c)  Suborder  Planipennia  (Neuroptera  in  narrow 
sense) — antlions,  dustywings,  lacewings, 
mantidflies,  owlflies,  spongillaf lies 

(27)  Trichoptera— caddisflies 

(28)  Lepidoptera— butterflies  and  moths 

(29)  Diptera— "true"  flies,  mosquitoes,  gnats, 
midges 

(30)  Siphonaptera— fleas 

(31)  Hymenoptera— ants,  bees,  wasps,  ichneumon- 
flies,  sawflies 

Key  to  Insect  Orders" 

In  any  comprehensive  survey  of  the  larger  orders,  there 
are  many  exceptions,  aberrant  forms,  and  so  forth  that 
do  not  fit  well  in  a  brief  key  such  as  this.  It  is  im- 
practical to  include  all  such  forms,  especially  when  in- 
cluding known  immature  forms,  and  some  orders  must 
appear  more  than  once  in  the  key.  With  specimens  that 
do  not  key  out  satisfactorily  here,  some  of  the  ref- 
erences on  pages  80-93  or  an  experienced  systematic 
entomologist  should  be  consulted.  This  is  especially 
true  of  pupal  forms  of  Trichoptera,  Mecoptera,  and 
some  Neuroptera. 

1.  Wings  present  and  well  developed 2 

Wings  absent  or  unsuitable  for  flight  (wingless  adults  and  immature  stages)  --         34 

2.  Forewings  (on   mesothorax)  wholly  or  partly  horny,   leathery,  or  otherwise 

strongly    differing     from    wholly     membranous    hindwings;     hindwings 

sometimes  lacking 3 

Forewings  wholly  membranous,  or  so  at  least  at  base 12 

3.  Forewings   (wing   covers,   elytra)   uniformly   horny,   without   apparent  veins; 

hindwings,  if  present,  folded  both  lengthwise  and  crosswise,  hidden  under 

forewings  when  at  rest;  mouth  with  mandibles 4 

Forewings  (hemelytra  or  tegmina)  with  veins;  hindwings  not  folded  crosswise  -  5 

4.  End  of  abdomen  with  heavy,  forcepslike  cerci;  wings  short,  leaving  most  of 

abdomen  exposed;  hindwings  very  delicate,  almost  circular,  radially  folded 
DERMAPTERA,  p.  64 

Without  such  cerci;  wings  usually  covering  most  of  abdomen,  or  if  forewings 

short,  then  hindwings  elongate,  but  sometimes  absent COLEOPTERA,  p.  70 

5.  Mouthparts  fitted  for  sucking,  forming  jointed  beak 6 

Mouthparts  fitted  for  chewing,  with  mandibles  moving  sideways 7 

6.  Forewings  hardened  or  leathery  basally,  with  membranous  apical  part,  usually 

lying  flat  on  abdomen  with  apical  part  overlapping;  beak  arising  from  front 

part  of  head HETEROPTERA,  p. 69 

Forewings  usually  wholly  membranous  or  very  nearly  so,  held  more  or  less 
rooflike  over  abdomen;  beak  arising  from  hindpart  of  head,  projecting 
downward  between  forelegs HOMOPTERA,  p.  69 

7.  Hindwings  not  folded,  similar  to  forewings;  both  wings  with  thickened,  very 

short  basal  part  separated  from  rest  of  wing  by  suture,  so  that  most  of  wing 

can  easily  be  broken  off;  social  insects  living  in  colonies ISOPTERA,  p.  65 

Hindwings  folded  fanwise,  broader  than  forewings;  wings  without  breaking 

suture  8 

8.  Minute   insects,   usually   less  than  6   mm  long;   forewings   small,  clublike; 

antennae  short,  with  few  segments;  parasites  of  other  insects 

STREPSIPTERA  males,  p.  71 

Usually  large  or  moderately  large  insects;  forewings  usually  flat  and  long; 
antennae  usually  lengthened  and  slender,  many-segmented;  orthopteran 
orders 9 


"Includes  suborders  sometimes  considered  as  orders. 
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9.  Hindfemora  enlarged,  modified  for  jumping ORTHOPTERA,  p. 63 

Hindfemora  not  enlarged,  similar  toother  legs 10 

10.  Cerci   short,    unsegmented;   body   usually   elongate   and   slender  (sticklike) 

PHASMATODEA,  p.  64 

Cerci  long  or  short  but  segmented;  body  usually  not  sticklike 11 

11.  Shape  oval;  all  legs  similar,  adapted  to  walking BLATTODEA,  p.  63 

Shape  elongate;  forelegs  raptorial  (with  spines  and  modified  for  grasping  prey) 

MANTODEA,  p.  63 

12.  With  but  2  well-developed  wings,  forepair  functional,  hindpair  not  winglike  and 

sometimes  small  and  clublike 13 

With  4  wings,  hindpair  sometimes  small  but  flat  or  straplike,  not  clublike 15 

13.  Mouthparts  forming  a  sucking  or  lapping  proboscis,  rarely  rudimentary  or 

virtually  lacking;  hindwings  replaced  by  clublike  halteres;  abdomen  without 

tail  filaments DIPTERA,  p. 76 

Mouthparts  not  functional;  hindwings  not  formed  into  clublike  halteres; 
abdomen  with  tail  filaments 14 

14.  Without  halteres;  antennae  inconspicuous,  with  small  scape  and  pedicel  and 

bristlelike  flagellum;  forewings  with  numerous  crossveins  (few  mayflies) 

EPHEMEROPTERA.  p.  61 

With  hindwings  reduced  to  halterlike  structures;  antennae  evident, 
not  bristlelike;  venation  of  forewings  apparently  reduced  to  1  forked  vein 
(male  scale  insects) HOMOPTERA,  p.  69 

15.  Wings  long,  narrow,  almost  veinless,  with  long  marginal  fringes;  tarsi  1-  or 

2-segmented,  with  swollen  tip;  mouthparts  conical,  fitted  for  piercing  and 

sucking  plant  tissues  (minute  insects) THYSANOPTERA,  p.  68 

Wings  broader;  if  fringed,  fringe  not  longer  than  width  of  wing;  veins  usually 
conspicuous  and  at  least  1  crossvein  present;  tarsi  with  more  than  2 
segments  and  tip  not  swollen 16 

16.  Wings,  legs,  and  body  at  least  in  part  with  elongate,  flattened  scales  and  often 

also  with  hairs;  wings  hyaline  (glasslike)  under  color  pattern  formed  by 
scales;  mouthparts  consisting  of  tongue  (rarely  rudimentary)  formed  of 
helically  coiled  tube;  mandibles  (fitted  for  chewing)  present  only  in  a  few 

families  of  small  moths  with  wingspread  not  over  12  mm LEPIDOPTERA.  p.  73 

Wings,  legs,  and  body  not  covered  with  scales,  although  a  few  scales 
sometimes  present;  color  pattern  of  wing  involving  wing  membrane  and/or 
hair 17 

17.  Hindwings  with  broad  anal  area,  plaited  when  wings  folded,  usually  larger 

than  forewings;  antennae  prominent 18 

Hindwings  without  plaited  anal  area,  not  larger  than  forewings;  antennae 
often  inconspicuous,  bristlelike 20 

18.  Tarsi  3-segmented;  cerci  well  developed,  usually  long  and  many-segmented 

PLECOPTERA,  p. 66 

Tarsi  5-segmented;  cerci  not  prominent 19 

19.  Wings  with  several  subcostal  crossveins.  surface  without  hairs  or  scales 

NEUROPTERA,  suborder  MEGALOPTERA,  p.  72 

Wings    without    subcostal     crossveins,     surface    with     hairs    or    scales 

TRICHOPTERA.  p.  72 

20.  Antennae  short,  bristlelike;  wings  with  numerous  crossveins  forming  overall 

network;  mouthparts  with  mandibles  close  to  eyes 21 

Antennae  larger  or  wings  with  few  crossveins  or  mouthparts  at  end  of  beak  —         22 

21.  Hindwings  much  smaller  than  forewings;  abdomen  with  long  tail  filaments 

EPHEMEROPTERA,  p.  61 

Hindwings  very  similar  to  forewings;  abdomen  without  long  tail  filaments 

ODONATA,  p.  62 

22.  Head  extended  into  beak  with  mandibles  at  end;  hindwings  not  folded;  wings 

usually  with  color  pattern  and  numerous  crossveins;  male  genitalia  usually 

swollen,  turned  forward,  and  with  strong  pair  of  forceps MECOPTERA.  p.  71 

Head  not  extended  into  beak;  male  genitalia  without  conspicuous  forceps 23 

23.  Mouthparts  (sometimes   lacking)  consisting  of  proboscis  without  chewing 

mandibles;  cerci  lacking;  wings  with  few  crossveins 24 

Mouthparts  including  mandibles  fitted  for  chewing 26 
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24.  Wings  covered  with  scales  forming  color  pattern;  antennae  many-segmented; 

mouthparts    (when    present)    consisting    of    helically    coiled    haustellum 

(tongue) LEPIDOPTERA,  p.  73 

Wings  not  covered  with  scales;  antennae  with  few  segments;  mouthparts  con- 
sisting of  segmented  piercing  beak 25 

25.  Beak  arising  from  anterior  part  of  head HETEROPTERA,  p. 69 

Beak   arising   from    posterior   part   of   head,   extended   downward   between 

forelegs HOMOPTERA,  p. 69 

26.  Body  and  wings  covered  with  whitish  powder;  wings  bordered  anteriorly  by 

very  narrow  cell  without  row  of  crossveins;  insects  less  than  5  mm  long 

NEUROPTERA,  suborder  PLANIPENNIA  (Coniopterygidae),  p.  72 

Body  and  wings  not  covered  with  whitish  powder;  otherwise  differing 27 

27.  Tarsi  5-segmented 28 

Tarsi  with  4  or  fewer  segments 31 

28.  Prothorax  fused  with  mesothorax;  hindwings  smaller  than  forewings,  latter 

with    no    more    than    20    cells;    abdomen    Often    constricted    at    base 

HYMENOPTERA,  p.  78 

Prothorax  more  or  less  free,  sometimes  long;  forewings  and  hindwings  approx- 
imately equal  in  size,  with  more  than  20  cells 29 

29.  Prothorax  much  longer  than  head,  cylindrical;  forelegs  similar  to  others,  not 

enlarged NEUROPTERA,  suborder  RAPHIDIODEA,  p.  72 

Prothorax  not  longer  than  head;  if  longer,  then  forelegs  enlarged  for  grasping 
prey 

30.  Costal  cell  with  many  crossveins NEUROPTERA,  suborder  PLANIPENNIA, 

Costal  cell  without  series  of  crossveins MECOPTERA, 

31.  Wings  equal  in  size  or  rarely  hindwings  larger;  tarsi  3-   or4-segmented 

Hindwings  smaller  than  forewings;  tarsi  2-  or  3-segmented 

32.  Tarsi   apparently  4-segmented;  forebasitarsi    unswollen;  wings  dehiscent 

(see  also  couplet  7) ISOPTERA, 

Tarsi  3-segmented,  forebasitarsi  swollen EMBIOPTERA, 

33.  Cerci  absent;  wings  remaining  attached;  antennae  slender,  with  13  or  more 

segments PSOCOPTERA,  p. 67 

Cerci  evident,  although  short,  ending  in  bristle;  wings  shed  eventually; 
antennae  with  9  beadlike  segments;  seldom-encountered  small  insects 
ZORAPTERA,  p. 67 

34.  Body  with  more  or  less  distinct  head,  thorax,  and  abdomen;  with  jointed  legs 

and  ability  to  move  about 35 

Without  distinctly  separate  body  parts,  or  without  legs,  or  not  able  to  move 

about 78 

35.  Parasites  of  warm-blooded  animals 36 

Not  parasites  of  warm-blooded  animals 40 

36.  Body  strongly  flattened  sideways;  mouth  a  sharp,  downturned  beak  (jumping 

insects) SIPHON APTERA,  p.  77 

Body  flattened  dorsoventrally  or  maggots  of  more  or  less  cylindrical  form 37 

37.  Mouthparts  with   mandibles  for  chewing,  directed  forward;  generally  oval 

insects  with  more  or  less  triangular  head;  parasites  of  birds  and  mammals 

MALLOPHAGA,  p.  67 

Mouthparts  in  form  of  beak  for  piercing  and  sucking 38 

38.  Antennae  inserted  in  pits,  not  visible  from  above  (also  maggot-shaped  larvae 

without  antennae) DIPTERA  (a  few  families),  p.  76 

Antennae  present,  although  short,  not  in  pits 39 

39.  Beak  not  jointed;  tarsi  forming  hook  for  grasping  hairs  of  host;  parasites 

remaining  on  host ANOPLURA,  p.  68 

Beak  jointed;  tarsi  not  hooked;  parasites  not  remaining  on  host  (bedbugs  and 

related  insects) HETEROPTERA,  p.  69 

40.  Aquatic,  usually  breathing  by  gills;  larval  and  some  pupal  forms 41 

Terrestrial,  breathing  by  spiracles  or  rarely  without  breathing  organs 49 

41     Mouth  forming  a  strong,  pointed,  downcurved  beak 

Immature  HETEROPTERA,  p. 69 

Mouth  with  mandibles 
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42.  Mandibles  extending  straight  forward,  united  with  maxillae  to  form  piercing 

jaws Some  larval  NEUROPTERA,  p. 72 

Mandibles  moving  sideways,  forming  biting  jaws 43 

43.  Living   in  case  formed  of  sand,   pebbles,   leaves,  twigs,  etc.;   usually  with 

external  tracheae  serving  as  gills Larvae  of  someTRICHOPTERA,  p.  72 

Not  living  in  case 44 

44.  Abdomen  with  lateral  organs  serving  as  gills  (a  few  larval  Trichoptera  and 

Coleoptera  key  out  here  also) 45 

Abdomen  without  external  gills  (some  larval  Trichoptera  will  key  out  here  also)  46 

45.  Abdomen  with  2  or  3  long  tail  filaments Larvae  of  EPHEMEROPTERA,  p.  61 

Abdomen  with  short  end  processes  (larvae  of  some  Trichoptera  will  run  to  this 

point) Larvae  of  NEUROPTERA.  suborder  MEGALOPTERA,  p.  72 

46.  Lower  lip  (labium)  folded  backward,  extensible,  and  furnished  with  pair  of 

jawlike  hooks Larvae  of  ODONATA,  p.  62 

Labium  not  so  constructed 47 

47.  Abdomen   with    nonjointed    false    legs    (pseudopods)    in    pairs    on    several 

segments Few  larvae  of  LEPIDOPTERA,  p.  73 

Abdomen  without  pseudopods 48 

48.  Thorax  in  3  loosely  united  divisions;  antennae  and  tail  filaments  long  and 

slender Larvae  of  PLECOPTERA,  p.  66 

Thoracic  divisions  without  constrictions;  antennae  and  tail  filaments  short 

(larvae  of  some  aquatic  Diptera  and  Trichoptera  also  run  to  this  point) 

Larvae  of  COLEOPTERA,  p.  70 

49.  Mouthparts  retracted  into  head  and  hardly  or  not  at  all  visible;  underside  of 

abdomen    with    appendages;    very    delicate,    small,    or    minute    insects, 

sometimes  without  antennae 50 

External   mouthparts  conspicuous;  antennae  always  present;  underside  of 
abdomen  rarely  with  appendages 52 

50.  Head  pear  shaped,  without  antennae;  abdomen  without  long  cerci,  pincers, 

jumping  apparatus,  or  basal  ventral  sucker PROTURA.  p.  61 

Head  usually  not  pear  shaped,  antennae  conspicuous;  abdomen  with  long 
cerci,  pincers,  or  basal  ventral  sucker 51 

51 .  Abdomen  consisting  of  6  or  fewer  segments,  with  forked  sucker  at  base  below 

and  usually  with  conspicuous  jumping  apparatus  near  end,  but  without 

conspicuous  long  cerci  or  pincers COLLEMBOLA,  p.  61 

Abdomen  with  more  than  8  evident  segments  and  ending  in  long,  many-jointed 

cerci  or  strong  pincers;  eyes  and  ocelli  lacking DIPLURA,  p.  61 

52.  Mouthparts  with  mandibles  fitted  for  chewing 53 

Mouthparts  in  form  of  proboscis  fitted  for  sucking 74 

53.  Body  usually  covered  with  scales;  abdomen  with  3  prominent  tail  filaments 

and  at  least  2  pairs  of  ventral  appendages  (styies) THYSANURA,  p.  61 

Body  never  covered  with  scales;  abdomen  never  with  3  tail  filaments  nor 
ventral  styles 54 

54.  Abdomen  bearing  pairs  of  false  legs  (pseudopods)  beneath,  not  jointed,  and 

differing  from  true  legs  on  thorax,  which  is  not  distinctly  separated  from  ab- 
domen; body  caterpillarlike;  larval  forms 55 

Underside  of  abdomen  without  legs  or  pseudopods : 57 

55.  Pseudopods  5  pairs  or  less,  none  on  1st,  2d,  or  7th  segments;  pseudopods 

tipped  with  many  tiny  hooklets  and  rarely  present  on  2d  and  7th  segments 

Larvae  of  most  LEPIDOPTERA,  p.  73 

Pseudopods  6  to  10  pairs,  not  tipped  with  tiny  hooks;  1  pair  of  pseudopods  on 
2d  segment 56 
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56.  Head  with  single  ocellus  on  each  side Larvae  of  some  HYMENOPTERA,  p.  78 

Head  with  several  ocelli  on  each  side Larvae  of  MECOPTERA,  p.  71 

57.  Antennae  long  and  distinct 58 

Antennae  short;  larval  forms 71 

58.  Abdomen  ending  in  strong  pincerlike  forceps;  prothorax  free 

DERMAPTERA,  p.  64 

Abdomen  not  ending  in  forceps 59 

59.  Abdomen  strongly  constricted  at  base;  prothorax  fused  with  mesothorax 

HYMENOPTERA,  p.  78 

Abdomen  not  strongly  constricted  at  base,  broadly  joined  to  thorax 60 

60.  Head  produced  into  beak  with  mandibles  at  end MECOPTERA,  p.  71 

Head  not  produced  into  beak 61 

61.  Very  small  insects  with  soft  body;  tarsi  2-  or  3-segmented 62 

Usually  much  larger  insects;  tarsi  usually  with  more  than  5  segments,  or  body 

hard  and  cerci  absent 63 

62.  Cerci  absent PSOCOPTERA,  p.  67 

Cerci  of  single  segment,  prominent ZORAPTERA,  p.  67 

63.  Hindlegs   fitted   for  jumping,   femora   enlarged;   wing    pads   of   immatures 

inverted,  hindpads  overlapping  forepads ORTHOPTERA,  p.  63 

Hindlegs  not  enlarged  for  jumping;  wing  pads,  if  present,  in  normal  position  —         64 

64.  Prothorax  much  longer  than  mesothorax;  front  legs  modified  for  grasping  prey 

(raptorial) MANTODEA,  p.  63 

Prothorax  not  greatly  lengthened 65 

65.  Without  cerci;  body  often  hard  shelled;  antennae  usually  with  11  segments 

COLEOPTERA,  p.  70 

Cerci  present;  antennae  usually  with  more  than  15  segements 66 

66.  Cerci  with  more  than  3  segments 67 

Cerci  with  1-3  segments 69 

67.  Body  flattened,  oval;  head  turned  down  and  backward BLATTODEA,  p.  63 

Body  elongate;  head  nearly  horizontal 68 

68.  Cerci  long;  ovipositor  evident,  hardened;  tarsi  5-segmented 

GRYLLOBLATTODEA,  p.  64 

Cerci  short;  ovipositor  lacking;  tarsi  4-segmented ISOPTERA,  p.  65 

69.  Tarsi  5-segmented  (3-segmented  only  in  Timema,  in  Pacific  Coast  States,  most 

antennal  segments  several  times  as  long  as  wide);  body  usually  slender  and 

long PHASMATODEA,  p.  64 

Tarsi  2-  or  3-segmented;  antennal  segments  beadlike 70 

70.  Front   tarsi   with   1st  segment  swollen,   containing   silk-spinning   gland   for 

producing  web  in  which  insects  live;  cerci  conspicuous EMBIOPTERA,  p.  66 

Front  tarsi  not  so,  not  producing  silk;  cercr  inconspicuous ISOPTERA,  p.  65 

71.  Body  cylindrical,  caterpillarlike 72 

Body  more  or  less  depressed,  not  caterpillarlike 73 

72.  Head  with  6  ocelli  on  each  side;  antennae  inserted  in  membranous  area  at 

base  of  mandibles Some  larvae  of  LEPIDOPTERA  ,  p.  73 

Head  with  more  than  6  ocelli  on  each  side;  3d  pair  of  legs  distinctly  larger  than 

1st  pair MECOPTERA  (larvae  of  Boreidae),  p.  71 

73.  Mandibles  united  with  maxillae  to  form  sucking  jaws 

Larvae  of  NEUROPTERA,  suborder  PLANIPENNIA,  p.  72 

Mandibles  nearly  always  separate  from  maxillae Larvae  of  some 

COLEOPTERA;    NEUROPTERA,    suborder    RAPHIDIODEA;    STREPSIPTERA; 
DIPTERA 
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74.  Body  densely  clothed  with  scales  and  hairs;  proboscis,  if  present,  coiled  under 

head LEPIDOPTERA,  p.  73 

Body  bare,  with  scattered  hairs  or  waxy  coating 75 

75.  Last    tarsal     segment    bladderlike,    without    claws;     mouth    a    triangular 

unsegmented  beak;  very  small  insects THYSANOPTERA,  p.  68 

Tarsi  not  swollen  at  tip,  with  distinct  claws 76 

76.  Prothorax  small,  hidden  when  viewed  from  above DIPTERA,  p.  76 

Prothorax  evident  when  viewed  from  above 77 

77.  Beak  arising  from  front  part  of  head HETEROPTERA,  p.  69 

Beak  arising  from  lower  back  part  of  head HOMOPTERA,  p.  69 

78.  Legless  grubs  or  maggots,  moving  about  by  squirming Larvae  of  DIPTERA 

(if  aquatic  wrigglers,  see  larvae  and  pupae  of  mosquitoes);  HYMENOPTERA;  LEPI- 
DOPTERA; COLEOPTERA;  SIPHONAPTERA;  STREPSIPTERA  (in  body  of  wasps  or 
bees  with  flattened  head  exposed) 
Forms  legless  or  with  a  single  claw 79 

79.  Small    forms   with    little    resemblance   to    most    insects,    with    filamentous 

mouthparts   inserted   in   plant   tissue;   usually   covered   with  waxy  scale, 

powder,  or  cottony  tufts HOMOPTERA,  p.  69 

Body  unable  to  move  or  only  able  to  bend  from  side  to  side,  enclosed  in  tight 
skin,  sometimes  wholly  covering  body  or  sometimes  with  appendages  free, 
but  rarely  movable;  sometimes  enclosed  in  cocoon  (pupae) 80 

80.  Legs,  wings,  etc.,  more  or  less  free  from  body;  biting  mouthparts  visible 81 

Skin  enclosing  body  holding  appendages  tightly  against  body;  mouthparts 

evident  as  proboscis,  without  mandibles 83 

81.  Prothorax  small,  fused  with  mesothorax;  sometimes  enclosed  in  thin  cocoon  - 

Pupae  of  HYMENOPTERA,  p.  78 

Prothorax  larger  and  not  fused  with  mesothorax 82 

82.  Wing  cases  with  few  or  no  veins Pupae  of  COLEOPTERA,  p.  70 

Wing  cases  with  several  branched  veins Pupae  of  NEUROPTERA,  p.  72 

83.  Proboscis  usually  long,  rarely  absent;  wing  cases  4;  often  in  cocoon 

Pupae  of  LEPIDOPTERA,  p.  73 

Proboscis  usually  short;  wing  cases  2;  rarely  in  cocoon,  but  often  tightly 
enclosed  in  hardened  last  larval  skin Pupae  of  DIPTERA,  p.  76 


Figure  30.  Firebrat,  Thermobia  domestica 
(Packard),  order  Thysanura. 
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Descriptions  of  Insect  Orders 

The  following  descriptions  of  the  various  orders  are  ar- 
ranged according  to  the  preceding  synopsis  (p.  54). 

Subclass  Apterygota 

Of  the  four  orders  (1-4)  included  in  the  Apterygota,  the 
Protura  and  Diplura  (1  and  3)  are  of  such  slight  impor- 
tance to  agriculture  that  they  are  not  considered  here. 

All  Apterygota  should  be  collected  and  preserved  sim- 
ilarly. They  may  be  collected  with  a  Berlese  funnel,  as- 
pirator, or  small  brush  dipped  in  alcohol.  To  collect  the 
species  of  Collembola  that  are  often  found  on  the  sur- 
face of  water,  use  a  small  dipper  (see  ref.  97).  Spec- 
imens should  be  killed  and  preserved  in  80  percent 
alcohol.  All  Apterygota  are  delicate.  To  minimize  risk  of 
breakage,  fill  their  vials  full  with  fluid.  Microscope  slide 
preparations  are  necessary  for  critical  work  with  all 
Apterygota. 

Thysanura  (Bristletails,  Silverfish).     Thysanura  (fig.  30) 
are  elongate,  wingless  insects  with  long  antennae  and 
with  two  or  three  taillike  filaments  at  the  end  of  the  ab- 
domen. The  mouthparts  are  fitted  for  chewing  and  the 
metamorphosis  is  simple.  The  most  common  families 
are  the  Lepismatidae  and  Machilidae.  Some  species, 
such  as  Lepisma  saccharinum  Linnaeus  and  Thermobia 
domestica  (Packard),  are  found  in  domestic  situations 
feeding  on  bookbindings,  curtains,  wallpaper  paste,  paper, 
clothing,  and  similar  articles.  Most  thysanurans  occur 
outdoors  under  bark  and  stones,  in  grass  and  leaf  litter, 
or  in  rotting  wood  or  other  debris. 

Collembola  (Springtails).     Collembola  (fig.  31)  are  tiny, 
wingless  insects  commonly  called  springtails.  Most  of 
them  have  a  forked  structure  on  the  ventral  side  of  the 
fourth  abdominal  segment  that  is  held  in  place  by  a 
clasplike  structure  called  a  tenaculum  on  the  third  ab- 
dominal segment.  When  the  insect  jumps,  it  releases 
the  forked  structure  with  sufficient  force  against  the 
surface  of  the  ground  so  that  it  is  propelled  into  the 
air.  The  mouthparts  are  concealed  within  the  head, 
and  metamorphosis  is  simple.  Three  commonly  col- 
lected families  are  the  Poduridae,  Entomobryidae,  and 
Sminthuridae.  Springtails  are  found  in  rotting  wood  and 
leaf  debris,  on  the  surface  of  ponds  and  streams,  in 
soil  and  fungi,  under  bark,  and  on  vegetation.  Some 
species  are  abundant  on  the  surface  of  snow  and  have 
been  given  the  name  "snow  fleas." 


Figure  31.  Springtail,  Bourletiella  hortensis 
(Fitch),  order  Collembola,  family  Sminthuridae. 


Subclass  Pterygota 

Ephemeroptera  (Mayflies).     Mayflies  (fig.  32,  B)  are 
soft-bodied,  elongate  insects  with  at  least  one  pair  of 
membranous  wings  and  two  or  three  long,  slender  tails. 
Adults  do  not  feed,  and  their  mouthparts  are  vestigial; 
those  of  the  nymphal  stages  are  fitted  for  chewing.  The 
nymphs  (fig.  32,  A)  are  aquatic,  with  gills  along  the 
sides  of  the  abdomen.  Metamorphosis  is  simple.  May- 
flies possess  a  unique  developmental  stage,  called  a 
subimago,  which  is  the  initial  winged  form.  This  is  not 
the  adult  stage;  the  subimago  undergoes  one  more 
molt  before  becoming  an  adult.  Three  families  are 
commonly  collected  — Ephemeridae,  Heptageniidae, 
and  Baetidae.  Nymphs  are  found  in  a  variety  of  aquatic 
habitats,  from  fast-flowing  streams  to  the  still  waters 
of  ponds,  where  some  species  burrow  into  the  muck  at 
the  bottom.  Adults  are  usually  seen  near  water  on  veg- 
etation and  other  objects,  but  at  times  they  are  at- 
tracted in  large  numbers  to  lights. 


Ml 


Figure  32.  Typical  mayflies,  order  Ephemerop- 
tera: A,  Immature  nymph,  Stenonema  cana- 
dense  (Walker);  S,  adult. 
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Mayfly  nymphs  can  be  collected  with  an  aquatic  net  or 
can  be  handpicked  from  submerged  rocks  and  vegeta- 
tion. They  should  be  killed  and  preserved  in  80  percent 
alcohol  or  held  and  reared  to  the  adult  stage  in  aquar- 
iums or  quart-sized  or  larger  jars  half  filled  with  water. 
Although  adult  mayflies  rarely  live  for  more  than  a  few 
days,  nymphs  often  require  an  entire  year  to  develop. 
Unless  full-grown  nymphs  are  collected,  the  collector 
should  be  prepared  to  keep  the  specimens  in  captivity 
for  many  months.  Since  some  species  need  well-oxy- 
genated water,  a  small  electric  pump  to  which  air 
hoses  can  be  attached  may  be  necessary.  Almost  all 
mayfly  nymphs  are  plant  feeders,  and  an  adequate  sup- 
ply of  aquatic  plants  must  be  provided  in  the  aquarium 
or  rearing  container.  Some  of  the  vegetation,  a  stick,  or 
a  rock  should  extend  above  the  surface  of  the  water  to 
provide  the  subimago  with  something  to  which  it  can 
cling  after  emergence. 

Subimagos  can  be  preserved  in  alcohol  as  recommended 
for  nymphs,  but  it  is  better  to  hold  them  in  rearing 
cages  until  the  final  molt  is  completed.  Both  sub- 
imagos and  adults  can  be  captured  with  an  aerial  col- 
lecting net  or  by  sweeping  or  beating  the  foliage  near 
the  water.  Mayflies  are  extremely  fragile,  and  particular 
care  must  be  taken  in  removing  them  from  a  net  so  as 
not  to  damage  their  delicate  appendages.  Adults  may 
be  preserved  in  alcohol  or  pinned;  however,  pinned 
specimens  usually  shrivel  badly  and  become  brittle  so 
that  they  are  difficult  to  handle. 

Odonata  (Dragonflies,  Damselflies).     The  order 
Odonata  is  divided  into  the  suborders  Anisoptera 
(dragonflies)  and  Zygoptera  (damselflies).  The  former 
are  generally  large  insects  that  usually  keep  their 
wings  outstretched  when  at  rest,  whereas  the  latter  are 
generally  smaller,  more  delicate  insects  that  usually 
fold  their  wings  back  over  the  abdomen  when  at  rest. 
There  are  seven  families  of  Anisoptera  and  three  of 
Zygoptera.  Dragonflies  (fig.  33,  A)  and  damselflies  (fig. 
33,  6)  are  comparatively  large  and  have  two  pairs  of 
many-veined  wings.  The  hindpair  is  as  large  as  or  larger 
than  the  front  pair.  The  antennae  are  short  and  bristle- 
like, the  abdomen  is  long  and  slender,  the  mouthparts 
are  fitted  for  chewing,  and  the  metamorphosis  is  sim- 
ple. The  nymphs  are  aquatic,  possess  gills  (internal  in 
dragonflies),  and  have  the  labium  modified  into  a 
scooplike  structure  that  can  be  rapidly  extended  for- 
ward to  grasp  prey. 

The  nymphs  may  be  found  clinging  to  aquatic  vegeta- 
tion or  in  the  muck  at  the  bottom  of  streams  or  ponds. 
Specimens  are  easily  reared  on  a  diet  of  young  tad- 
poles, aquatic  insects,  or  other  small  aquatic  animals. 
A  long  stick  placed  in  the  rearing  tank  allows  mature 
nymphs  to  crawl  out  of  the  water  for  the  final  molt  to 
the  adult  stage.  Nymphs  should  be  preserved  in  alco- 
hol; large  ones  should  be  killed  in  boiling  water,  then 
transferred  to  alcohol. 

Dragonflies,  especially  the  larger  ones,  are  fast  fliers 
and  are  most  easily  caught  when  resting.  Some  have 


Figure  33.  A,  Pond  dragonfly,  Plathemis  lydia 
(Drury),  order  Odonata,  family  Libellulidae;  S, 
damselfly,  Enallagma  exsulans  Hagen,  order 
Odonata,  family  Coenagrionidae. 


favorite  resting  places  and  fly  regular  routes,  so  collec- 
tors with  sufficient  patience  to  wait  quietly  may  be 
rewarded  by  having  the  insect  come  to  them.  Any 
strange  and  sudden  movement,  as  with  a  collecting 
net,  may  cause  the  dragonfly  to  dart  away.  Try  to  swing 
the  net  from  behind  and  a  little  below  the  insect,  where 
it  will  be  less  apt  to  see  the  movement  until  it  is  too 
late.  Captured  specimens  may  be  transferred  directly 
for  half  a  day  to  acetone,  which  preserves  the  colors 
well,  placed  in  a  cyanide  jar,  where  some  colors  may  be 
lost,  or  held  alive  for  a  day  or  two  without  food.  The 
purpose  of  the  last  is  to  eliminate  the  contents  of  the 
intestinal  tract  before  the  insect  is  killed.  Decomposing 
food  left  in  the  body  of  a  dry  specimen  may  affect 
some  colors.  If  held  alive,  adults  should  be  confined  to 
a  small  space  and  preferably  kept  in  the  dark  so  they 
will  not  beat  and  damage  their  wings.  Adults  obtained 
by  rearing  should  be  held  alive  for  a  time  to  allow  the 
colors  to  develop  fully,  but  newly  emerged  adults 
should  be  kept  in  cages  large  enough  to  permit  the 
wings  to  expand  fully.  For  permanent  collections,  pin 
adults  with  the  wings  spread  or  place  them  in  clear 
plastic  envelopes  with  the  wings  folded  above  the  dor- 
sum. With  pinned  specimens,  brace  pins  may  be  added 
on  either  side  of  the  abdomen  for  support.  This  is 
especially  important  if  the  specimens  are  to  be  mailed. 
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Orthoptera  (Crickets,  Grasshoppers,  Katydids).     Mem- 
bers of  the  order  Orthoptera  have  the  hindlegs  enlarged 
and  adapted  for  jumping.  The  front  wings  are  thicken- 
ed, the  cerci  are  unsegmented,  the  mouthparts  are  fit- 
ted for  chewing,  and  metamorphosis  is  simple.  The  lar- 
vae (nymphs)  resemble  the  adults.  There  are  11  families 
in  this  order. 

Some  crickets  (fig.  34,  A)  are  found  in  domestic  situa- 
tions, but  most  orthopterans  inhabit  vegetation  such  as 
grass  and  shrubs  on  which  they  feed.  Although  they 
usually  move  by  walking  or  jumping,  most  adult  grass- 
hoppers can  fly,  often  exposing  brightly  colored  hind- 
wings.  To  capture  the  adults  in  a  net,  watch  where  they 
land  and  bring  the  net  down  quickly  over  the  spot.  If 
the  tip  of  the  bag  is  held  upright,  the  grasshopper 
usually  can  be  coaxed  up  into  the  bag.  Both  adults  and 
nymphs  can  be  captured  by  sweeping  vegetation.  Flow- 
erpot cages  are  ideal  for  rearing  grasshoppers. 

Most  species  of  katydids  (fig.  34,  B)  are  nocturnal. 
Many  are  attracted  to  light  and  usually  can  be  caught 
easily  by  hand.  Crickets  also  are  active  at  night  and 
may  be  attracted  to  baits  such  as  molasses  or  oatmeal, 
which  has  been  prepared  as  a  paste  and  spread  in  a 
thin  layer.  The  paste  is  made  by  mixing  dry  oatmeal 
with  a  little  sugar,  dry  milk,  and  water.  This  same  dry 
paste  can  be  used  to  feed  crickets  in  captivity,  al- 
though the  diet  should  be  supplemented  occasionally 
with  bits  of  fruit  and  lettuce. 

Both  adults  and  larvae  of  Orthoptera  can  be  killed  and 
preserved  in  alcohol;  for  a  permanent  collection,  pinned 
adults  are  preferable.  For  demonstrations  or  exhibits, 
winged  forms  may  be  mounted  with  one  or  both  pairs 
of  wings  spread,  but  for  most  collections  the  speci- 
mens should  be  mounted  with  legs,  antennae,  and 
wings  folded  close  to  the  body  to  conserve  space. 


Figure  34.  A,  Cricket,  order  Orthoptera,  family 
Gryllidae;  S,  katydid,  order  Orthoptera,  family 
Tettigoniidae. 


Blattodea  (Cockroaches)  and  Mantodea  (Mantids).     In 

both  the  Blattodea  and  Mantodea,  the  hindlegs  are  sim- 
ilar to  the  middle  ones  and  are  adapted  for  walking. 
The  antennae  have  more  than  30  segments,  the  cerci 
are  many-segmented,  the  mouthparts  are  fitted  for 
chewing,  and  the  metamorphosis  is  simple. 

Cockroaches  (fig.  35)  are  general  feeders,  attacking 
both  plant  and  animal  material.  There  are  over  50  spe- 
cies of  cockroaches  in  North  America,  of  which  only  4 
are  common  indoors.  These  domestic  cockroaches  are 
active  at  night  and  usually  avoid  light.  Some  outdoor 
species,  on  the  other  hand,  may  be  attracted  to  light  at 
night,  and  they  may  also  be  attracted  to  pitfall  traps 
baited  with  molasses.  This  attraction  for  sweets  some- 
times leads  cockroaches  to  invade  abandoned  beehives 
to  feed  on  the  remaining  honey.  During  the  day,  most 
cockroaches  hide  under  the  loose  bark  of  trees,  be- 
neath rotting  logs,  or  in  similar  fairly  moist  habitats. 
They  can  be  reared  with  little  difficulty,  and  many  spe- 
cies are  available  from  biological  supply  houses. 


Figure  35.  German  cockroach,  Blattella  germa- 
nica  (L),  order  Blattodea,  family  Blattellidae. 
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Mantids  (fig.  36)  are  generally  found  on  vegetation, 
where  they  prey  on  other  insects.  During  the  autumn 
and  winter,  mantid  egg  cases  can  be  found  attached  to 
low  shrubs  or  grass  stems.  If  collected,  it  is  suggested 
that  the  egg  cases  be  kept  outdoors  or  in  an  unheated 
garage  or  porch  until  spring  to  prevent  the  eggs  from 
hatching  prematurely  unless  a  quantity  of  living  insects 
such  as  Drosophila  flies  and  aphids  is  available  to  feed 
the  young  nymphs.  Adult  mantids  normally  die  in  the 
fall  soon  after  the  eggs  are  laid,  but  sometimes  speci- 
mens can  be  kept  alive  for  several  weeks  longer  in- 
doors by  careful  feeding  in  rearing  cages.  Mantids  are 
voracious  feeders,  and  their  egg  cases  are  sold  by 
many  garden  suppliers,  who  advertise  that  the  mantids 
will  control  numerous  garden  pests.  The  nymphs  and 
adults  consume  large  numbers  of  insects,  but  only 
those  readily  visible  on  plant  foliage.  Soil-dwelling  or 
stalk-boring  insects  are  safe  from  attack.  Despite  their 
formidable  appearance,  mantids  can  be  safely  captured 
by  hand.  Specimens  may  also  be  collected  from  vegeta- 
tion with  a  sweep  net. 

Adults  and  nymphs  of  cockroaches  and  mantids  may 
be  preserved  in  alcohol,  but  for  a  permanent  collection, 
adults  should  be  pinned. 


Walkingsticks  are  found  on  trees  and  shrubs,  on  which 
they  feed.  Because  of  their  slow  movements,  resem- 
blance to  twigs,  and  protective  coloration  (usually 
green  or  brown),  they  are  difficult  to  see.  Sweeping  or 
beating  trees  and  shrubs  may  yield  some  individuals.  In 
spring  or  early  summer,  newly  hatched  nymphs  may  be 
found,  which  in  the  most  common  species,  Diapheromera 
femorata  (Say),  are  only  about  0.5  cm  long.  The  nymphs 
mature  in  about  6  weeks,  attaining  a  length  of  8-10  cm. 
Their  slow-moving,  plant-feeding  habits  enable  them  to 
adapt  readily  to  the  environment  of  a  rearing  cage. 
Although  normally  phasmatids  are  leaf  feeding,  in  cap- 
tivity the  newly  molted  nymphs  have  been  observed  eat- 
ing the  cast  skin. 

Both  adults  and  immatures  may  be  collected  by  hand 
and  dropped  into  alcohol  or  a  killing  jar.  If  specimens 
are  pinned,  additional  brace  pins  may  be  necessary  to 
support  the  abdomen. 

Grylloblattodea  (Rock  Crawlers).     These  are  rare  in- 
sects found  along  the  edges  of  glaciers.  They  are  of  no 
economic  importance. 
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Figure  36.  Carolina  mantid,  Stagmomantis  Car- 
olina (L),  order  Mantodea,  family  Mantidae. 


Figure  37.  Male  European  earwig,  Forficula 
auricularia  L,  order  Dermaptera,  family 
Forficulidae. 


Phasmatodea  (Walkingsticks).     Phasmatids  or  walking- 
sticks  are  elongate,  slow-moving  insects  with  all  legs 
similar  in  appearance  and  adapted  for  walking.  Most 
species  are  wingless.  The  cerci  are  short  and  unseg- 
mented,  the  mouthparts  are  fitted  for  chewing,  and 
metamorphosis  is  simple.  The  nymphs  resemble  the 
adults. 


Dermaptera  (Earwigs).     Members  of  the  order  Der- 
maptera (fig.  37)  can  be  recognized  by  their  distinct, 
pincerlike  cerci  at  the  apex  of  the  abdomen.  The  adults 
usually  have  two  pairs  of  wings.  The  front  pair  is 
leathery  and  shorter  than  the  abdomen;  the  hindpair  is 
membranous  and  folded  under  the  front  wings  when 
the  insect  is  at  rest.  The  mouthparts  are  fitted  for 
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chewing,  and  metamorphosis  is  simple.  The  eggs  are 
laid  in  a  burrow  in  the  ground,  and  the  female  cares  for 
them  until  they  hatch,  a  situation  rarely  seen  in  the  in- 
sect world.  The  nymphs  resemble  the  adults.  In  North 
America,  .the  families  of  earwigs  are  the  Forficulidae, 
Chelisochidae,  Labiduridae,  and  Labiidae. 

Contrary  to  the  old  superstition  from  which  the  com- 
mon name  is  derived,  earwigs  are  not  known  to  crawl 
into  the  ears  of  sleeping  people.  However,  they  are  noc- 
turnal insects.  During  the  day,  they  usually  hide  in 
cracks  and  crevices,  under  the  bark  of  trees,  in  rubbish 
piles,  or  beneath  stones,  leaves,  and  other  debris  in  or 
on  the  ground.  One  species,  Anisolabis  maritima  (Gene), 
is  commonly  collected  under  stones  or  driftwood  along 
the  Atlantic  and  Pacific  coasts.  Earwigs  feed  as  scav- 
engers on  decaying  organic  matter,  but  some  species 
may  also  feed  on  living  tissues  of  flowers,  ripening 
fruits  and  vegetables,  and  occasionally  on  aphids  and 
other  small  insects.  Despite  their  almost  omnivorous 
feeding  habits,  or  perhaps  because  of  them,  earwigs 
are  not  strongly  attracted  to  bait  traps.  It  is  usually 
necessary  to  search  by  day  in  likely  habitats  and  col- 
lect the  specimens  by  hand.  Adults  and  nymphs  may  be 
killed  and  preserved  in  alcohol,  but  for  a  permanent  col- 
lection the  adults  should  be  pinned. 


developed  social  system,  and  both  winged  and  wing- 
less adults  may  occur  in  a  colony.  The  winged  form  is 
the  reproductive  caste,  composed  of  fertile  adults  with 
compound  eyes  and  comparatively  dark  coloration. 
After  the  dispersal  flight  from  the  parent  colony,  the 
wings  are  usually  shed,  leaving  only  short  stubs  that 
are  easily  visible  under  low  magnification.  Wingless 
forms  are  sterile  adults  of  either  the  worker  or  soldier 
castes.  Workers  provide  food  for  the  colony,  construct 
new  tunnels  and  chambers,  and  care  for  the  egg-laying 
queen,  whose  abdomen  is  so  swollen  that  she  is  im- 
mobile. Soldiers  defend  the  colony  against  attack.  Their 
heads  are  greatly  enlarged,  usually  with  strong  biting 
jaws,  but  in  some  species  the  jaws  are  supplemented 
with  a  beak  through  which  a  fluid  may  be  ejected  to 
repel  enemies.  The  principal  families  in  the  order  are 
the  Hodotermitidae,  Kalotermitidae,  Rhinotermitidae, 
and  Termitidae. 

Based  on  habitat,  termites  may  be  divided  into  two 
main  types,  nonsubterranean  and  subterranean.  The 
nonsubterranean  termites  include  species  that  live  in 
dead  trees,  wooden  buildings,  or  furniture  not  in  con- 
tact with  the  soil.  Subterranean  termites  live  in  the  soil, 
sometimes  creating  mounds  protruding  a  few  meters 
above  the  surface.  Colonies  of  subterranean  termites 


Figure  38.  Eastern  subterranean  termite,  Reti- 
culitermes  flavipes  (Kollar),  order  Isoptera,  fam- 
ily Rhinotermitidae. 


Figure  39.  Typical  winged-caste  ant,  Campono- 
tus  castaneus  (Latreille),  order  Hymenoptera, 
family  Formicidae. 


Isoptera  (Termites).  Termites  (fig.  38)  are  small,  soft- 
bodied  insects  with  simple  metamorphosis  and  mouth- 
parts  fitted  for  chewing.  Although  often  called  "white 
ants"  or  "flying  ants,"  termites  may  be  distinguished 
from  true  ants  (fig.  39)  by  having  a  broad  waist,  beaded 
antennae,  and,  on  winged  forms,  having  both  pairs  of 
wings  the  same  size  and  shape.  Termites  have  a  highly 


may  be  located  by  digging  into  these  mounds,  by  pry- 
ing apart  rotting  stumps,  or  by  turning  over  rotting  logs 
and  searching  in  the  soil  beneath.  Colonies  of  nonsub- 
terranean termites  are  more  difficult  to  find,  since  often 
there  is  no  external  evidence  of  an  infestation.  Careful 
examination  may  show  the  entrance  holes  made  by  the 
reproductive  adults  as  they  entered  the  wood,  but  these 
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holes  usually  are  sealed  with  cementlike  plugs  se- 
creted by  the  termites.  If  the  termites  are  working  close 
to  the  outer  edge  of  the  wood,  surface  blisters  in  the 
paint  or  a  flaking  away  of  the  surface  of  unpainted 
wood  may  be  a  clue  to  the  presence  of  a  colony. 

Using  an  aspirator,  collect  representatives  of  each  of 
the  various  castes  if  possible,  as  identification  often 
cannot  be  made  from  the  workers  alone.  Do  not  over- 
look insects  of  other  orders  that  often  live  in  the  colony 
and  that  may  mimic  termites  in  color  and  general  ap- 
pearance. All  castes  of  termites  should  be  killed  and 
preserved  in  alcohol. 

Embioptera  (Webspinners).     Embioptera  are  small  in- 
sects, mostly  4-7  mm  long,  that  live  in  silken  galleries, 
which  they  spin  in  soil,  on  or  under  bark,  among 
mosses  and  lichens,  or  sometimes  in  stored  products. 
A  few  species  are  found  in  the  Southern  United  States 
and  in  California,  but  they  are  of  no  economic  impor- 
tance. Embiopterans  may  be  treated  as  termites  for  a 
collection. 
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Plecoptera  (Stoneflies).     Adult  stoneflies  (fig.  40)  are 
soft-bodied  insects  with  two  pairs  of  wings  except  in  a 
few  species  in  which  the  wings  of  the  males  may  be 
lacking  or  greatly  reduced.  The  legs  and  antennae  are 
long,  and  usually  there  are  two  long,  taillike  appen- 
dages. Sometimes,  as  in  the  family  Nemouridae,  the 
"tails"  are  short  and  modified  into  accessory  reproduc- 
tive organs.  The  mouthparts  are  fitted  for  chewing  but 
may  be  poorly  developed  in  species  that  do  not  feed  as 
adults.  Stonefly  larvae  are  aquatic,  with  long  antennae 
and  cerci.  Branched  gills,  if  present,  are  located  on  the 
thorax  at  the  base  of  the  legs.  The  larvae  resemble 
those  of  mayflies  but  differ  in  the  location  of  the  gills 
and  in  having  two  tarsal  claws  instead  of  one.  The 
mouthparts  of  the  nymphs  are  fitted  for  chewing,  and 
metamorphosis  is  simple.  In  North  America,  the  order 
has  nine  families.  Members  of  the  family  Perlidae  are 
most  common. 


Figure  40.  Common  stonefly,  Neoperla  cly- 
mene  (Newman),  order  Plecoptera,  family 
Perlidae. 


Stonefly  larvae  are  found  in  running  water,  under 
stones,  or  clinging  to  submerged  piles  of  drifted  leaves 
and  other  debris.  Specimens  can  be  collected  with  an 
aquatic  net,  a  dipper,  or  by  hand,  and  dropped  into 
vials  of  alcohol  or  held  for  rearing.  One  difficulty  in 
rearing  Plecoptera  is  in  determining  the  food  prefer- 
ences of  the  nymphs  collected.  The  species  most  com- 
monly collected  are  plant  feeders,  but  some  species 
are  carnivorous.  To  reduce  the  time  needed  for  rearing, 
many  collectors  schedule  their  collecting  to  coincide 
with  the  adult  emergence  season  of  a  particular  spe- 
cies of  Plecoptera.  The  adults  almost  always  emerge  at 
night  or  early  in  the  morning.  By  visiting  streams  at 
night,  one  can  collect  mature  larvae  as  they  crawl  out 
of  the  water  just  prior  to  their  final  molt,  and  they  may 
be  held  in  temporary  cages  until  the  adults  emerge. 


Most  insects  hibernate  or  become  inactive  in  cold 
weather,  but  adults  of  many  species  of  Plecoptera 
emerge  during  the  winter,  even  in  the  northern  parts  of 
our  country.  Their  dark  forms  against  the  snow  make 
them  conspicuous  and  easy  to  collect.  Species  that 
mature  in  spring  or  summer  often  fly  to  lights  at  night. 
During  the  day,  adults  are  usually  found  resting  on 
vegetation  or  other  objects  along  streambanks  and  can 
be  collected  by  sweeping  or  beating  the  foliage.  Most 
stoneflies  are  poor  fliers  but  agile  runners.  Because 
they  generally  are  slow  to  take  flight,  specimens  often 
can  be  picked  up  by  hand  or  brushed  off  foliage  with  a 
flick  of  the  finger  directly  into  a  vial  of  alcohol. 

Both  adults  and  nymphs  can  be  preserved  in  alcohol.  If 
pinned,  adults  may  become  shriveled,  but  many  collec- 
tors prefer  this  method  of  preservation.  Wings,  geni- 
talia, and  other  structures  critical  for  identification  may 
have  to  be  dissected  and  mounted  on  slides  or  placed 
in  microvials. 
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Psocoptera  (Psocids,  Booklice).     Members  of  the  order 
Psocoptera  (fig.  41)  are  small,  soft-bodied  insects  some- 
what resembling  psyllids  or  aphids  (fig.  42)  but  differing 
from  them  in  having  chewing  mouthparts.  The  wings,  if 
present,  are  membranous  with  characteristic  curved,  in- 
termeshing  veins  and  few  if  any  crossveins.  When  the 
insect  is  at  rest,  the  wings  usually  are  held  rooflike 
over  the  back.  Metamorphosis  is  simple.  Eleven 
families  are  found  in  North  America. 


Figure  41.  Winged  psocid  (barklouse),  Ectopso- 
cus  pumilis  (Banks),  order  Psocoptera,  family 
Pseudocoeciliidae. 


Figure  42.  Wingless  psocid  (booklouse),  Lipos- 
celis  divinitohus  (Mueller),  order  Psocoptera, 
family  Liposcelidae. 


Some  usually  wingless  species  found  on  old  books  or 
papers  have  received  the  common  name  "booklice."  In 
damp  locations  in  houses  and  granaries,  booklice  may 
attain  tremendous  numbers.  Most  species  of  Psocoptera 
occur  outdoors  on  the  trunks  and  leaves  of  trees  and 
shrubs,  on  lichen-covered  stones,  and  on  fences. 
Psocids  feed  on  mold,  lichen,  pollen,  cereals,  and 
starchy  materials.  Unfortunately,  they  also  feed  on 
dead  insects  and  can  cause  considerable  damage  in  an 
insect  collection  unless  preventive  measures  are  taken 
(see  p.  43). 

Specimens  can  be  collected  by  sweeping  or  beating 
vegetation,  by  drying  leaf  debris  in  a  Berlese  funnel,  or 
by  picking  specimens  from  tree  trunks  or  rocks  with  an 
aspirator  or  fine  brush  moistened  in  alcohol.  Both 
adults  and  nymphs  should  be  preserved  in  alcohol. 

Zoraptera  (Zorapterans).     Zorapterans  are  small  insects 
not  over  3  mm  long,  usually  found  under  planks,  in 
piles  of  old  sawdust,  in  rotting  logs,  and  under  bark. 
Onty  two  species  are  found  in  North  America;  they  oc- 
cur from  Pennsylvania  and  Iowa  to  Texas  and  eastward. 
They  are  of  no  economic  importance.  They  may  be 
treated  as  termites  for  a  collection. 

Mallophaga  (Chewing  Lice).     Chewing  lice  (fig.  43)  are 
small,  wingless,  flattened  external  parasites  of  birds 
and  mammals,  although  mostly  of  birds.  The  mouth- 
parts  are  fitted  for  chewing,  and  metamorphosis  is  sim- 
ple. The  immatures  resemble  the  adults,  and  all  stages 
occur  on  the  host;  in  fact,  lice  are  rarely  found  away 
from  the  host.  Of  the  six  families  commonly  found  in 
North  America,  the  Philopteridae  on  poultry  and  the 
Trichodectidae  on  such  mammals  as  cattle,  horses, 
and  dogs  are  perhaps  the  most  often  collected.  No  spe- 
cies of  Mallophaga  are  known  to  attack  man. 


Chewing  lice  are  collected  from  the  living  or  dead  host. 
All  parts  of  the  host  should  be  examined  for  the  lice 
because  different  species  of  Mallophaga  may  be  found 
on  different  parts  of  the  host.  In  labeling  the  spec- 
imens, always  include  as  part  of  the  collection  data  the 
part  of  the  host's  body  from  which  the  parasites  were 
taken.  Use  forceps  or  a  fine  brush  moistened  in  alcohol 
to  remove  the  lice  from  the  feathers  or  hairs  of  the 
host.  Drop  the  specimens  into  small  vials  of  alcohol, 
using  a  separate  vial  for  each  species  and  for  spec- 
imens from  different  hosts.  For  permanent  collections, 
the  lice  should  be  stained  if  necessary  and  mounted  on 
microscope  slides. 


Figure  43.  Chewing  louse,  Meromenopon 
meropis  Clay  and  Meinertzhagen,  order  Mal- 
lophaga, family  Menoponidae. 
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Anoplura  (Sucking  Lice).     Sucking  lice  (fig.  44)  are 
similar  to  chewing  lice  in  that  they  are  small,  wingless, 
and  flattened,  but  instead  of  chewing,  they  suck  blood 
and  are  parasites  of  mammals  only.  Metamorphosis  is 
simple,  with  the  larvae  resembling  the  adults,  and  all 
stages  are  found  on  the  host.  This  order  contains  spe- 
cies that  attack  humans.  The  crab  louse,  Pthirus  pubis 
(Linnaeus),  the  head  louse,  Pediculus  humanus  capitis 
De  Geer,  and  the  body  louse,  P.  humanus  humanus  Lin- 
naeus, are  the  species  usually  found  on  humans.  The 
body  louse  is  an  important  vector  of  typhus  and  other 
diseases.  In  the  United  States,  three  families  in  the 
order  are  found— the  Pediculidae  (to  which  the  three 
species  mentioned  here  belong),  the  Echinophthiridae 
(on  marine  mammals),  and  the  Haematopinidae  (on 
horses,  cattle,  sheep,  hogs,  and  other  animals). 

Anoplura  must  be  collected  from  the  host.  The  methods 
of  collection  and  preservation  are  the  same  as  for 
Mallophaga. 

Thysanoptera  (Thrips).     Thrips  (fig.  45)  are  minute  in- 
sects that  may  be  winged  or  wingless.  The  winged 
species  have  two  pairs  of  wings  with  few  or  no  veins 
and  are  fringed  with  long  hairs.  The  piercing-sucking 
mouthparts  are  enclosed  in  a  conical,  asymmetrical 
structure  on  the  ventral  side  of  the  head.  Metamor- 
phosis is  intermediate  between  simple  and  complete. 
The  immature  stages  resemble  the  adults  as  in  simple 
metamorphosis.  Because  the  fourth  instar  is  inactive, 
does  not  feed,  and  may  have  external  wing  pads,  it  is 
called  a  pupa.  The  earlier  instars  are  called  larvae  and 
prepupae  as  in  complete  metamorphosis.  The  prepupal 
and  pupal  stages  may  be  enclosed  in  a  cocoon.  Five 
families  of  thrips  are  found  in  North  America. 

Most  thrips  feed  on  flowers,  pollen,  leaves,  buds,  twigs, 
and  other  parts  of  plants;  some  thrips  are  predaceous 
on  other  small  arthropods;  and  a  few  species  feed  on 
fungus  spores.  Specimens  can  be  collected  by  sweep- 
ing vegetation  or  by  shaking  or  beating  shrubbery  over 
a  white  or  light-colored  pan.  Another  method  is  to  col- 
lect infested  plant  parts,  usually  obvious  because  of 
the  curled  leaves  or  deformed  buds,  and  place  the  veg- 
etation in  a  paper  bag.  These  samples  can  be  examined 
later  and  the  thrips  carefully  picked  off  with  an  aspira- 
tor or  a  fine  brush  dipped  in  alcohol,  or  the  sample  can 
be  run  through  a  Berlese  funnel.  Collect  winged  and 
wingless  forms  if  both  are  present.  Thrips  can  be  col- 
lected in  60-70  percent  alcohol,  but  AGA  (see  p.  94)  is 
recommended  because  it  leaves  the  appendages  well 
extended  and  makes  the  specimens  easier  to  mount  on 
slides. 

For  critical  study  and  for  permanent  collections,  thrips 
should  be  mounted  on  slides.  Specimens  need  not  be 
stained  before  mounting,  but  some  dark-colored  and 
spore-feeding  thrips  must  be  treated  with  cold  10  per- 
cent sodium  hydroxide  to  lighten  the  color  and  remove 
the  body  contents.  Do  not  use  potassium  hydroxide, 
which  destroys  the  wings  before  the  harder  parts  of  the 
body  are  sufficiently  treated.  In  some  species,  the 


wings  are  held  close  to  the  body  by  paired  setae  on 
either  side  of  the  abdomen  when  the  insect  is  at  rest. 
To  spread  the  wings,  insert  a  needle  between  the  wings 
and  the  body  at  the  point  where  the  thorax  and  ab- 
domen join,  and  gently  tease  the  wings  out  to  a 
horizontal  position.  The  antennae  also  should  be  ex- 
tended because  the  number  of  antennal  segments  and 
position  of  sensoria  on  the  segments  often  are  critical 
for  identification  to  species  or  even  to  family. 


Figure  44.  Sucking  louse,  Polyplax  stephensi 
(Christopher  and  Newstead),  order  Anoplura, 
family  Haematopinidae. 


Figure  45.  Flower  thrips,  Frankliniella  tritici 
(Fitch),  order  Thysanoptera,  family  Thripidae. 
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Hemipterous  Orders  ("True"  Bugs,  Aphids,  Cicadas, 
Leafhoppers,  and  Others).     The  order  formerly  known 
as  Hemiptera  is  divided  here  into  two  orders,  the 
Heteroptera  (fig.  46)  and  the  Homoptera  (fig.  47). 

In  both  orders,  two  pairs  of  wings  are  usually  present 
and  the  mouthparts  are  fitted  for  piercing  and  sucking. 
Metamorphosis  is  simple,  although  members  of  the 
homopterous  family  Aleyrodidae  pass  through  a  pupal 
stage,  males  of  scale  insects  pass  through  a  prepupal, 
pupal,  or  both  stages,  and  the  life  stages  of  the 
Phylloxeridae  are  even  more  complex.  In  most  species 


Figure  46.  Masked  hunter,  Arilus  cristatus  (L. 
order  Heteroptera,  family  Reduviidae. 


Figure  47.  A,  Winged  aphid,  Rhopalosiphum 
padi  (L),  order  Homoptera,  family  Aphididae;  S, 
leafhopper,  Draeculacephala  minerva  Ball,  order 
Homoptera,  family  Cicadellidae. 


the  immatures  resemble  the  adults.  Members  of  the 
Heteroptera  (fig.  46)  have  the  basal  part  of  the  front 
wings  thickened  and  leathery  and  the  apical  part  mem- 
branous. The  hindwings  are  entirely  membranous  and 
are  covered  by  the  front  wings  except  in  flight.  When  at 
rest,  the  wings  are  held  flat  over  the  back  with  the 
apical  parts  of  the  front  wings  overlapping.  The  mouth- 
parts,  in  the  form  of  a  beak,  arise  from  the  front  part 
of  the  head. 

Although  the  term  "bug"  is  used  loosely  to  refer  to  all 
insects,  in  the  strict  sense  only  species  of  these  two 
orders  are  true  bugs.  Members  of  the  Homoptera  are 
similar  to  those  of  the  Heteroptera  except  the  sucking 
mouthparts  arise  from  under  the  back  of  the  head  and 
the  front  wings  are  uniform  in  texture,  either  entirely 
membranous  as  in  the  aphids  (fig.  47,  A)  or  of  a  slightly 
thicker,  almost  leathery  texture  as  in  the  leafhoppers 
(fig.  47,  6).  The  hindwings,  absent  in  male  scale  in- 
sects, always  are  entirely  membranous.  When  at  rest, 
members  of  this  order  hold  the  wings  folded  rooflike 
over  the  back. 

Members  of  the  order  Heteroptera  are  very  diverse  in 
appearance  and  habits.  Although  most  species  are  ter- 
restrial, many  of  the  true  bugs  live  in  or  on  the  water. 
Many  species  are  predaceous  on  other  insects,  a  few 
suck  the  blood  of  humans  and  other  vertebrate  ani- 
mals, but  most,  including  all  Homoptera,  are  plant 
feeders.  Collecting  methods  for  Heteroptera  depend 
largely  on  the  type  of  habitat.  Most  species  are  col- 
lected readily  in  nets,  aquatic  nets  for  species  in  or  on 
the  water  and  sweep  nets  for  most  plant-feeding  and 
predaceous  species.  Many  specimens  of  both  orders, 
particularly  during  the  mating  season,  are  attracted  to 
lights,  and  winged  aphids  are  often  attracted  to  yellow 
pan  traps.  However,  because  swept  or  trapped  speci- 
mens lack  associated  host  data,  it  is  better  to  collect 
specimens  directly  from  plants  whenever  possible.  Col- 
lect both  winged  and  wingless  forms  if  both  are  pres- 
ent, and  note  the  color  of  the  living  specimens;  this 
color  may  be  lost  in  the  preservative  or  when  the  spec- 
imens are  cleared  and  mounted  on  slides.  Sifting  or  us- 
ing a  Berlese  funnel  on  leaf  litter  or  on  soil  around 
plant  roots  usually  will  yield  some  Heteroptera.  Some 
species  are  found  in  association  with  ants  and  may 
mimic  the  ants  in  appearance.  Species  of  Cimicidae 
(Heteroptera,  bedbugs),  which  are  ectoparasites  of 
birds,  bats,  and  other  animals  including  humans,  usual- 
ly feed  at  night  on  their  host  and  hide  in  cracks  and 
crevices  by  day.  Because  cimicids  are  virtually  wing- 
less, they  can  be  collected  easily  with  small  forceps. 

With  the  possible  exception  of  some  fragile  plant  bugs 
of  the  family  Miridae,  both  immature  and  adult  Heter- 
optera can  be  killed  and  preserved  in  alcoho1.  Mirids 
and  most  Heteroptera  can  be  collected  satisfactorily  in 
killing  jars,  but  never  put  large  specimens  in  the  same 
jar  with  mirids  or  other  delicate  bugs.  For  permanent 
preservation,  adults  should  be  pinned.  Specimens  too 
small  or  slender  for  direct  pinning  should  be  glued  to 
points  on  double  mounts. 
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Most  specimens  of  Homoptera  can  be  collected  and 
preserved,  at  least  temporarily,  in  alcohol.  Exceptions 
are  diaspi'did  scales  and  whitefly  pupae,  which  should 
be  collected  dry  on  the  host  plant  and  placed  between 
pieces  of  absorbent  paper.  Do  not  use  plastic  bags.  For 
critical  study,  aphids,  whiteflies,  and  scale  insects 
should  be  stained  or  bleached  as  needed,  then  mounted 
on  slides.  Adult  cicadas,  leafhoppers,  and  other  rel- 
atively hard-bodied  Homoptera  can  be  collected  in  kill- 
ing jars,  then  pinned.  Specimens  smaller  than  10  mm 
should  be  glued  carefully  to  points.  When  collecting 
gall-forming  psyllids,  include  a  sample  of  the  gall.  If 
securely  anchored  with  additional  pins,  the  gall  can  be 
kept  in  the  box  with  the  pinned  adults. 

Aphids  and  many  other  plant-feeding  Homoptera  can 
be  maintained  easily  in  flowerpot  cages.  In  addition  to 
allowing  all  stages  of  the  insect  to  be  observed  and 
collected,  the  living  specimens  provide  a  ready  source 
of  food  for  young  preying  mantids  and  other  preda- 
ceous  insects  in  captivity. 

Coleoptera  (Beetles).     Beetles  (fig.  48)  usually  have  two 
pairs  of  wings.  The  front  wings  are  thickened,  usually 
hard  or  at  least  leathery,  lack  veins  but  often  are 
sculptured  with  rows  of  hollows  or  pits,  and  usually 
meet  in  a  straight  line  down  the  middle  of  the  back. 
The  hindwings  are  membranous  and  are  folded  under 
the  front  wings  when  the  insect  is  at  rest.  In  some 
beetles,  the  wings  are  greatly  reduced  or  absent.  The 
mouthparts  are  fitted  for  chewing,  and  metamorphosis 
is  complete.  Several  different  types  of  larval  forms  oc- 
cur within  the  order,  none  resembling  the  adults.  This 
order  contains  about  40  percent  of  the  species  in  the 
class  Insecta  and  is  the  largest  of  the  insect  orders. 
More  than  25,000  species  occur  in  the  United  States 
alone.  There  are  approximately  120  families,  which  are 
grouped  into  3  suborders. 

Beetles  have  invaded  almost  every  conceivable  habitat. 
There  are  both  aquatic  and  terrestrial  forms.  There  are 
plant  or  fungi  feeders,  predators,  parasites,  inquilines 
(welcome  or  unwelcome  guests  in  nests  of  other  kinds 
of  insects),  and  scavengers.  Some  of  the  last,  such  as 
dermestid  beetles,  feed  on  dead  insects  and  can  be  a 
problem  in  insect  collections  unless  protective  measures 
are  taken.  Plant-feeding  beetles  may  be  found  in  every 
part  of  a  plant,  from  flowers  to  the  roots.  Some  are  ex- 
ternal feeders;  others  mine  leaves  or  bore  into  the 
stalk. 


Figure  48.  A  Ground  beetle,  Harpalus  pennsyl- 
vanicus  De  Geer,  order  Coleoptera,  family  Car- 
abidae;  e,  ladybird  beetle,  Hippodamia 
convergens  Guerin-Meneville,  order  Coleoptera, 
family  Coccinellidae;  C,  long-horned  beetle, 
Monochamus  titillator  (Fab.),  order  Coleoptera, 
family  Cerambycidae. 
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Collecting  methods  for  beetles  are  almost  as  diverse  as 
their  habits.  Pitfall  and  other  bait  traps  using  ferment- 
ing fruit  or  decaying  meat  will  attract  silphids,  staphy- 
linids,  nitidulids,  and  other  scavengers.  Scarabs,  ceram- 
bycids,  and  many  other  beetles  are  attracted  to  light 
traps  or  light  sheets.  A  sifter  or  Berlese  funnel  can  be 
used  effectively  to  collect  soil-dwelling  beetles  or  beetles 
found  in  moss  and  leaf  litter.  Species  living  in  ponds 
and  streams  can  be  captured  by  hand  or  with  an  aquat- 
ic net.  Do  not  overlook  beetles  living  along  the  shore  in 
sand  and  under  seaweed  or  other  debris.  Sweeping  or 
beating  vegetation  will  gather  in  many  leaf-feeding  and 
some  predaceous  beetles.  A  tool  for  getting  under  bark 
or  into  wood  is  necessary  for  collecting  species  that 
bore  into  logs  or  plant  stems. 

Immature  beetles  (larvae)  should  be  killed  by  placing 
them  in  boiling  water  for  1-5  minutes,  depending  on  the 
size  of  the  specimens.  They  can  then  be  preserved  in 
alcohol.  Adult  beetles  may  be  killed  and  preserved  in 
alcohol,  but  it  is  recommended  that  they  be  killed  in 
alcohol  or  in  a  killing  jar  and  then  mounted  on  pins. 
Specimens  of  most  beetles  should  have  the  genitalia 
removed  and  prepared  (see  p.  37)  after  removal  from 
alcohol  before  the  specimen  is  pinned.  Specimens 
smaller  than  5  mm  should  be  glued  to  points,  using 
care  not  to  conceal  ventral  characters.  It  is  generally  in- 
advisable to  use  minutens  or  to  spread  the  wings  of 
beetles.  Very  tiny  or  very  flat,  cleared  beetles  may  be 
mounted  on  slides. 

Many  Coleoptera  are  easily  reared;  this  is  often  desir- 
able since  it  allows  association  of  adults  and  immature 
stages.  Mealworms  and  other  larvae  that  infest  stored 
grain  and  flour  are  particularly  easy  to  rear  and  can  be 
used  to  feed  predaceous  insects  in  captivity. 

Strepsiptera  (Twisted-Winged  Parasites).     Strep- 
sipterans  are  very  small,  usually  parasitic  insects  that 
are  sometimes  grouped  with  the  Coleoptera.  They  are 
hypermetamorphic,  that  is,  the  first  larval  stage 
(triungulin)  is  very  active  and  bears  appendages,  but 
after  finding  a  host,  such  as  various  species  of  Or- 
thoptera,  Heteroptera,  Hymenoptera,  or  Thysanoptera, 
the  larva  molts  into  a  legless,  wormlike  form  and  pu- 
pates within  the  last  skin  of  the  host.  The  adult  male  is 
winged  and  leaves  the  host  and  flies  about,  whereas 
the  female  remains  in  the  host  with  its  body  protruding 
from  between  the  abdominal  segments  of  the  host,  and 
after  producing  large  numbers  of  the  tiny  triungulins,  it 
dies.  In  males,  the  forewings  are  modified  into  small 
clublike  or  scalelike  organs,  and  the  hindwings  are 
broad  and  delicate  with  few  veins. 

Strepsiptera  males  may  sometimes  be  found  on  flow- 
ers, apparently  searching  for  females  in  their  hosts. 
However,  the  best  way  to  collect  strepsipterans  is  to 
capture  and  rear  parasitized  hosts,  which  may  be  rec- 
ognized by  the  little  saclike  females  protruding  from 
the  often  distorted  abdomens  of  their  hosts.  Specimens 
should  be  preserved  in  alcohol  or  mounted  on  micro- 
scope slides,  but  males  may  be  mounted  on  minutens. 


Figure  49.  Scorpionfly,  Panorpa  rufescens 
Ramber,  order  Mecoptera,  family  Panorpidae. 


Mecoptera  (Scorpionflies).     Mecoptera  (fig.  49)  have 
received  the  common  name  of  scorpionflies  because 
the  upturned  genitalia  of  some  males  resemble  the  tail 
of  a  scorpion.  The  adults  usually  have  two  pairs  of 
long,  narrow,  membranous  wings  with  many  veins, 
although  in  some  species  the  wings  are  reduced  or  ab- 
sent. The  mouthparts  are  fitted  for  chewing  and  are 
prolonged  ventrally  into  a  beaklike  structure.  Metamor- 
phosis is  complete.  Larvae  of  scorpionflies  resemble 
the  larvae  of  sawflies  and  some  Lepidoptera  but  differ 
from  the  latter  by  the  absence  of  crochets  (tiny  hooks) 
on  the  prolegs  and  from  the  former  by  having  seven  or 
more  ocelli.  Families  found  in  North  America  are  the 
Boreidae,  Bittacidae,  Panorpidae,  Panorpodidae,  and 
Meropeidae. 

Scorpionfly  adults  and  larvae  feed  primarily  on  living 
and  dead  insects,  but  some  adults  are  attracted  to  nec- 
tar and  fermenting  fruit,  and  some  species  apparently 
feed  on  moss.  Larvae  of  most  scorpionflies  are  found 
in  the  soil  or  in  leaf  litter  on  the  ground  and  can  be  col- 
lected in  a  sifter.  Most  adults  are  found  in  heavily 
wooded  areas  and  can  be  collected  by  sweeping  or 
beating  the  vegetation.  Adults  of  the  so-called  snow 
scorpionflies  of  the  family  Boreidae  emerge  in  winter 
and  often  can  be  picked  off  the  surface  of  snow  with 
forceps.  On  rare  occasions,  some  Mecoptera  are  col- 
lected in  light  traps,  but  as  most  species  are  active  on- 
ly during  the  day,  flight  traps  such  as  the  Malaise  trap 
are  usually  more  effective. 

Larvae  and  adults  can  be  killed  and  preserved  in  alco- 
hol, but  it  is  preferable  to  mount  adults  on  pins  or 
points.  The  wings  of  the  adults  may  be  spread  if 
desired,  but  it  is  customary  to  leave  them  folded. 
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Neuroptera  (Lacewings,  Antlions,  Snakeflies,  Dobson- 
flies,  Alderflies,  and  Others).     Neuroptera  (fig.  50)  have 
two  pairs  of  similarly  shaped  membranous  wings,  usually 
with  a  network  of  many  crossveins  and  branches  of  lon- 
gitudinal veins,  particularly  at  their  outer  margins. 
When  the  insect  is  at  rest,  the  wings  are  held  rooflike 
over  the  back.  The  mouthparts  are  fitted  for  chewing. 
Metamorphosis  is  complete;  the  immatures  do  not  re- 
semble the  adults.  Classification  of  this  group  varies 
with  different  authors,  but  there  are  approximately  3 
suborders  and  14  families.  Neuropterans  such  as  dob- 
sonflies  and  fishflies  (family  Corydalidae),  alderflies 
(family  Sialidae),  brown  lacewings  (family  Hemerobii- 
dae),  green  lacewings  (family  Chrysopidae),  and  ant- 
lions  (family  Myrmeleontidae)  are  frequently  found. 

Most  Neuroptera  are  predaceous  both  as  adults  and 
larvae,  and  many  will  bite  if  handled  incautiously  when 
collected.  The  larvae  of  several  members  of  the  order 
are  aquatic,  usually  concealed  under  stones  in  streams, 
and  can  be  collected  by  hand,  in  an  aquatic  net,  or  with 
a  dipper.  Adult  aquatic  forms  usually  remain  on  vegeta- 
tion near  water.  They  are  relatively  poor  fliers  and  gen- 
erally can  be  collected  directly  into  killing  jars.  Most 
immatures  and  adults  of  terrestrial  forms  are  found  on 
vegetation  and  can  be  collected  in  a  sweep  net.  Imma- 
ture myrmeleontids,  called  antlions,  are  found  partially 
buried  at  the  bottom  of  small  pits  that  they  dig  in  sand 
or  dust  to  trap  ants  or  other  unwary  insects.  The  rarely 
collected  mantispid  larvae  are  parasitic  on  spider  eggs. 
Many  adults  of  both  terrestrial  and  aquatic  forms  are 
attracted  to  lights. 

Adult  Neuroptera  may  be  preserved  in  alcohol,  but  it  is 
preferable  to  mount  the  specimens  on  pins  or  points. 
The  wings  may  be  spread  or  left  folded.  Immature  spec- 
imens of  medium  to  small  size  should  be  killed  and  pre- 
served in  alcohol;  large  specimens  should  be  killed  in 
nearly  boiling  water,  then  transferred  to  alcohol. 

Trichoptera  (Caddisflies).     Caddisflies  (fig.  51)  are  soft- 
bodied  insects  with  long,  slender  antennae  and  two 
pairs  of  membranous  wings,  which  are  clothed  with 
hairs  and  held  rooflike  over  the  back  when  the  insect  is 
at  rest.  The  larval  mouthparts  are  fitted  for  chewing  but 
are  modified  in  the  adult  for  feeding  on  liquids.  Meta- 
morphosis is  complete.  About  20  families  are  in  the 
order. 

Trichopterous  larvae,  which  are  aquatic,  have  a  pair  of 
hooklike  appendages  at  the  end  of  the  abdomen,  and 
many  live  in  characteristic  cases  constructed  of  peb- 
bles, sand  grains,  twigs,  or  other  materials  found  in 
ponds  and  streams.  The  abdominal  hooks  are  used  to 
drag  the  case  about  as  the  larva  feeds.  When  the  larva 
is  ready  to  pupate,  it  attaches  the  case  to  a  rock  or 
other  fixed  object  in  the  water.  Case-making  larvae  are 
mostly  detritus  or  plant  feeders.  Some  caddisfly  larvae 


Figure  50.  A,  Alderfly,  Sialis  infumata  Newman, 
order  Neuroptera,  family  Sialidae;  S,  male  dob- 
sonfly,  Corydalus  cornutus  (L),  order  Neurop- 
tera, family  Corydalidae;  C,  goldeneye  lacewing, 
Chrysopa  oculata  Say,  order  Neuroptera,  family 
Chrysopidae,  with  eggs  attached  to  plant. 
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do  not  make  cases  but  instead  spin  silken  webs,  which 
are  used  to  capture  food  drifting  in  the  stream.  A  few 
species  build  neither  cases  nor  webs  but  are  free  living 
and  predaceous.  When  collecting  immature  Trichoptera, 
preserve  the  case  in  alcohol  along  with  the  larva,  pupa, 
or  both. 

Adult  caddisflies  are  weak,  usually  crepuscular  (dawn 
or  dusk)  fliers.  They  are  generally  found  during  the  day 
resting  on  vegetation,  bridges,  or  other  objects  near 
ponds  and  streams.  Specimens  can  be  collected  with  a 
sweep  net  or  captured  directly  with  a  killing  jar.  Large 
numbers  of  adults  are  often  attracted  to  lights,  par- 
ticularly if  the  lights  are  close  to  water.  Adults  killed 
and  preserved  in  alcohol  are  satisfactory,  but  speci- 
mens mounted  on  pins  are  preferred.  Adults  too  small 
for  direct  pinning  should  be  mounted  on  minutens. 
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Lepidoptera  (Butterflies,  Skippers,  Moths).     Adult 
Lepidoptera  (fig.  52)  have  two  pairs  of  wings  (rarely 
reduced  or  absent),  which  usually  are  covered  with  flat- 
tened hairs  and  scales.  The  mouthparts  are  fitted  for 
sucking  and  are  commonly  in  the  form  of  a  long,  coiled 
haustellum  (tongue),  but  this  may  be  reduced  or  absent 
in  nonfeeding  adults.  Metamorphosis  is  complete.  The 
larvae  (fig.  53)  are  commonly  called  caterpillars.  They 
usually  have  a  well-differentiated  head  with  chewing 
mouthparts  and  a  cylindrical,  13-segmented  body.  There 
are  3  pairs  of  thoracic  legs  and  up  to  5  pairs  of  prolegs, 
with  apical  crochets  on  abdominal  segments  3-6  and 
10.  Part  of  the  order  is  generally  divided  into  two  major 
superfamilies.  One  superfamily  is  represented  by  the 
butterflies  (fig.  52,  A)  and  the  skippers  (fig.  54),  which 
are  day  fliers  and  have  knobbed  or  clubbed  antennae. 
The  second  superfamily  includes  the  moths  (fig.  52,  8), 
which  fly  mostly  at  night  and  have  threadlike  or  feath- 
erlike antennae.  This  is  the  second  or  third  largest 
order  of  insects,  with  2  suborders,  about  78  families, 
and  more  than  150,000  species. 

Most  adults  fly  actively.  Butterflies  in  particular  often 
are  collected  on  the  wing  or  netted  as  they  come  to 
rest  on  flowers,  leaves,  or  on  the  ground  in  the  daytime. 
Many  brightly  colored  butterflies  are  found  congre- 
gating around  puddles.  Although  some  moths  may  be 
flushed  from  their  resting  places  and  netted  by  day, 
and  some  are  diurnal,  the  most  productive  collecting 
method  is  to  catch  or  trap  them  when  they  are  at- 
tracted to  light.  Bait  collecting  also  is  a  standard 
technique  for  some  groups  (see  p.  16).  Most  lepi- 
dopterous  larvae  feed  on  live  plants,  some  species 
feeding  on  or  in  the  leaves  and  others  boring  into  the 
stems,  seeds,  or  other  parts  of  the  plant.  The  larvae  of 
many  species  are  very  host-specific,  starving  rather 
than  feeding  on  a  plant  other  than  the  preferred  spe- 
cies. A  few  larvae  are  scavengers  on  dead  plant  or  ani- 
mal matter,  including  woolen  clothing. 

Lepidoptera  have  long  been  especially  popular  for  rear- 
ing, and  the  breeding  and  hybridization  of  butterfly  spe- 
cies have  become  highly  developed.  No  special  equip- 
ment or  skills  are  necessary  to  rear  most  foliage-feed- 
ing species  from  eggs.  Many  adult  female  moths  will 
lay  eggs  freely  if  confined  in  a  small  plastic  box,  glass 
jar,  or  other  container  with  a  piece  of  the  food  plant  or 
some  crumpled  paper.  For  large  moths,  a  paper  bag  or 
shoebox  can  be  used.  Keep  a  piece  of  damp  paper  towel 
or  sponge  in  the  container  to  maintain  the  humidity, 
especially  if  the  specimens  are  reared  in  an  air-con- 
ditioned or  heated  building.  A  water-soaked  raisin  will 
provide  nourishment  for  the  female  as  well  as  moisture 
for  those  species  feeding  as  adults. 


Figure  51.  Caddisfly,  Phryganea  vestita 
(Walker),  order  Trichoptera,  family 
Phryganeidae. 
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Most  butterflies  require  large,  brightly  illuminated 
cages  containing  an  ample  supply  of  the  natural  food 
to  induce  them  to  ovipost.  Females  caught  outdoors 
will  nearly  always  be  fertile,  and  their  eggs  will  hatch 
in  a  week  or  10  days  unless  the  species  is  one  that 
overwinters  in  the  egg  stage.  If  the  food  plant  is 
unknown,  a  trial-and-error  procedure  must  be  used  by 
offering  the  newly  hatched  larvae  bits  of  leaves  from  a 
variety  of  plants  that  are  thought  to  be  possible  hosts. 


Figure  52.  A,  Butterfly,  Papilio  glaucus  L,  order 
Lepidoptera,  family  Papilionidae;  S,  tomato  horn- 
worm  moth,  Manduca  quinquemaculata 
(Haworth),  order  Lepidoptera,  family  Sphingidae. 


Rearing  cages  made  of  screening  are  appropriate  for 
large  moths  and  most  butterflies,  but  caterpillars  re- 
quire little  air.  and  most  species  may  be  reared  suc- 
cessfully in  closed  plastic  or  metal  containers.  Ex- 
cessive moisture  need  not  be  a  problem  if  the  con- 
tainers are  kept  at  a  reasonably  constant  temperature 
and  the  bottom  is  lined  with  a  clean  paper  towel  or 
blotting  paper.  Only  dry  foliage  should  be  used  as  food; 
caterpillars  need  only  the  water  they  get  by  eating 
fresh  leaves,  and  tight  containers  keep  the  leaves  fresh 
for  several  days.  Cleanliness  is  essential,  and  uneaten 
leaves  and  the  accumulation  of  frass  at  the  bottom 
must  be  removed  at  regular,  often  daily,  intervals.  When 
mature,  the  larvae  should  be  provided  with  suitable 
conditions  for  pupation.  For  example,  species  that  pu- 
pate in  the  ground  may  need  several  inches  of  slightly 
dampened  peat,  sand,  or  sawdust.  Species  that  pupate 
in  leaf  litter  often  will  do  well  if  allowed  to  crawl  into 
the  folds  of  a  crumpled  paper  towel. 

Preserving  the  various  larval  stages  is  often  desirable 
so  that  they  may  be  identified  by  positive  association 
with  adults  reared  from  the  same  brood.  Larvae  should 
be  killed  by  immersing  them  for  a  minute  or  so  in  near- 
ly boiling  water.  They  may  then  be  preserved  in  alcohol. 
Large  specimens  should  have  the  alcohol  changed  after 
the  first  24  hours  because  the  body  fluids  will  have 
diluted  it.  As  an  alternative  to  alcoholic  preservation, 
larvae  may  be  freeze-dried  or  inflated  and  then  mounted 
on  pins. 

Perhaps  the  most  difficult  problem  in  collecting  adult 
Lepidoptera  is  to  avoid  rubbing  off  the  wing  scales.  For 
large  specimens,  a  widemouthed  killing  jar  is  recom- 
mended, with  the  killing  agent  of  sufficient  strength  to 
kill  or  stun  the  insect  immediately.  Do  not  place  large 
beetles  or  other  large  insects  in  the  same  jar  with  but- 
terflies and  moths,  and  do  not  crowd  too  many  Lepi- 
doptera into  one  jar.  Some  collectors  prefer  to  remove 
the  specimens  soon  after  they  have  been  killed  and 
place  each  specimen  temporarily  in  a  separate,  labeled 
envelope:  this  procedure  is  especially  useful  for  but- 
terflies. Such  papered  specimens  later  can  be  relaxed 
and  spread.  For  permanent  collections,  adult  Lepidop- 
tera should  be  pinned  with  the  wings  spread  in  the 
standard  manner  (see  p.  32)  so  that  all  important 
features  of  wing  pattern  and  structure  may  be  seen. 
Never  glue  adults  to  points  or  place  them  in  alcohol. 
Pin  small  microlepidoptera  with  minutens,  spread,  then 
double  mount.  Papered  specimens  or  specimens  left 
too  long  in  a  killing  jar  must  be  placed  in  a  relaxing 
chamber  before  the  wings  can  be  spread,  and  even 
fresh  specimens  are  easier  to  handle  if  placed  over- 
night in  a  relaxing  chamber  (see  p.  24). 
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Figure  53.  Larvae  (caterpillars)  of  A,  monarch  worm,  Heliothis  zea  (Boddie),  order  Lepidoptera, 

butterfly,  Danaus  plexippus  (L),  order  Lepidop-  family  Noctuidae;  D,  whitemarked  tussock  moth, 

tera,  family  Danaidae;  S,  tomato  hornworm,  Orgyia  leucostigma  (J.  E.  Smith),  order  Lepidop- 

Manduca  quinquemaculata  (Haworth),  order  tera,  family  Lymantriidae. 
Lepidoptera,  family  Sphingidae;  C,  corn  ear- 


Figure  54.  Skipper,  Epargyreus  sp.,  order  Lepi- 
doptera, family  Hesperiidae. 
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Diptera  ("True"  Flies,  Mosquitoes).     Adult  Diptera  (fig. 
55)  are  soft-bodied  insects  with  only  the  front  pair  of 
wings;  the  hindwings  are  modified  into  a  pair  of 
slender,  knobbed  structures  called  halteres.  Other 
orders  may  have  species  with  only  one  pair  of  wings, 
but  no  other  insects  have  knobbed  halteres.  (The 
halteres  or  hamulohalteres  of  winged  male  scale  in- 
sects are  not  knobbed  and  usually  are  tipped  with  one 
or  more  hooked  setae.  Most  winged  male  scale  insects 
also  differ  from  flies  in  having  a  single  long,  stylelike 
process  at  the  end  of  the  abdomen.)  The  mouthparts  of 
Diptera,  whether  in  the  form  of  a  tube,  a  pair  of  spongy 
lobes,  or  a  sharp  beak,  are  fitted  for  sucking  liquids. 
Metamorphosis  is  complete.  The  larvae  (fig.  56)  are 
commonly  called  maggots.  They  lack  true  legs,  but 
some  species  have  one  or  more  pairs  of  prolegs.  In 
some  primitive  families,  the  larvae  have  a  distinct  head 
capsule,  and  the  pupae  are  free  living.  In  more  advanced 
flies,  as  in  the  muscoid  families,  no  head  is  apparent 
on  the  larvae,  which  often  pupate  inside  the  last  larval 
skin,  known  as  a  puparium. 

The  order  Diptera  contains  approximately  120  families 
and  in  North  America  alone  over  18,000  described  spe- 
cies. Some  are  beneficial,  such  as  those  that  pollinate 
flowers  or  prey  on  or  parasitize  other  insects;  other 
species  are  serious  crop  pests  or  important  vectors  of 
diseases.  The  greatest  number  of  flies,  however,  prob- 
ably are  neither  beneficial  nor  harmful  to  man,  but 
often  are  collected  and  studied  because  of  the  unusual 
ecological  niches  they  occupy. 

Habitats  of  Diptera  are  numerous  and  varied.  Perhaps 
the  most  unusual  are  the  seeps  of  crude  petroleum  in 
which  larvae  of  some  ephydrid  larvae  (shore  flies)  (fig. 
56,  6)  develop  or  the  hot  springs  in  which  some 
stratiomyid  larvae  are  found.  A  rain-filled  can  by  the 
side  of  the  road  may  harbor  mosquito  larvae  (family 
Culicidae)  (fig.  56,  C),  and  stones  in  a  fast-flowing 
stream  may  hold  simuliid  (black  fly)  larvae.  A  dipper  or 
small  aquatic  net  is  useful  in  collecting  such  larvae.  A 
sweep  net  or  aerial  net  can  be  used  effectively  to  col- 
lect the  adults,  which  generally  remain  near  the  water. 

Although  most  dipterous  larvae  are  aquatic  or  semi- 
aquatic,  some  species  live  in  plant  tissues,  mining 
leaves,  forming  galls,  or  feeding  in  the  stems  or  roots. 
By  placing  the  host  plant,  or  infested  parts  of  the  host 
plant,  in  a  rearing  container,  it  may  be  possible  to  keep 
the  larvae  until  they  pupate  and  the  adult  flies  emerge. 
Similarly,  adult  tachinids  and  other  parasitic  flies  can 
be  obtained  by  keeping  the  parasitized  host  insect  in  a 
rearing  container.  Because  some  species  normally  pu- 
pate in  the  soil,  place  an  inch  or  so  of  moist  sand  or 
moss  in  the  bottom  of  the  cage. 


Figure  55.  Striped  horsefly,  Tabanus  lineola 
(Fab.),  order  Diptera,  family  Tabanidae. 
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Figure  56.  Larvae  of  A  house  fly,  Musca 
domestica  L,  order  Diptera,  family  Muscidae;  6, 
shore  fly,  Hydropyrus  hians  (Say),  order  Diptera, 
family  Ephydridae;  C,  northern  house  mosquito, 
Culex  pipiens  L,  order  Diptera,  family  Culicidae. 
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Flies  that  are  scavengers  on  decaying  animal  and  vege- 
table matter  may  be  collected  in  bait  traps.  Chemical 
baits  that  attract  some  specific  groups  of  flies  are 
available  commercially.  Light  traps  or  flight  traps,  such 
as  the  Malaise  trap  (see  p.  11),  used  with  or  without  a 
bait,  usually  are  extremely  successful  in  capturing 
adult  flies. 

Some  flies  are  ectoparasites  of  bats,  birds,  and  other 
animals.  Many  of  these  parasitic  flies  are  wingless  and 
can  be  collected  readily  from  the  host  with  forceps  or 
an  aspirator. 

Most  flies  should  be  killed  dry  and  mounted  on  pins, 
minutens,  or  card  points,  if  possible  within  a  few  hours 
after  they  have  been  killed.  Remember  that  newly 
emerged  adults  may  be  teneral  and  should  be  held 
alive  until  the  wings  and  colors  fully  develop.  Small 
flies,  if  not  mounted  on  minutens  or  points  very  soon 
after  collecting,  should  be  placed  in  alcohol  and  run 
through  the  Cellosolve-xylene  series  (see  p.  25).  No  flies 
should  be  kept  dry-layered  in  boxes  or  envelopes;  their 
heads,  antennae,  and  legs  are  far  too  prone  to  become 
detached.  Dipterous  larvae  should  be  killed  in  nearly 
boiling  water  and  preserved  in  alcohol.  For  permanent 
collections,  mosquito  larvae  are  preferably  mounted  on 
microscope  slides.  Some  adult  flies  also  can  be  pre- 
served satisfactorily  in  alcohol,  but  most  should  never 
be  placed  in  alcohol.  If  adults  of  many  families  are  im- 
mersed in  liquid,  the  scales,  hairs,  or  bristles  critical 
for  identification  may  come  loose  and  the  specimens 
will  become  useless. 

Siphonaptera  (Fleas).     Adult  fleas  (fig.  57)  are  small, 
wingless  insects  with  the  body  greatly  compressed 
laterally,  usually  heavily  sclerotized,  and  armed  with 
combs  of  spines  or  bristles.  The  antennae  are  short 
and  inconspicuous;  the  legs  are  long,  spiny,  and 
equipped  for  jumping.  Adult  fleas  are  parasitic  on 
warm-blooded  vertebrates  and  have  mouthparts  of  the 
piercing-sucking  type  with  long,  well-developed  palpi. 
Metamorphosis  is  complete.  Flea  larvae  are  legless, 
with  long  bristles  over  most  of  the  body.  The  larvae  do 
not  suck  blood  but  feed  on  organic  debris  in  and  about 
the  nest  or  habitation  of  the  host.  In  North  America, 
there  are  about  eight  families  in  the  order;  current 
authorities  disagree  as  to  the  exact  number.  Fleas  such 
as  the  cat  flea,  Ctenocephalides  felis  (Bouche),  and  the 
dog  flea,  C.  canis  (Curtis),  are  well  known  as  household 
pests,  but  fleas  are  of  primary  importance  to  humans 
because  of  the  potential  of  some  species  to  transmit 
bubonic  or  sylvatic  plague,  endemic  typhus,  and  other 
serious  diseases. 


Fleas  most  commonly  infest  animals  that  live  in  nests 
or  burrows  and  seldom  are  found  on  cattle,  deer,  or 
other  hoofed  animals.  Rodents  and  other  small  mam- 
mals are  almost  always  heavily  infested  with  fleas, 
which  can  be  collected  by  shooting  or  trapping  the  host 
and  immediately  picking  or  brushing  the  fleas  from  the 
fur.  Because  fleas  are  active,  it  may  be  necessary  to 
place  the  host  in  a  jar  or  bag  with  a  few  drops  of  liquid 
killing  agent  to  stun  or  kill  the  fleas  before  examining 
the  fur.  Placing  the  host  animal  in  a  refrigerator  for  an 
hour  or  longer  also  will  slow  the  activity  of  the  fleas.  If 
immediate  examination  of  the  host  is  not  possible,  it 
should  be  placed  in  a  bag  (each  host  animal  in  a  sep- 
arate bag)  to  confine  the  fleas,  which  tend  to  leave  a 
dead  host. 

Birds  also  have  fleas,  but  the  fleas  that  attack  birds 
usually  are  collected  most  readily  by  examining  the 
nest  soon  after  it  has  been  abandoned  in  the  summer. 
In  every  instance,  the  species  of  bird  that  made  the 
nest  should  be  noted  on  the  data  label.  The  nest  can  be 
teased  apart  or  placed  in  a  Berlese  funnel  or  sifter  to 
collect  the  adult  fleas  and  immature  stages.  Because 
the  latter  cannot  be  identified  with  certainty  without 
associated  adults,  some  of  the  larvae  or  pupae  should 
be  placed  in  jars  with  a  quantity  of  the  nest  material 
and  reared.  For  successful  rearing,  it  is  essential  to 
maintain  the  humidity  as  high  as  would  normally  be 
found  in  a  nest.  The  burrows  or  nests  of  mammals  also 
should  yield  numerous  adult  and  immature  fleas.  Adults 
and  larvae  may  be  killed  and  preserved  satisfactorily  in 
alcohol,  but  for  permanent  collections,  it  is  preferable 
to  mount  adult  fleas  on  slides.  Be  sure  to  include  the 
name  of  the  host  on  the  slide  label. 


Figure  57.  Cat  flea,  Ctenocephalides  felis  (Bouche), 
order  Siphonaptera,  family  Pulicidae. 
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Hymenoptera  (Sawflies,  Ants,  Wasps,  Bees).     Hymen- 
optera  may  be  wingless  (fig.  58,  A)  or  winged  (fig.  58,  S), 
with  two  pairs  of  membranous  wings.  The  forewings 
are  larger,  and  the  hindwings  are  usually  coupled  to 
them  with  a  series  of  little  hooks  fitting  into  a  fold  in 
the  forewing.  Mouthparts  are  equipped  for  chewing  or 
for  chewing  and  sucking  and  may  be  modified  into  a 
tonguelike  structure.  Metamorphosis  is  complete.  Most 
hymenopterous  larvae  have  a  distinct  head  and  are  leg- 
less and  maggotlike  (fig.  59,  A),  but  the  larvae  of  saw- 
flies  (fig.  59,  B)  have  thoracic  legs  and  prolegs.  The  lat- 
ter lack  crochets,  a  character  that  may  be  used  to 
separate  these  larvae  from  the  larvae  of  Lepidoptera. 
The  order  Hymenoptera  consists  of  2  suborders  and  71 
families. 


The  habits  of  Hymenoptera  are  diverse,  ranging  from 
free-living,  plant-feeding  forms  such  as  sawflies,  to 
parasitic  forms  such  as  ichneumonids  and  braconids, 
to  social  forms  such  as  some  wasps,  ants,  and  bees. 
Many  bees  are  important  pollinators  of  plants,  and 
some  are  valued  for  the  honey  they  produce.  The  para- 
sitic forms  are  of  ever-increasing  importance  as  bio- 
logical control  agents.  The  plant-feeding  forms  include 
some  of  the  most  destructive  defoliators  of  forest  trees. 

Because  the  habits  are  so  diverse,  collecting  methods 
vary.  Sawfly  adults  (fig.  60),  so-called  because  of  their 
sawlike  ovipositor,  may  be  caught  in  interception  traps 
such  as  the  Malaise  trap  or  swept  from  low  vegetation. 
Most  sawfly  larvae  are  external  feeders  on  vegetation, 
but  some  species  mine  the  leaves  or  leaf  petioles,  and 
a  few  species  cause  galls.  Outbreaks  of  sawflies  may 
occur  occasionally  in  a  given  area  and  offer  collectors 
an  excellent  opportunity  to  obtain  samples  large 
enough  to  allow  some  specimens  to  be  preserved  as 
immatures  and  others  to  be  held  in  rearing  cages  until 
adults  emerge.  Procedures  used  in  rearing  Lepidoptera 
(see  p.  74)can  be  used  for  rearing  sawflies.  Sawfly  lar- 
vae may  be  preserved  in  alcohol,  inflated,  or  freeze- 
dried.  Many  sawflies  attach  their  cocoons  to  leaves  or 
twigs  of  the  host  plant,  but  larvae  of  some  species 
drop  to  the  ground  and  pupate  in  the  soil  or  leaf  litter. 
For  this  reason,  5-8  cm  of  moist  soil  or  peat  moss 
should  be  kept  on  the  bottom  of  the  rearing  cages.  The 
adults  that  emerge  may  be  killed  in  alcohol  but  later 
should  be  removed  and  pinned,  preferably  with  the 
wings  extended. 


B 


Figure  58.  A,  Common  ant,  Camponotus  casta- 
neus  (Latreille),  order  Hymenoptera,  family  For- 
micidae;  S,  thread-waisted  wasp.  Ammophila 
urnaria  Dahlbom,  order  Hymenoptera,  family 
Sphecidae. 
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Parasitic  wasps  will  often  be  found  in  Malaise  traps, 
in  Berlese  samples,  and  in  samples  taken  in  a  sweep 
net;  however,  for  accurate  association  of  the  parasites 
with  their  hosts,  it  is  essential  that  they  be  reared. 
[It  is  the  policy  of  the  Biosystematics  and  Beneficial 
Insects  Institute  not  to  accept  parasitic  Hymenoptera 
for  identification  unless  the  host  insect  has  been 
identified  at  least  to  genus.]  Rearing  is  also  one  means 
of  associating  the  sexes  with  certainty,  since  males 
and  females  in  many  species  differ  greatly  in  appear- 
ance. It  is  important  to  include  on  the  collection  label 
not  only  the  scientific  name  of  the  host  insect,  but  also 
the  life  stage  of  the  host  from  which  the  parasite 
emerged.  If  the  specimens  are  determined  to  be  poly- 
embryonic  (more  than  one  individual  produced  from  one 
egg),  this  also  should  be  noted  on  the  label.  If  possible, 
the  remains  of  the  host  should  be  retained  and  mounted 
below  the  parasite  on  the  pin.  Parasitic  wasps  too 
small  for  direct  pinning  should  be  glued  to  points.  Do 
not  mount  microhymenoptera  on  minutens. 

In  mounting  parasitic  Hymenoptera,  the  antennae,  legs, 
and  wings  should  be  arranged  so  as  not  to  obscure 
characters  on  the  body  needed  for  identification.  Be 
careful  with  ichneumonids,  however,  that  the  long 
wings  and  antennae  do  not  point  upward  and  thus 
possibly  may  be  broken  when  the  pin  is  handled.  Tiny 
specimens,  those  under  2  mm,  may  be  cleared  and 
mounted  on  slides  or  kept  in  alcohol.  Scientists  in 
the  Systematic  Entomology  Laboratory  prefer  that 
specimens  of  the  Ichneumonoidea  be  killed  and  pre- 
served in  95  percent  alcohol;  other  parasitic  Hymen- 
optera may  be  preserved  satisfactorily  in  70-80  percent 
alcohol. 

Gall  wasps  and  the  galls  from  which  they  emerge 
should  be  preserved  together,  since  identification  of 
many  species  is  based  on  the  gall.  If  galls  are  placed  in 
a  pinned  collection,  make  sure  that  they  are  pinned 
securely,  with  additional  brace  pins  on  each  side.  Use 
care  when  labeling  specimens  associated  with  a  partic- 
ular gall.  Not  all  insects  that  emerge  are  gall  pro- 
ducers; some  may  be  parasites  of  the  gall  wasps  or 
inquilines. 


Figure  59.  Larvae  of  A,  megachilid  bee,  order 
Hymenoptera,  family  Megachilidae;  B.  European 
pine  sawfly,  Neodiprion  sertifer  (Geoffroy),  order 
Hymenoptera,  family  Diprionidae. 


Ant  nests  also  may  yield  other  kinds  of  insects  besides 
ants;  many  of  them  mimic  ants.  In  collecting  ants  from 
a  nest,  use  an  aspirator  or  Berlese  funnel  and  try  to  ob- 
tain specimens  of  each  caste.  It  may  be  necessary  to 
return  to  a  nest  periodically  through  the  year  to  find  the 
males  or  winged  females.  Ants  may  be  collected  and  pre- 
served in  alcohol,  but  for  a  permanent  collection,  larger 
specimens  should  be  pinned,  and  specimens  under5  mm 
should  be  glued  to  points. 


Figure  60.  Adult  pine  sawfly,  Neodiprion  sertifer 
(Geoffroy),  order  Hymenoptera,  family 
Diprionidae. 


Aculeate  or  stinging  wasps  and  bees  may  be  caught  in 
Malaise  traps  or  by  sweeping.  See  page  4  on  how  to 
remove  stinging  insects  from  a  net.  If  specimens  are 
taken  from  a  nest,  try  to  collect  the  nest  also.  If  this  is 
not  practical,  make  a  note  or  sketch  of  the  approximate 
measurements  of  the  nest.  Do  not  overlook  the  insects 
that  the  wasps  may  have  stored  in  cells  in  the  nest. 


79 


Selected  References 

(1)  A'Brook,  J. 

1973.  Observations  on  different  methods  of  aphid 
trapping.     Ann.  Appl.  Biol.  74:263-267. 

(2)  Acree,  F.,  and  others. 

1968.     L-lactic  acid:  A  mosquito  attractant  isolated 
from  humans.     Science  (Wash.,  D.C.) 
161:1346-1347. 

(3)  Acuff,  V.  R. 

1976.     Trap  biases  influencing  mosquito  collecting. 
Mosq.  News  36:173-196. 

(4)  Adkins,  T.  R. 

1972.     A  modified  canopy  trap  for  collecting  Tabanidae 
(Diptera).     J.  Med.  Entomol.  9:183-195. 

(5)  Adlerz,  W.  C. 

1971.     A  reservoir-equipped  Moericke  trap  for  collect- 
ing aphids.     J.  Econ.  Entomol.  64:966-967. 

(6)  Almand,  L.  K.,  and  others. 

1974.  A  collapsible  truck-mounted  aerial  net  for  in- 
sect sampling.     Tex.  Agr.  Exp.  Stn.  Misc.  Publ. 
1189:1-4. 

(7)  Andreyev,  S.  V.,  and  others. 

1970.     Electric  light  traps  in  research  on  the  protec- 
tion of  plants  against  insect  pests.     Entomol. 
Rev.  49:290-297. 

(8)  Apperson,  C.  S.,  and  D.  G.  Yows. 

1976.     A  light  trap  for  collecting  aquatic  organisms. 
Mosq.  News  36:205-206. 

(9)  Arnett.  R.  H. 

1985.     American  insects.   850  pp.   Van  Nostrand 
Reinhold,  New  York. 

(10)  Atkins,  M.  D. 

1957.  An  interesting  attractant  for  Priacma  serrata 
(LeC.)  (Cupesidae:  Coleoptera).     Can.  En- 
tomol. 89:214-219. 

(11)  Azrang,  M. 

1976.     A  simple  device  for  collecting  insects.     En- 
tomol. Tidskr.  97:92-94. 

(12)  Baker,  J.  R. 

1958.  Principles  of  biological  microtechnique.     357 
pp.     Methuen,  London;  John  Wiley,  New  York. 

(13)  Balogh,  J. 

1958.  Lebensgemeinschaften  der  Landtiere;  ihre  Er- 
forschung  unter  besonderer  Berucksichtigung 
der  zoozonologischen  Arbeitsmethoden.     560 
pp.     Verlag  Ungar.  Akad.  Wiss.,  Budapest; 
Akad.  Verlag,  Berlin.     [In  German.]     An  exten- 
sive compilation,  with  27  pp.  of  references. 

(14)  Banks.  C.  J. 

1959.  Experiments  with  suction  traps  to  assess  the 
abundance  of  Syrphidae  (Diptera),  with  special 
reference  to  the  aphidophagous  species.     En- 
tomol. Exp.  Appl.  2:110-124. 

(15)  Banks,  N. 

1909.     Directions  for  preserving  and  collecting  insects. 
U.S.  Natl.  Mus.  Bull.  67,  135  pp.     Mostly  of  his- 
torical interest,  but  describes  well  the  old 
methods  and  contains  much  general  informa- 
tion about  insects. 

(16)  Banks,  W.  A.,  and  others. 

1981.     Techniques  for  collecting,  rearing,  and  han- 
dling imported  fire  ants.     U.S.  Dept.  Agr.,  Agr. 
Res.  Serv.,  AAT-S-21,  9  pp. 

(17)  Barber,  H.  S. 

1931.     Traps  for  cave-inhabiting  insects.     J.  Elisha 
Mitchell  Sci.  Soc.  46:259-266,  pi.  23. 


(18)  Barber,  M.  C.,  and  R.  W.  Matthews. 

1979.     Utilization  of  trap  nests  by  the  pipe-organ  mud- 
dauber,  Trypargilum  politum  (Hymenoptera: 
Sphecidae).     Ann.  Entomol.  Soc.  Am. 
72:258-262. 

(19)  Barnard,  D.  R. 

1979.     A  vehicle-mounted  insect  trap.     Can.  Entomol. 
111:851-854. 

(20)  and  M.  S.  Mulla. 

1977.     A  non-attractive  sampling  device  for  collection 
of  adult  mosquitoes.     Mosq.  News  37:142-144. 

(21)  Barnes,  H.  F. 

1941.     Sampling  for  leather  jackets  with  orthodi- 
chlorobenzene  emulsion.     Ann.  Appl.  Biol. 
28:23-28. 

(22)  Barnes,  R.  D. 

1974.     Invertebrate  zoology.     Ed.  3.  870  pp.     W.  B. 
Saunders,  Philadelphia. 

(23)  Barr,  A.  R.,  and  others. 

1963.     Evaluation  of  some  factors  affecting  the  effi- 
ciency of  light  traps  in  collecting  mosquitoes. 
J.  Econ.  Entomol.  56:123-127. 

(24)  Barrett,  J.  R.,  Jr..  H.  O.  Deay,  and  J.  G.  Hartsock. 

1971.  Striped  and  spotted  cucumber  beetle  response 
to  electric  light  traps.     J.  Econ.  Entomol. 
64:413-416. 

(25)  Bartnett,  R.  E.,  and  R.  G.  Stephenson. 

1968.     Effect  of  mechanical  barrier  mesh  size  on  light 
trap  collection  in  Harris  County,  Texas. 
Mosq.  News  28:108. 

(26)  Batiste,  W.  C,  and  W.  Joos. 

1972.  Codling  moth:  A  new  pheromone  trap.     J. 
Econ.  Entomol.  65:1741-1742. 

(27)  Beatty,  G.  H.,  and  A.  F.  Beatty. 

1963.     Efficiency  in  caring  for  large  Odonata  collections. 
Proc.  N.C.  Branch  Entomol.  Soc.  Am.  18:149-153. 

(28)  Beaudry,  J.  R. 

1954.     A  simplification  of  Hubbell's  method  for  trap- 
ping and  preserving  specimens  of  Ceuthophilus 
(Orthoptera,  Gryllacrididae).     Can.  Entomol. 
86:121-122. 

(29)  Beavers,  J.  B.,  and  others. 

1972.     Synthetic  attractants  for  some  dipteran  species. 
J.  Econ.  Entomol.  65:1740-1741. 

(30)  Belkin,  J.  N. 

1962.     The  mosquitoes  of  the  South  Pacific  (Diptera, 
Culicidae).     2  v.     Univ.  Calif.  Press,  Berkeley. 
V.  1  includes  introduction  on  methods. 

(31)  Bellamy.  R.  E..  and  W.  C.  Reeves. 

1952.     A  portable  mosquito  bait  trap.     Mosq.  News 
12:256-258. 

(32)  Belton.  P. 

1962.  Effects  of  sound  on  insect  behavior.     Proc. 
Entomol.  Soc.  Manitoba  18:22-30. 

(33)  and  R.  H.  Kempster. 

1963.  Some  factors  affecting  the  catches  of  Lepidop- 
tera  in  light  traps.     Can.  Entomol.  95:832-837. 

(34)  and  A.  Pucat. 

1967.     A  comparison  of  different  lights  in  traps  for 
Culicoides  (Diptera:  Ceratopogonidae).     Can. 
Entomol.  99:267-272. 

(35)  Beroza,  M. 

1970.     Current  usage  and  some  recent  developments 
with  insect  attractants  and  repellents  in  the 
USDA.     In  Beroza,  M.,  ed.,  Chemicals  control- 
ling insect  behavior,  pp.  145-163.     Academic 
Press.  New  York. 


80 


(36) 


1972.  Attractants  and  repellents  for  insect  control. 
In  Pest  control:  Strategies  for  the  future,  pp. 
226-253.     Wash.  Acad.  Sci.,  Washington,  D.C. 

(37)  and  N.  Green. 

1963.  Materials  tested  as  insect  attractants.  U.S. 
Dept.  Agr.,  Agr.  Handb.  239,  148  pp. 

(38)  and  others. 

1974.     Tests  of  a  3-layer  laminated  plastic  bait  dis- 
penser for  controlled  emission  of  attractants 
from  insect  traps.     Environ.  Entomol.  3:926-928. 

(39)  Berte,  S.  B. 

1979.     An  improved  method  for  preserving  color  pat- 
terns in  pinned  insects.     Entomol.  News 
90:147-148. 

(40)  Bidlingmayer,  W.  L. 

1967.  A  comparison  of  trapping  methods  for  adult 
mosquitoes:  Species  response  and  environ- 
mental influence.     J.  Med.  Entomol.  4:200-220. 

(41)  Birch,  M.,  ed. 

1974.  Pheromones.  495  pp.  North-Holland  Publ. 
Co.,  Amsterdam. 

(42)  Blakeslee,  T.  E.,  and  others. 

1959.     Aedes  vexans  and  Culex  salinarius  light  trap  col- 
lection at  five  elevations.     Mosq.  News  19:283. 

(43)  Bland,  R.  C,  and  H.  E.  Jacques. 

1978.     How  to  know  the  insects.     Ed.  3,  409  pp. 

Wm.  C.  Brown,  Dubuque,  Iowa.     Successor  to 
Jacques,  H.  E.,  1947,  ed.  2. 

(44)  Blume,  R.  R.,  and  others. 

1972.     Trapping  tabanids  with  modified  Malaise  traps 
baited  with  C02.     Mosq.  News  32:90-95. 

(45)  Borgmeier,  T. 

1964.  How  to  prepare  minuten-pin  double  mounts  of 
small  Diptera.     Studia  Entomol.  7:489. 

(46)  Borror,  D.  J.,  D.  M.  DeLong,  and  C.  A.  Triplehorn. 

1981.     An  introduction  to  the  study  of  insects.     Ed.  5, 
827  pp.     Saunders  Col.  Publ.,  Philadelphia. 

(47)  and  R.  E.  White. 

1970.  A  field  guide  to  the  insects  of  America  north  of 
Mexico.     414  pp.     Houghton  Mifflin  Co.,  Boston. 

(48)  Bradbury,  W.  C,  and  P.  E.  Morrison. 

1975.  A  portable  electric  aspirator  for  collecting 
large  insects.     Can.  Entomol.  107:107-108. 

(49)  Bram,  R.  A. 

1978.  Surveillance  and  collection  of  arthropods  of 
veterinary  importance.  U.S.  Dept.  Agr.,  Agr. 
Handb.  518,  125  pp. 

(50)  Breyev,  K.  A. 

1963.     The  effect  of  various  light  sources  on  the  num- 
bers and  species  of  blood-sucking  mosquitoes 
(Diptera,  Culicidae)  collected  in  light  traps. 
Entomol.  Obozr.  42:280-303.     [In  Russian; 
transl.  into  English  in  Entomol.  Rev.  42:155-168.] 

(51)  Briggs,  J.  B. 

1971.  A  comparison  of  pitfall  trapping  and  soil 
sampling  in  assessing  populations  of  two  spe- 
cies of  ground  beetles  (Col.:  Carabidae). 

Rep.  E.  Mailing  Res.  Stn.  1970:108-112. 

(52)  Brindle,  A. 

1963.     Terrestrial  Diptera  larvae.     Entomol.  Rec.  J. 
Var.  75:47-62.     Includes  collecting  methods. 

(53)  British  Museum  (Natural  History)  (Cogan,  B.  H.,  and  K.  V. 
G.  Smith). 

1974.  Insects:  Instructions  for  collectors  No.  4a. 
Ed.  5,  rev.  Brit.  Mus.  (Nat.  Hist.)  Publ.  705, 
169  pp. 


(54)  Broadbent,  L. 

1949.     Aphid  migration  and  the  efficiency  of  the  trap- 
ping method.     Ann.  Appl.  Biol.  35:379-394. 

(55)  and  others. 

1948.     Equipment  used  in  trapping  and  identifying 

alate  aphids.     Proc.  Roy.  Entomol.  Soc,  London, 
Ser.  A,  Gen.  Entomol.  23:57-58. 

(56)  Broce,  A.  B.,  J.  L.  Goodenough,  and  J.  R.  Coppedge. 

1977.  A  wind-oriented  trap  for  screwworm  flies.     J. 
Econ.  Entomol.  70:413-416. 

(57)  Brockway,  P.  B.,  and  others. 

1962.     A  wind  directional  trap  for  mosquitoes.     Mosq. 
News  22:404-405. 

(58)  Brown,  A.  W.  A. 

1954.     Studies  on  the  responses  of  the  female  Aedes 
mosquito.     Pt.  IV.  The  attractiveness  of  col- 
oured clothes  to  Canadian  species.     Bull.  En- 
tomol. Res.  45:67-78. 

(59)  Brown,  R.  D. 

1973.     Funnel  for  extraction  of  leaf  litter  organisms. 
Ann.  Entomol.  Soc.  Am.  66:485-486. 

(60)  Brues,  C.  T.,  A.  L.  Melander,  and  F.  M.  Carpenter. 

1954.     Classification  of  insects.     Bull.  Mus.  Comp. 
Zool.  73:1-917. 

(61)  Burbutis,  P.  P.,  and  J.  A.  Stewart. 

1979.     Blacklight  trap  collection  of  parasitic  Hymen- 
optera.     Entomol.  News  90:17-22. 

(62)  Buriff,  C.  R. 

1973.  Recapture  of  released  apple  maggot  flies  in 
sticky-board  traps.     Environ.  Entomol.  2:757-758. 

(63)  Burrells,  W. 

1978.  Microscope  technique;  a  comprehensive  hand- 
book for  general  and  applied  microscopy.     574 
pp.,  4  Ivs.  pis.,  22  pp.  pis.     Fountain  Press, 
London;  Halsted  Press,  New  York;  Intl.  Publ. 
Serv.,  New  York. 

(64)  Butler,  G.  D.,  Jr. 

1966.     An  insect  flight  trap  for  crop  areas.     J.  Econ. 
Entomol.  30:1030-1031. 

(65)  Cade,  W. 

1975.     Acoustically  orienting  parasitoids:  Fly  phono- 
taxis  to  cricket  song.     Science  (Wash.,  D.C.) 
190:1312-1313. 

(66)  Callahan,  P.  S.,  and  others. 

1972.     Corn  earworm  moth:  Vertical  distribution  in 

nocturnal  flight.     Environ.  Entomol.  1:497-504. 

(67)  Campion,  D.  G. 

1972.     Some  observations  on  the  use  of  pheromone 
traps  as  a  survey  tool  for  Spodoptera 
littoralis.     Cent.  Overseas  Pest  Res.  Rep.  4,  10 
PP- 

(68)  and  others. 

1974.  The  arrival  of  male  moths  of  the  cotton  leaf- 
worm  Spodoptera  littoralis  (Boisd.)  (Lepidop- 
tera,  Noctuidae)  to  a  new  continuously-record- 
ing pheromone  trap.     Bull.  Entomol.  Res. 
64:379-386. 

(69)  Cantrall,  I.  J. 

1939-40.     Notes  on  collecting  and  studying  Orthoptera. 
Ward's  Combined  Entomol.  and  Nat.  Sci.  Bull. 
13  (3):1-5;  (4):1-6;  (5):4,  5;  (6):5-7;  (7):4,  5  (all  pp. 
unnumbered).     Much  of  the  same  material  is 
in  Cantrall,  I.  J.,  1941.,  Compendium  of  en- 
tomological methods,  pt.  II,  Notes  on  collect- 
ing and  studying  Orthoptera,  28  pp.,  Ward's 
Nat.  Sci.  Estab.,  Rochester,  N.Y. 


B1 


(70)  Cantrall, 
1941. 


J. 


Notes  on  collecting  and  preserving  Orthoptera. 
Compendium  of  entomological  methods,  pt.  II. 
Ward's  Combined  Entomol.  and  Nat.  Sci.  Bull. 
13(4):1-9.     Rochester,  N.Y. 

(71)  Carayon,  J. 

1969.     Emploi  du  noir  chlorazol  en  anatomie  micro- 
scopique  des  insectes.     Ann.  Soc.  Entomol. 
Fr.  (n.s.)  5:179-193.     On  the  use  of  the  dye 
chlorazol  black  to  color  cuticle  in  microscopi- 
cal preparations. 

(72)  Carestia,  R.  R.,  and  L.  B.  Savage. 

1967.     Effectiveness  of  carbon  dioxide  as  a  mosquito 
attractant  in  the  CDC  miniature  light  trap. 
Mosq.  News  27:90-92. 

(73)  Carlson,  D. 

1971.  A  method  of  sampling  larval  and  emerging  in- 
sects using  an  aquatic  black  light  trap.  Can. 
Entomol.  103:1365-1369. 

(74)  


1972.  Comparative  value  of  black  light  and  cool  white 
lamps  in  attracting  insects  to  aquatic  traps.  J. 
Kans.  Entomol."  Soc.  45:194-199. 

(75)  Catts,  E.  P. 

1970.  A  canopy  trap  for  collecting  Tabanidae.  Mosq. 
News  30:472-474. 

(76)  Chamberlin,  J.  C. 

1940.     A  mechanical  trap  for  the  sampling  of  aerial  in- 
sect populations.     U.S.  Dept.  Agr.,  Bur.  En- 
tomol. and  Plant  Quar.,  ET-163,  12  pp. 

(77)  Chapman,  J.  A.,  and  J.  M.  Kinghorn. 

1955.  Window  flight  traps  for  insects.  Can.  Entomol. 
87:46-47. 

(78)  Cheng,  L 

1975.     A  simple  emergence  trep  for  small  insects. 
Pan-Pac.  Entomol.  50:305-307. 

(79)  Chiang,  H.  C. 

1973.  A  simple  trap  for  certain  minute  flying  insects. 
Ann.  Entomol.  Soc.  Am.  66:704. 


(80) 


Chu,  H. 
1949. 


How  to  know  the  immature  insects:  An  il- 
lustrated key  for  identifying  the  orders  and 
families  of  many  immature  insects  with  sugges- 
tions for  collecting,  rearing,  and  studying 
them.     234  pp.     Wm.  C.  Brown,  Dubuque,  Iowa. 

(81)  Clark,  J.  D.,  and  C.  E.  Curtis. 

1973.     A  battery-powered  light  trap  giving  two  years' 
continuous  operation.     J.  Econ.  Entomol. 
66:393-396. 

(82)  Clark,  W.  H.,  and  P.  E.  Blom. 

1979.     Use  of  a  hand  sprayer  as  a  collecting  techni- 
que.    Entomol.  News  99:247-248. 

(83)  Clarke,  J.  F.  G. 

1941.  The  preparation  of  slides  of  the  genitalia  of 
Lepidoptera.  Bull.  Brooklyn  Entomol.  Soc. 
36:149-161. 

(84)  Clifford,  C.  W.,  and  others. 

1977.  Rearing  methods  for  obtaining  house  crickets, 
Acheta  domesticus,  of  known  age,  sex,  and  in- 
star.     Ann.  Entomol.  Soc.  Am.  70:69-74. 

(85)  Clinch,  P.  G. 

1971.     A  battery-operated  vacuum  device  for  collect- 
ing insects  unharmed.     N.Z.  Entomol.  5:28-30. 

(86)  Coffey,  M.  D. 

1966.     Studies  on  the  association  of  flies  (Diptera) 

with  dung  in  southeastern  Washington.     Ann. 
Entomol.  Soc.  Am.  59:207-218. 


(87) 

(88) 

(89) 
(90) 

(91) 
(92) 
(93) 

(94) 
(95) 
(96) 
(97) 

(98) 
(99) 

(100) 

(101) 

(102) 

(103) 
(104) 


Colless, 
1959. 


D.  H. 


Coluzzi, 
1973. 


Cook,  E. 

1954. 


Notes  on  the  culicine  mosquitoes  of 
Singapore.  VI.  Observations  on  catches  made 
with  baited  and  unbaited  trap-nets.     Ann. 
Trop.  Med.  Parasitol.  53:251-258. 
M.,  and  V.  Petrarca. 
Aspirator  with  paper  cup  for  collecting  mos- 
quitoes and  other  insects.     Mosq.  News 
33:249-250. 

Comstock,  J.  H. 

1940.     An  introduction  to  entomology.     Ed.  9.  1050 
pp.     Comstock  Publ.  Assoc,  Ithaca,  N.Y. 
F. 

A  modification  of  Hopkin's  technique  for  col- 
lecting ectoparasites  from  mammal  skins. 
Entomol.  News  15:35-37. 

Cooke,  J.  A.  L. 

1969.     Notes  on  some  useful  arachnological  techniques. 
Bull.  Brit.  Arachnol.  Soc.  1:42-44. 
F.,  and  J.  O.  Pepper. 

Alate  aphids  captured  in  air  traps  at  different 
heights.     J.  Econ.  Entomol.  61:1473-1474. 
P.  S. 
An  insect  emergence  trap  for  quantitative 
studies  in  shallow  ponds.     Can.  Entomol. 
97:845-848. 

R.  N.,  R.  T.  Franklin,  and  D.  A  Crossley,  Jr. 
A  self-maintaining  window  trap  for  collecting 
flying  insects.     Entomol.  News  81:164. 

Cushing,  C.  E. 

1964.     An  apparatus  for  sampling  drifting  organisms 
in  streams.     J.  Wildl.  Mangt.  28:592-594. 
P. 

A  simple  trap  for  tipulids  (Dipt.).     Entomol. 
Mon.  Mag.  89:304. 

Davidson,  J.,  and  D.  C.  Swan. 

1933.  A  method  for  obtaining  samples  of  the  popula- 
tion of  Collembola  (Symphypleona)  in  pastures. 
Bull.  Entomol.  Res.  24  (pt.  3):351-352. 


Coon,  B. 
1968. 

Corbet, 
1965. 


Coulson. 
1970. 


Dales,  R 
1953. 


Davies,  J 
1971. 


B. 


A  small  mosquito  trap  for  use  with  animal  or 
carbon  dioxide  baits.     Mosq.  News  31:441-443. 
Davis,  E.  W.,  and  B.  J.  Landis. 
1949.     An  improved  trap  for  collecting  aphids.     U.S. 
Dept.  Agr.,  Bur.  Entomol.  and  Plant  Quar., 
ET-278,  3  pp. 
Debolt,  J.  W.,  and  others. 
1975.     Light  traps:  Effect  of  modifications  on  catches 
of  several  species  of  Noctuidae  and  Arctiidae. 
J.  Econ.  Entomol.  68:186-188. 
DeFoliart,  G.  R. 

1972.     A  modified  dry-ice-baited  trap  for  collecting 
haematophagous  Diptera.     J.  Med.  Entomol. 
9:107-108. 
DeJong,  D.  J. 

1967.     Some  problems  connected  with  the  use  of  light 
traps.     Entomophaga  3:25-32. 
Dethier,  V.  G. 

1955.     Mode  of  action  of  sugar-baited  fly  traps.     J. 
Econ.  Entomol.  48:235-239. 
Doane,  J.  F. 

1961.     Movement  on  the  soil  surface  of  adult 

Ctenicera  aeripennis  destructor  (Brown)  and 
Hypolithus  bicolor  Esch.  (Coleoptera:  Elater- 
idae)  as  indicated  by  pitfall  traps,  with  notes 
on  captures  of  other  arthropods.     Can.  Entomol. 
93:636-644. 


82 


(105) 
(106) 

(107) 
(108) 
(109) 

(110) 
(111) 

(112) 

(113) 
(114) 


(115) 


(116) 


(117) 

(118) 
(119) 

(120) 


Dodge,  H.  R. 

1960.     An  effective,  economical  flytrap.     J.  Econ.  En- 
tomol.  53:1131-1132. 
and  J.  M.  Seago. 

1954.  Sarcophagidae  and  other  Diptera  taken  by  trap 
and  net  on  Georgia  mountain  summits  in  1952. 
Ecology  35:50-59. 

Dominick,  R.  B. 

1972.     Practical  freeze-drying  and  vacuum  dehydra- 
tion of  caterpillars.     J.  Lepid.  Soc.  26:69-79. 
Dresner,  E. 

1970.  A  sticky  trap  for  Mediterranean  fruit  fly  survey. 
J.  Econ.  Entomol.  63:1813-1816. 

Dunn,  G.  A.,  and  R.  M.  Reeves. 

1980.     A  modified  collection  net  for  catching  insects 

under  cloth  bands  on  trees.     Entomol.  News 

91:7-9. 
Eastop,  V. 

1955.  Selection  of  aphid  species  by  different  kinds  of 
insect  traps.     Nature  (London)  176:936. 

Edmondson,  W.  T.,  and  G.  G.  Winberg,  eds. 

1971.  Manual  for  estimating  secondary  production  in 
fresh  waters.     368  pp.     Blackwell  Sci.  Publ. 
(IBP  Handb.  17),  Oxford,  England. 

Edmunds,  G.  F.,  Jr.,  S.  L.  Jensen,  and  L.  Berner. 
1976.     The  mayflies  of  North  and  Central  America. 
330  pp.     Univ.  Minn.  Press,  Minneapolis. 
Methods  of  collecting  and  preservation,  pp. 
8-26. 

and  W.  P.  McCafferty. 

A  new  J.  G.  Needham  device  for  collecting 
adult  mayflies  (and  other  out-of-reach  insects). 
Entomol.  News  80:193-194. 
S.  R.,  and  others,  eds. 
Pest  control  in  museums:  A  status  report 
(1980).     Assoc.  System.  Collect,  vii,  34,  a-iii, 
A-30,  b-iii,  B-20,  c-i,  C-5,  d-v,  D-35,  e-iii,  E-14, 
f-iii,  F-29,  g-iii,  G-10  pp.     Includes  insecticides 
and  their  properties,  regulations  for  their  use, 
identification  of  pests,  list  of  agencies,  etc. 

Elliott,  J.  M. 

1970.     Methods  of  sampling  invertebrate  drift  in  run- 
ning water.     Ann.  Limnol.  6:133-159. 

Emden,  H.   F.  van,  ed. 

1972.  Aphid  technology.     344  pp.     Academic  Press, 
London  and  New  York.     Collection  and  preser- 
vation on  pp.  1-10,  also  much  data  on  sam- 
pling, extraction,  trapping,  etc.,  in  other 
chapters. 

Essig,  E.  O. 
1942.     College  entomology.     900  pp.     Macmillan, 
New  York. 

1958.     Insects  and  mites  of  western  North  America. 
1050  pp.     Macmillan,  New  York. 
Ettinger,  W.  S. 

A  collapsible  insect  emergence  trap  for  use  in 
shallow  standing  water.     Entomol.  News 
90:114-117. 

O.,  J.  G.  Sheals,  and  D.  MacFarlane. 
The  terrestrial  Acari  of  the  British  Isles:  An  in- 
troduction to  their  morphology,  biology,  and 
classification.     V.  1.  Introduction  and  biology. 
219  pp.     Brit.  Mus.  (Nat.  Hist.),  London.     Tech- 
niques treated  on  pp.  61-88. 


1978. 


Edwards 
1981. 


1979. 


Evans, G 
1964. 


(121) 

(122) 

(123) 

(124) 

(125) 
(126) 

(127) 

(128) 
(129) 

(130) 
(131) 
(132) 

(133) 
(134) 

(135) 

(136) 

(137) 
(138) 
(139) 


Evans,  L.  J. 

1975.     An  improved  aspirator  (pooter)  for  collecting 
small  insects.     Proc.  Brit.  Entomol.  Nat.  Hist. 
Soc.  Trans.  8:8-11. 
Everett,  R.,  and  J.  L.  Lancaster,  Jr. 

1968.     A  comparison  of  animal  and  dry-ice-baited 

traps  for  the  collection  of  tabanids.     J.  Econ. 
Entomol.  61:863-864. 


Fahy,  E. 
1972. 


Fallis,  A 
1964. 


Finch,  S. 
1974. 


Fincher 
1968. 


An  automatic  separator  for  the  removal  of 

aquatic  insects  from  detritus.     J.  Appl.  Ecol. 

6:655-658. 

M„  and  S.  M.  Smith. 

Ether  extracts  from  birds  and  C02  as  attrac- 

tants  for  some  ornithophilic  simuliids.     Can.  J. 

Zool.  42:723-730. 

Fessenden,  G.  R. 

1949.     Preservation  of  agricultural  specimens  in 

plastics.     U.S.  Dept.  Agr.  Misc.  Publ.  679,  78  pp. 

Fichter,  E. 

1941.  Apparatus  for  the  comparison  of  soil  surface 
arthropod  populations.  Ecology  22:338-339. 
and  G.  Skinner. 

Some  factors  affecting  the  efficiency  of  water- 
traps  for  capturing  cabbage  root  flies.     Ann. 
Appl.  Biol.  77:213-226. 
G.  T.,  and  T.  B.  Stewart. 
An  automatic  trap  for  dung  beetles.     J.  Ga. 
Entomol.  Soc.  3:11-12. 

Fisher,  R.  W.,  and  F.  Jursic. 

1958.     Rearing  houseflies  and  roaches  for  physio- 
logical research.     Can.  Entomol.  90:1-7. 

Flaschka,  H.,  and  J.  Floyd. 

1969.     A  simplified  method  of  freeze-drying  cater- 
pillars.    J.  Lepid.  Soc.  23:43-48. 
W.  E.,  and  others. 

The  use  of  traps  against  the  Japanese  beetle. 
U.S.  Dept.  Agr.  Circ.  594,  11  pp. 
H. 

A  synthetic  resin  imbedding  technique.  U.S. 
Pub.  Health  Serv.  CDC  Bull.  1948  (July-Sept.): 
58-59. 

Ford,  R.  L.  E. 

1973.  Studying  insects,  a  practical  guide.  150  pp., 
pis.  1-16.     Warne,  London  and  New  York. 

Fredeen,  F.  J.  H. 

1961.     A  trap  for  studying  the  attacking  behavior  of 
black  flies  Simulium  arcticum  Mall.     Can.  En- 
tomol. 93:73-78. 
,  T.  J. 

Laboratory  manual— slide  mounting  techniques. 
17  pp.     Calif.  Dept.  Agr.,  Lab.  Serv.,  Entomol., 
Sacramento. 
W. 

Light  traps  for  insect  collections,  survey,  and 
control.     Pa.  Agr.  Exp.  Stn.  Bull.  550,  32  pp. 


Fleming, 
1940. 

Foote,  R 
1948. 


Freeman 
1972. 


Frost,  S. 
1952. 


1957. 


1958. 


1964. 


The  Pennsylvania  insect  light  trap. 
Entomol.  50:287-292. 


J.  Econ. 


Insects  attracted  to  light  traps  placed  at  dif- 
ferent heights.     J.  Econ.  Entomol.  51:550-551. 

Killing  agents  and  containers  for  use  with  in- 
sect light  traps.     Entomol.  News  75:163-166. 


83 


(140) 

(141) 
(142) 

(143) 

(144) 
(145) 
(146) 
(147) 

(148) 
(149) 

(150) 
(151) 

(152) 
(153) 
(154) 

(155) 

(156) 
(157) 


Galtsoff, 
1937. 


Gary,  N. 
1976. 


Frost,  S.  W. 

1970.     A  trap  to  test  the  response  of  insects  to 

various  light  intensities.     J.  Econ.  Entomol. 
63:1344-1346. 
Furumizo,  R.  T. 
1975.     Collection  and  isolation  of  mites  from  house- 
dust  samples.     Calif.  Vector  Views  22:19-27. 
P.  S.,and  others. 

Culture  methods  for  invertebrate  animals. 
590  pp.     Comstock  Publ.  Co.,  Ithaca,  N.Y. 
Often  cited  under  Needham,  J.  G.,  ed.  (see  No. 
325). 

E.,  and  J.  M.  Marston. 

A  vacuum  apparatus  for  collecting  honeybees 
and  other  insects  in  trees.     Ann.  Entomol. 
Soc.  Am.  69:287-288. 
Gerberich,  J.  B. 

1945.     Rearing  tree-hole  organisms  in  the  laboratory. 
Am.  Biol.  Teacher  7:83-85. 
Gerking,  S.  D. 

1957.     A  method  of  sampling  the  littoral  macrofauna 
and  its  application.     Ecology  38:219-226. 
Gier,  H.  T. 

1949.     Differential  stains  for  insect  exoskeleton.     J. 
Kans.  Entomol.  Soc.  22:79-80. 
Gillies,  M.  T. 

1969.     The  ramp-trap,  an  unbaited  device  for  flight 
studies  of  mosquitoes.     Mosq.  News 
29:189-193. 

and  W.  F.  Snow. 

1967.     A  C02-baited  sticky  trap  for  mosquitoes. 
Mosq.  News  29:189-193. 
Gist,  C.  S.,  and  D.  A.  Crossley. 

1973.     A  method  for  quantifying  pitfall  trapping.     En- 
viron. Entomol.  2:951-952. 
Glasgow,  J.  P.,  and  B.  J.  Duffy. 

1961.     Traps  in  field  studies  of  Glossina  pallidipes 
Austen.     Bull.  Entomol.  Res.  52:795-814. 
M. 

An  emergence  trap  for  bark-dwelling  insects: 
its  efficiency  and  effects  on  temperature. 
Ecol.  Entomol.  1:91-94. 
A. 

The  distribution  of  insects,  spiders,  and  mites 
in  the  air.     U.S.  Dept.  Agr.  Tech.  Bull.  673, 150  pp. 


Glen,  D 
1976. 


Glick,  P 
1939. 


1957.     Collecting  insects  by  airplane  in  southern  Texas. 
U.S.  Dept.  Agr.  Tech.  Bull.  1158,  28  pp. 
Gojmerac,  W.  L,  and  E.  C.  Davenport. 

1971.     Tabanidae  (Diptera)  of  Kegonsa  State  Park, 

Madison,  Wisconsin:  Distribution  and  season- 
al occurrence  as  determined  by  trapping  and 
netting.     Mosq.  News  31:572-575. 
Golding,  F.  D. 

1941.     Two  new  methods  of  trapping  the  cacao  moths 
{Ephestia  cautella).     Bull.  Entomol.  Res. 
32:123-132. 


1946.     A  new  method  of  trapping  flies.     Bull.  En- 
tomol. Res.  37:143-154. 
Goma,  L.  K.  H. 

1965.  The  flight  activity  of  some  East  African  mos- 
quitoes (Diptera,  Culicidae).  I.  Studies  on  a 
high  steel  tower  in  Zika  forest,  Uganda.  Bull 
Entomol.  Res.  56:17-35. 


(158) 

(159) 

(160) 

(161) 
(162) 

(163) 

(164) 

(165) 
(166) 
(167) 
(168) 

(169) 
(170) 

(171) 
(172) 

(173) 
(174) 

(175) 


Goodenough,  J.  L,  and  J.  W.  Snow. 

1973.     Increased  collection  of  tobacco  budworm  by 
electric  grid  traps  as  compared  with  blacklight 
and  sticky  traps.     J.  Econ.  Entomol.  66:450-453. 
Goonewardene,  H.  F.,  and  others. 

1973.     Improved  technique  for  field  use  of  female 

Japanese  beetles  as  lures.     J.  Econ.  Entomol. 
66:396-397. 
Gordh,  G.,  and  J.  C.  Hall. 

1979.     A  critical  point  drier  used  as  a  method  of 
mounting  insects  from  alcohol.     Entomol. 
News  90:57-59. 
Gordon,  W.  M.,  and  E.  J.  Gerberg. 

1945.     A  directional  mosquito  barrier  trap.     J.  Natl. 
Malar.  Soc.  4:123-125. 
Graham,  H.  M.,  and  others. 

1961.     Effective  range  of  argon  glow  lamp  survey 

traps  for  pink  bollworm  adults.     J.  Econ.  En- 
tomol. 54:788-789. 
Grandjean,  F. 

1949.     Observation  et  conservation  des  tres  petits  ar- 
thropodes.     Bull.  Mus.  Natl.  Hist.  Nat.,  Ser.  2, 
21:363-370. 
Granger,  C.  A. 

1970.  Trap  design  and  color  as  factors  in  trapping 
the  salt  marsh  greenhead  fly.  J.  Econ.  En- 
tomol. 63:1670-1672. 


Gray,  P. 
1964. 


Ed.  3, 


Handbook  of  basic  microtechnique. 
302  pp.     McGraw-Hill,  New  York. 

Greenslade,  P. 

1973.     Sampling  ants  with  pitfall  traps;  digging-in  ef- 
fects.    Insectes  Sociaux  20:343-353. 

and  P.  J.  M.  Greenslade. 

1971.  The  use  of  baits  and  preservatives  in  pitfall 
traps.     J.  Austral.  Entomol.  Soc.  10:253-260. 

Greenslade,  P.  J.  M. 

1964.     Pitfall  trapping  as  a  method  for  studying  pop- 
ulations of  Carabidae.     J.  Anim.  Ecol. 
33:301-310. 
Gressitt,  J.  L,  and  others. 

1961.     A  high  speed  airplane  trap  for  airborne  organ- 
isms.    Pac.  Insects  3:549-555. 
Grigarick,  A.  A. 

1959.     A  floating  pan  trap  for  insects  associated  with 
the  water  surface.     J.  Econ.  Entomol. 
52:348-349. 
Grimstone,  A. 

1972.  A  guidebook  to  microscopical  methods.     134 
pp.     Cambridge  Univ.  Press,  England. 

P.,  and  C.  A.  Prieto. 
A  collection  chamber  suitable  for  recovery  of 
insects  from  large  quantities  of  host  plant  ma- 
terial.    Environ.  Entomol.  5:343-344. 
..,  and  others. 
Response  of  insects  to  color  intensity  and  dis- 
tribution of  light.     Agr.  Engin.  23:51-58. 
Gurney,  A.  B.,  J.  P.  Kramer,  and  G.  C.  Steyskal. 

1964.     Some  techniques  for  the  preparation,  study, 
and  storage  in  microvials  of  insect  genitalia. 
Ann.  Entomol.  Soc.  Am.  57:240-242. 
Guyer,  M.  F. 

1953.     Animal  micrology.     Ed.  5,  rev.,  327  pp.     Univ. 
Chicago  Press. 


Gruber 
1976 


Gui,  H. 

1942 


84 


(176) 

(177) 
(178) 

(179) 

(180) 

(181) 

(182) 

(183) 

(184) 

(185) 
(186) 

(187) 


Hafraoui,  A.,  and  others. 

1980.     Plastic  traps  for  detection  and  survey  of  the 
Mediterranean  fruit  fly,  Ceratitis  capitata  (Dip- 
tera:  Tephritidae)  in  Morocco.     Proc.  Hawaii. 
Entomol.  Soc.  23:199-203. 
Hammond,  H.  E. 

1960.     The  preservation  of  lepidopterous  larvae  using 
the  inflation  and  heat-drying  technique.     J. 
Lepid.  Soc.  14:67-78. 
Hanec,  W.,  and  G.  K.  Bracken. 

1964.     Seasonal  and  geographical  distribution  of 
Tabanidae  (Diptera)  in  Manitoba,  based  on 
females  captured  in  traps.     Can.  Entomol. 
96:1362-1369. 
Hansens,  E.  J.,  E.  M.  Bosler,  and  J.  W.  Robinson. 

1971.     Use  of  traps  for  study  and  control  of  saltmarsh 
greenhead  flies.     J.  Econ.  Entomol. 
64:1481-1486. 
Hardwick,  D.  F. 

1950.     Preparation  of  slide  mounts  of  lepidopterous 
genitalia.     Can.  Entomol.  82:231-235. 


1968. 


(189) 

(190) 

(191) 

(192) 


A  brief  review  of  the  principles  of  light  trap 
design  with  a  description  of  an  efficient  trap 
for  collecting  noctuid  moths.     J.  Lepid.  Soc. 
22:65-75. 

Hargrove,  J.  W. 

1977.     Some  advances  in  the  trapping  of  tsetse 

(Glossina  spp.)  and  other  flies.     Ecol.  Entomol. 
2:123-137. 

Harris,  E.  J.,  S.  Nakagawa,  and  T.  Urago. 

1971.     Sticky  traps  for  detection  and  survey  of  three 
tephritids.     J.  Econ.  Entomol.  64:62-65. 

Harris,  R.  H. 

1964.     Vacuum  dehydration  and  freeze  drying  of  en- 
tire biological  specimens.     Ann.  Mag.  Nat. 
Hist.  7(13):65-74. 

Harris,  T.  L,  and  W.  P.  McCafferty. 

1977.     Assessing  aquatic  insect  flight  behavior  with 
sticky  traps.     Great  Lakes  Entomol.  10:233-239. 

Hartstack,  A.  W.,  and  others. 

1968.     A  technique  for  measuring  trapping  efficiency 
of  electric  insect  traps.     J.  Econ.  Entomol. 
61:546-552. 
J.,  and  S.  Areekul. 

A  rearing  trap  for  producing  pomace  flies  for 
bioassay  of  insecticides.     J.  Econ.  Entomol. 
50:512-513. 
R.  F. 

A  mobile  trap  for  studying  the  behavior  of  fly- 
ing bloodsucking  insects.     Mosq.  News 
21:35-39. 

Hathaway,  D.  O. 

1981.     Codling  moth:   Field  evaluations  of  blacklight 
and  sex  attractant  traps.     U.S.  Dept.  Agr.,  Agr. 
Res.  Serv.,  AAT-W-19,  4  pp. 

Hazeltine,  W.  R. 
1962.     A  new  insect  clearing  technique.     J.  Kans.  En- 
tomol. Soc.  35:165-166. 

Heathcote,  G.  D. 

1957.  The  comparison  of  yellow  cylindrical,  flat,  and 
water  traps  and  of  Johnson  suction  traps,  for 
sampling  aphids.     Ann.  Appl.  Biol.  45:133-139. 


Harwood 
1957. 


Harwood 
1961. 


(193) 
(194) 

(195) 
(196) 
(197) 
(198) 
(199) 
(200) 

(201) 


1969. 

Herting, 
1969. 


_  J.  M.  P.  Palmer,  and  L.  R.  Taylor. 
Sampling  for  aphids  by  traps  and  by  crop  in- 
spection.    Ann.  Appl.  Biol.  63:155-166. 

B. 


(202) 

(203) 

(204) 

(205) 
(206) 
(207) 

(208) 
(209) 

(210) 


Tent  window  traps  used  for  collecting 
tachinids  (Dipt.)  at  Delemont,  Switzerland. 
Commonw.  Inst.  Biol.  Control  Tech.  Bull.  12,  19 

PP- 
Hienton,  T.  E. 

1974.     Summary  of  investigations  of  electric  insect 

traps.     U.S.  Dept.  Agr.  Tech.  Bull.  1498,  136  pp. 
Hill,  M.  N. 

1971.     A  bicycle-mounted  trap  for  collecting  adult 
mosquitoes.     J.  Med.  Entomol.  8:108-109. 
Hocking,  B. 

1953.     Plastic  embedding  of  insects  -  a  simplified 
technique.     Can.  Entomol.  85:14-18. 


1963. 


1974. 

Hodgson, 
1940. 


Hoffard 
1980. 


Holbrook 
1927. 


Holbrook 
1960. 


1957.     The  optimum  size  of  sticky  aphid  traps. 
Path.  6:104-107. 


Plant 


The  use  of  attractants  and  repellents  in  vector 
control.     Bull.  W.H.O.  29  (suppl.):121 -126. 
and  G.  E.  Hudson. 

Insect  wind  traps:  Improvements  and  prob- 
lems.    Queensland  Entomol.  10:275-284. 
C.  E. 

Collection  and  laboratory  maintenance  of 
Dytiscidae  (Coleoptera).     Entomol.  News 
64:36-37. 
W.  H. 

How  to  collect  and  prepare  forest  insect  and 
disease  organisms  and  plant  specimens  for 
identification.     U.S.  Dept.  Agr.,  Forest  Serv., 
Southeast.  Area,  State  and  Private  Forestry, 
Gen.  Rep.  SA-GR13,  13  pp. 
J.  E.  R. 

Apparatus  and  method  used  to  remove  pins 
from  insect  specimens.     J.  Econ.  Entomol. 
20:642-643. 
R.  F.,  and  M.  Beroza. 

Gypsy  moth  (Porthetria  dispar)  detection  with 
the  natural  female  sex  lure.     J.  Econ.  Entomol. 
53:751-756. 

Hollingsworth,  J.  P.,  and  A.  W.  Hartstack,  Jr. 

1972.     Effect  of  components  on  insect  light  trap  per- 
formance.    Am.  Soc.  Agr.  Engin.  Trans. 
15:924-927. 

and  others. 

Some  factors  influencing  light  trap  collections. 
J.  Econ.  Entomol.  54:305-308. 
and  others. 

Electrical  insect  traps  for  survey  purposes. 
U.S.  Dept.  Agr.,  ARS  42-3-1,  10  pp. 
ed. 

Animal  identification;  a  reference  guide.     V. 
3,  Insects.     160  pp.     Brit.  Mus.  Nat.  Hist., 
London;  John  Wiley  and  Sons,  New  York. 

Holzapfel,  E.  P.,  H.  B.  Clagg,  and  M.  L.  Goff. 

1978.     Trapping  of  air-borne  insects  on  ships  on  the 
Pacific.     Pt.  9.     Pac.  Insects  19:65-90. 

Hood,  J.  D. 

1947.     Microscopical  whole-mounts  of  insects.     Ed. 
3,  58  pp.     Cornell  Univ.,  Ithaca,  N.Y. 
Mimeographed;  out  of  date,  but  of  con- 
siderable interest. 

Hopkins,  G.  H.  E. 

1949.     The  host  associations  of  the  lice  of  mammals. 
Proc.  Zool.  Soc.  (London),  119  (pt.  ll):387-604. 
Methods  on  pp.  395-401. 


1961. 


1963. 

Hollis,  D. 
1980. 


85 


(211) 
(212) 
(213) 

(214) 

(215) 

(216) 

(217) 
(218) 
(219) 
(220) 

(221) 


Hottes,  F.  C. 
1951.     A  method  for  taking  aphids  in  flight.     Pan-Pac. 
Entomol.  27:190. 
Houseweart,  M.  W.,  and  others. 

1979.  Large  capacity  pitfall  trap.     Entomol.  News 
90:51-54. 

Howell,  J.  F. 

1980.  Codling  moth:  Blacklight  trapping  and  com- 
parisons with  fermenting  molasses  bait  and 
pheromone  traps.  U.S.  Dept.  Agr.,  Agr.  Res. 
Serv.,  ARR-W-22,  14  pp. 

Howell,  J.  F.,  Jr.,  and  others. 

1975.     Comparison  of  the  efficiency  of  three  traps  for 
the  Mediterranean  fruit  fly  baited  with  mini- 
mum amounts  of  Trimedlure.     J.  Econ.  En- 
tomol. 68:277-279. 
R.  O. 
Freeze-drying  biological  specimens;  a  labora- 
tory manual.     196  pp.     Smithsonian  Inst. 
Press,  Washington,  D.C. 
A.  F.,  and  others. 

Field  and  laboratory  studies  of  attraction  of 
the  synthetic  sex  pheromone  to  male  cabbage 
looper  moths.     J.  Econ.  Entomol.  62:117-122. 


Hower, 
1979 


Howland 
1969. 


Hoy,  J.  B. 

1970.     Trapping  the  stable  fly  by  using  C02  or  CO  as 
attractants.     J.  Econ.  Entomol.  63:792-795. 
Hubbell,  T.  H. 

1956.     A  new  collecting  method:  The  oatmeal  trail. 
Entomol.  News  67:49-51. 
Huffacker,  C.  B.,  and  R.  C.  Back. 
1943.     A  study  of  methods  of  sampling  mosquito 
populations.     J.  Econ.  Entomol.  36:561-569. 
Hurd,  P.  D. 
1954.     Myiasis  resulting  from  the  use  of  the  aspirator 
method  in  the  collection  of  insects.     Science 
(Wash.,  D.C.)  119:814-815. 
Imms,  A.  D.,  and  others. 

1977.     General  textbook  of  entomology.     Ed.  10,  rev. 
by  Richards,  O.  W.,  and  R.  G.  Davies;  v.  1, 
Structure,  physiology,  and  development;  v.  2, 
Classification  and  biology.     418  and  421-1354 
pp.     Chapman  and  Hall,  London;  John  Wiley, 
New  York. 

(222)  Jacobson,  M. 

1972.     Insect  sex  pheromones.     382  pp.     Academic 
Press,  New  York. 

(223)  and  M.  Beroza. 

1964.     Insect  attractants.     Sci.  Am.  211  (No.  2, 

Aug.):20-27.     Includes  excellent  figures  of 
Steiner,  McPhail,  and  USDA  beetle  traps. 

(224)  Jacques,  H.  E. 

1947.     How  to  know  the  insects.     Ed.  2,  205  pp. 
Wm.  C.  Brown,  Dubuque,  Iowa.     (See  also 
No.  43.) 

(225)  Jeppson,  L.  R.,  and  others. 

1975.     Mites  injurious  to  economic  plants.     614  pp., 
53  unnumbered  pis.     Univ.  Calif.  Press, 
Berkeley.     Includes  data  on  collection  and 
preservation. 

(226)  Johnson,  C.  G. 

1950.     The  comparison  of  suction  trap,  sticky  trap, 
and  tow-net  for  the  quantitative  sampling  of 
small  airborne  insects.     Ann.  Appl.  Biol. 
37:268-285. 


(227) 
(228) 

(229) 

(230) 

(231) 

(232) 

(233) 
(234) 

(235) 

(236) 

(237) 

(238) 

(239) 

(240) 

(241) 

(242) 
(243) 

(244) 

(245) 


1955. 


1957. 


and  L.  R.  Taylor. 

Development  of  large  suction  traps  for  air- 
borne insects.     Ann.  Appl.  Biol.  43:51-62. 

and  others. 

A  new  method  of  extracting  arthropods  and 
molluscs  from  grassland  and  herbage  with  a 
suction  apparatus.     Bull.  Entomol.  Res. 
48:211-218. 
Jonasson,  P.  M. 

1954.  An  improved  funnel  trap  for  capturing  emerg- 
ing aquatic  insects,  with  some  preliminary 
results.     Oikos  5:179-188. 

E.  N.  G. 
Pitfall-trapping  as  a  method  for  studying  sur- 
face dwelling  Collembola.     Ztschr.  f.  Morph.  u. 
Oekol.  der  Tiere  55:587-596. 
,  and  others. 
A  new  dry  ice  trap  for  collecting  mosquitoes. 
Jap.  J.  Sanit.  and  Zool.  17:83-88. 
Kempson,  D.,  and  others. 
1962.     A  new  extractor  for  woodland  litter.     Pedobio- 
logia  3:1-21. 
Kevan,  D.  K.  McE.,  ed. 

1955.  Soil  zoology.     512  pp.     Butterworth,  London. 


Joosse 
1975. 


Kato,  M 
1966. 


1962.     Soil  animals.     237  pp.     Witherby,  London. 
Sampling  and  extraction  on  pp.  102-125. 
Kieckhefer,  R.  W.,  D.  A.  Dickmann,  and  E.  L.  Miller. 
1976.     Color  responses  of  cereal  aphids.     Ann.  En- 
tomol. Soc.  Am.  69:721-724. 
Kimerle,  R.  A.,  and  N.  H.  Anderson. 

1967.     Evaluation  of  aquatic  insect  emergence  traps. 
J.  Econ.  Entomol.  60:1255-1259. 
Klein,  M.  G.,  K.  O.  Lawrence,  and  T.  L.  Ladd,  Jr. 

1973.     Japanese  beetles:  Shielded  traps  to  increase 
captures.     J.  Econ.  Entomol.  66:562-563. 


Klots,  A. 
1932. 


B. 


Directions  for  collecting  and  preserving  insects. 
29  pp.     Ward's  Nat.  Sci.  Estab.,  Rochester,  N.Y. 
Knox,  P.  C,  and  K.  L.  Hays. 

1972.     Attraction  of  Tabanus  spp.  (Diptera:  Tabanidae) 
to  traps  baited  with  carbon  dioxide  and  other 
chemicals.     Environ.  Entomol.  1:323-326. 
Knudsen,  J.  W. 

1966.     Biological  techniques.     525  pp.     Harper  and 
Row,  New  York. 


1972.  Collecting  and  preserving  plants  and  animals. 
319  pp.  Harper  and  Row,  New  York.  Insects 
on  pp.  128-176. 

M.,  and  D.  C.  Herzog,  eds. 
Sampling  methods  in  soybean  entomology. 
588  pp.     Springer  Verlag,  New  York, 
rab,  M. 

How  to  build  a  herbarium  of  insect  and  mite 
damage.     Turtox  News  44:290-294. 

B.  G.,  and  A.  S.  Monchadskii. 
The  possibility  of  using  polarized  light  to  at- 
tract insects.     Entomol.  Obozr.  42:49-55.     [In 
Russian;  transl.  into  English  in  Entomol.  Rev. 
42:25-28.] 

G.  W. 
A  manual  of  acarology.     Ed.  2,  335  pp.     Oreg. 
State  Univ.  Book  Stores,  Corvallis.     Collection 
and  preservation  on  pp.  77-98. 


Kogan, 
1980 

Koszta 
1966 

Kovrov 
1963 


Krantz, 
1978 


86 


(246)  Kring,  J.  B. 

1970.     Red  spheres  and  yellow  panels  combined  to  at- 
tract apple  maggot  flies.     J.  Econ.  Entomol. 
63:466-469. 

(247)  Krombein,  K.  V. 

1967.     Trap-nesting  wasps  and  bees:  Life  histories, 
nests,  and  associates.     570  pp.     Smithsonian 
Inst.  Press,  Washington,  D.C.     Trap-nesting 
technique  described  on  pp.  8-14. 

(248)  Kronblad,  W„  and  S.  Lundberg. 

1978.     Bilhavning-en  intressant  fangstmetod  for 

skalbaggar  och  andra  insekter.     Entomol.  Tid- 
skr.  99:115-118.     Describes  net  attached  to 
roof  of  automobile. 

(249)  Kuhnelt,  W.,  and  others. 

1976.  Soil  biology  with  special  reference  to  the  Ani- 
mal Kingdom.     483  pp.     Mich.  State  Univ. 
Press,  East  Lansing.     Observation  and  collec- 
ting techniques,  pp.  35-65;  bibliography,  pp. 
385-466. 

(250)  LaGasa,  E.  H.,  and  S.  D.  Smith. 

1978.     Improved  insect  emergence  trap  for  stream 

community  population  sampling;  environmen- 
tal impact  of  insecticides.     U.S.  Dept.  Agr. 
Res.  Note  PSW,  U.S.  Pac.  Southwest.  Forest 
and  Range  Exp.  Stn.  328,  3  pp. 
Laird,  N. 
1981.     Blackflies.     The  future  for  biological  methods 
in  integrated  control.     399  pp.     Academic 
Press,  London.     Includes  chapters  on  trapping 
and  sampling  methods. 
Lambert,  H.  L.,  and  R.  T.  Franklin. 

1967.     Tanglefoot  traps  for  detection  of  the  balsam 

woolly  aphid.     J.  Econ.  Entomol.  60:1525-1529. 
Lammers,  R. 

1977.  Sampling  insects  with  a  wetland  emergence 
trap:  Design  and  evaluation  of  the  trap  with  pre- 
liminary results.     Am.  Midland  Nat.  97:381-389. 


(251) 

(252) 
(253) 

(254) 

(255) 

(256) 

(257) 

(258) 
(259) 
(260) 


Landin,  J 
1976. 


Methods  of  sampling  aquatic  beetles  in  the 
transitional  habitats  at  water  margin.     Fresh- 
water Biol.  6:81-87. 


Lane,  J. 
1965. 


Lane,  R 
1976. 


Langford 
1975. 


Lawson, 
1979. 


Lee,  W. 
1982. 


Leech,  H 
1955. 


The  preservation  and  mounting  of  insects  of 
medical  importance.     WHO/Vector  Control 
152.65,  27  pp.     Mimeographed. 

S.,  and  J.  R.  Anderson. 
Extracting  larvae  of  Chrysops  hirsuticallus 
(Diptera:  Tabanidae)  from  soil:  Efficiency  of 
two  methods.     Ann.  Entomol.  Soc.  Am. 
69:854-856. 

T.  E.,  and  J.  R.  Daffern. 

The  emergence  of  insects  from  a  British  river 
warmed  by  power  station  cooling  water.     Pt.  1. 
The  use  and  performance  of  insect  emergence 
traps.  .  .  .     Hydrobiologia  46:71-114. 

D.  L.,  and  R.  W.  Merritt. 

A  modified  Ladell  apparatus  for  the  extraction 
of  wetland  macroinvertebrates.     Can.  Entomol. 
111:1389-1393. 
L.,  and  others,  eds. 
Guidelines  for  acquisition  and  management  of 
biological  specimens.     42  pp.     Assoc.  Sys- 
tem. Collect.,  Lawrence,  Kans. 
B. 

Cheesecloth  flight  traps  for  insects.     Can.  En- 
tomol. 87:200. 


(261) 

(262) 

(263) 
(264) 
(265) 
(266) 

(267) 

(268) 
(269) 

(270) 

(271) 
(272) 

(273) 

(274) 

(275) 
(276) 
(277) 
(278) 


LeSage, 
1979. 


Levin,  M. 
1957. 

Lewis,  G. 
1965. 

Lewis,  T., 
1965. 


Lehker,  G.  E.,  and  H.  O.  Deay. 

1969.     How  to  collect,  preserve,  and  identify  insects. 

Purdue  Univ.,  Coop.  Ext.  Serv.,  Ext.  Circ.  509, 

43  pp. 
L.,  and  A.  D.  Harrison. 

Improved  traps  and  techniques  for  the  study  of 

emerging  aquatic  insects.     Entomol.  News 

90:65-78. 

D. 

Artificial  nesting  burrows  for  Osmia  ligniaria 

Say.     J.  Econ.  Entomol.  50:506-507. 

G. 

A  new  technique  for  spreading  minute  moths. 

J.  Lepid.  Soc.  19:115-116. 

and  L.  R.  Taylor. 

Diurnal  periodicity  of  flight  by  insects.     Roy. 

Entomol.  Soc,  London,  Trans.  116:393-469. 
Lincoln,  R.  J.,  and  J.  G.  Sheals. 

1979.     Invertebrate  animals.     Collection  and  preser- 
vation.    150  pp.     Brit.  Mus.  (Nat.  Hist.),  Cam- 
bridge Univ.  Press,  England. 
Lindeberg,  B. 

1958.     A  new  trap  for  collecting  emerging  insects 

from  small  rockpools,  with  some  examples  of 

the  results  obtained.     Ann.  Entomol.  Fenn. 

24:186-191. 
Lindroth,  C.  H. 
1957.     The  best  method  for  killing  and  preserving 

beetles.     Coleopt.  Bull.  11:95-96. 
Lipovsky,  L.  J. 
1951.     A  washing  method  of  ectoparasite  recovery 

with  particular  reference  to  chiggers.     J.  Kans. 

Entomol.  Soc.  24:151-156. 


1953. 


Little,  V. 
1972. 


Polyvinyl  alcohol  with  lacto-phenol,  a  mounting 
and  clearing  medium  for  chigger  mites.     En- 
tomol. News  64:42-44. 
A. 

General  and  applied  entomology.     Ed.  3,  527 
pp.     Harper  and  Row,  New  York. 

Loschiavo,  S.  R. 

1974.     The  detection  of  insects  by  traps  in  grain-filled 
boxcars  during  transit.     Proc.  Intl.  Working 
Conf.  Stored-Product  Entomol.  1:639-650. 

Lowe,  R.  B.,  and  L.  G.  Putnam. 

1964.     Some  simple  and  useful  technological  improve- 
ments in  light  traps.     Can.  Entomol.  96:129. 
L. 
Some  effects  of  formalin  on  the  numbers  of 
Coleoptera  caught  in  pitfall  traps.     Entomol. 
Mon.  Mag.  104:115-116. 


Luff,  M. 
1968. 


1975.  Some  factors  influencing  the  efficiency  of  pit- 
fall traps.     Oecologia  19:345-357. 

Lumsden,  W.  H.  R. 

1958.     A  trap  for  insects  biting  small  vertebrates. 
Nature  (London)  181:819-820. 
Macan,  T.  T. 

1964.     Emergence  traps  and  the  investigation  of 
stream  faunas.     Rev.  Hydrobiol.  3:75-82. 
McCauley,  V.  J.  E. 

1976.  Efficiency  of  a  trap  for  catching  and  retaining 
insects  emerging  from  standing  water.  Oikos 
27:339-346. 


87 


(279) 

(280) 

(281) 

(282) 
(283) 

(284) 
(285) 

(286) 
(287) 

(288) 

(289) 

(290) 

(291) 
(292) 
(293) 

(294) 

(295) 

(296) 


McClung,  C.  E.  (Jones,  R.  McO,  ed.). 
1964.     Handbook  of  microscopical  technique  for 

workers  in  animal  and  plant  tissues.     Ed.  3, 
790  pp.     Hafner,  New  York. 


McDaniel 
1979. 


B. 


335  pp. 


How  to  know  the  mites  and  ticks. 
Wm.  C.  Brown,  Dubuque,  Iowa. 
McDonald,  J.  L. 

1970.     A  simple,  inexpensive  alcohol  light  trap  for  col- 
lecting Culicoides.     Mosq.  News  30:652-654. 
MacFadyen,  A. 

1962.     Soil  arthropod  sampling.     Adv.  Ecol.  Res.  1:1-34. 
Macleod,  J.,  and  J.  Donnelly. 

1956.     Methods  for  the  study  of  blowfly  populations. 
I.  Bait  trapping:  Significance  of  limits  for  com- 
parative sampling.     Ann.  Appl.  Biol.  44:80-104. 
McNutt,  D.  N. 

1976.  Insect  collecting  in  the  tropics.     68  pp.     Cent. 
for  Overseas  Pest  Res.,  London. 

J.  E.  H. 
The  insects  and  arachnids  of  Canada.     Pt.  1. 
Collecting,  preparing,  and  preserving  insects, 
mites,  and  spiders.     Can.  Dept.  Agr.,  Biosys- 
tem.  Res.  Inst.,  Publ.  1643,  182  pp. 
L,  and  G.  A.  P.  Gibson. 

The  separation  bag  -  a  new  device  to  aid  in  col- 
lecting insects.     Can.  Entomol.  111:1197-1198. 

_  and  L.  Huggert. 
Descriptions  of  new  taxa  in  the  Thoronini 
(Hymenoptera,  Proctotrupoidea,  Scelionidae). 
Can.  Entomol.  111:911-917. 

H.  C. 
Baited  traps  for  sampling  Drosophila  popula- 
tions in  tomato  field  plots.     J.  Econ.  Entomol. 
56:897-899. 

W.  T.,  and  J.  E.  Sublette. 
Collecting  Ohio  River  basin  Chironomidae 
(Diptera)  with  a  floating  sticky  trap.     Can.  En- 
tomol. 103:397-404. 
Masteller,  E.  C. 

1977.  An  aquatic  insect  emergence  trap  on  a  shale 
stream  in  western  Pennsylvania.     Melsheimer 
Entomol.  Ser.  23:10-15. 

Matheson,  R. 

1951.     Entomology  for  introductory  courses.     Ed.  2, 
629  pp.     Comstock  Publ.  Assoc,  Ithaca,  N.Y. 

C.  W. 

Tanglefoot  traps  as  indicators  of  apple  maggot 
activities.     Can.  Entomol.  97:110. 

D.  R.,  and  E.  A.  C.  Hagley. 
A  mechanical  trap  for  sampling  populations  of 
small,  active  insects.     Can.  Entomol. 
109:1405-1407. 

W.,  and  J.  M.  Skelly. 
A  window  trap  for  collection  of  insects  above 
the  forest  canopy.     J.  Econ.  Entomol. 
61:1461-1462. 

R.  W.,  and  J.  H.  Poorbaugh,  Jr. 
A  laboratory  collection  and  rearing  container 
for  insects  emerging  from  cattle  droppings. 
Calif.  Vector  Views  22:43-46. 

_  and  others. 
Collecting,  sampling,  and  rearing  methods  for 
aquatic  insects.     In  Merritt,  R.  W.,  and  K.  W. 
Cummins,  An  introduction  to  the  aquatic  in- 
sects of  North  America.     441  pp.     Kendall, 
Hunt,  Dubuque,  Iowa.     References  on  pp. 13-28. 


Martin, 
1977. 


Masner, 
1979. 


1979. 


Mason 
1963 


Mason 
1971 


Maxwell, 
1965. 

Menzies, 
1977. 


Merrill, 
1968. 


Merritt, 
1975. 


1978. 


(297) 


(298) 


(299) 


Meyers, 
1959. 


Miller,  T. 
1970. 


(300) 

Minter,  D. 

1961. 

(301) 

Mitchell,  I 

1972. 

(30?) 

1973. 

(303) 

(304) 
(305) 
(306) 
(307) 

(308) 

(309) 
(310) 

(311) 

(312) 

(313) 
(314) 


Meyerdirk,  D.  E.,  and  others. 

1979.     Evaluation  of  a  trap  for  the  citrus  blackfly, 
Aleurocanthus  woglumi  (Homoptera: 
Aleyrodidae).     Can.  Entomol.  111:1127-1129. 
E.  G. 
Mosquito  collections  by  light  traps  at  various 
heights  above  the  ground.     Proc.  Calif.  Mosq. 
Control  Assoc.  27:61-63. 
A.,  and  others. 

The  influence  of  moonlight  and  other  en- 
vironmental factors  on  the  abundance  of  cer- 
tain mosquito  species  in  light-trap  collections 
in  Thailand.     J.  Med.  Entomol.  7:555-561. 
.  M. 

A  modified  Lumsden  suction  trap  for  biting  in- 
sects.    Bull.  Entomol.  Res.  52:233-238. 
E.  R.,  and  others. 

Evalualion  of  cylindrical  electric  grids  as  pher- 
omone  traps  for  loopers  and  tobacco  horn- 
worms.     Environ.  Entomol.  1:365-368. 
and  others. 

A  portable  cylindrical  electric  grid  trap.     J. 
Econ.  Entomol.  66:1232-1233. 
and  others. 

Cylindrical  electric  grid  traps:  The  influence  of 
elevation,  size  and  electrode  spacing  on  cap- 
tures of  male  cabbage  loopers  and  tobacco 
hornworms.     Environ.  Entomol.  3:49-50. 
R.  D.,  and  D.  R.  Cook. 

The  preservation  and  mounting  of  water-mites. 
Turtox  News  30:169-172. 

Moreland,  C.  R. 
1955.     A  wind  frame  for  trapping  insects  in  flight.     J. 
Econ.  Entomol.  47:944. 
C.  V.  G.,  and  N.  H.  Anderson. 
Techniques  for  biological  studies  of  tetrany- 
chid  mites.     Can.  Entomol.  90:212-215. 

Morgan,  N.  C,  and  others. 
1963.     A  comparison  of  the  catches  of  emerging 

aquatic  insects  in  floating  box  and  submerged 
funnel  traps.     J.  Anim.  Ecol.  32:203-219. 

Morgan,  N.  O.,  and  E.  C.  Uebel. 

1974.  Efficacy  of  the  Assateague  insect  trap  in  collect- 
ing mosquitoes  and  biting  flies  in  a  Maryland 
salt  marsh.     Mosq.  News  34:196-199. 

W.  L. 

Plastic  pitfall  trap.     Environ.  Entomol.  4:596. 
_  and  W.  H.  Whitcomb. 
A  trap  for  alate  imported  fire  ants.     J.  Econ. 
Entomol.  65:1194-1195. 
Morris,  C.  D.,  and  G.  R.  DeFoliart. 

1969.     A  comparison  of  mosquito  catches  with  mini- 
ature light  traps  and  C02-baited  traps.     Mosq. 
News  29:424-426. 
Morris,  K.  R.  S. 

1961.     Effectiveness  of  traps  in  tsetse  surveys  in  the 
Liberian  rain  forest.     Am.  J.  Trop.  Med.  and 
Hyg.  10:905-913. 
Mulhern,  T.  D. 

1942.     New  Jersey  mechanical  trap  for  mosquito  sur- 
veys.    N.J.  Agr.  Exp.  Stn.  Circ.  421:1-8 
Muma,  M.  H. 

1975.  Long  term  can  trapping  for  population 
analyses  of  ground-surface,  arid-land  arachnids. 
Fla.  Entomol.  58:257-270.     Includes  bibliog- 
raphy of  can  and  pitfall  trapping. 


1974. 


Mitchell 
1952. 


Morgan. 
1958. 


Morrill, 
1975. 

1972. 


(315)  Mundie,  J.  H. 

1956.     Emergence  traps  for  aquatic  insects. 
Int.  Ver.  Angew.  Limnol.  7:113. 

(316)  


Mitt. 


(317) 


(318) 


1964.     A  sampler  for  catching  emerging  insects  and 
drifting  materials  in  streams.     Limnol.  Ocean- 
ogr.  9:456-459. 

1966.  Sampling  emerging  insects  and  drifting  materi- 
als in  deep  flowing  water.  Gewaess.  Abwaess. 
41/42:159-162. 


1971. 


(322) 


1975. 


Insect  emergence  traps.     In  Edmondson,  W. 
T.,  and  G.  G.  Winberg,  eds.,  A  manual  on 
methods  for  the  assessment  of  secondary  pro- 
ductivity in  fresh  waters.     358  pp.     Blackwell 
Sci.  Publ.  (IBP  Handb.  17),  Oxford,  England. 
References  on  pp.  80-93. 

(319)  Murphy,  P.  W.,  ed. 

1962.     Progress  in  soil  zoology.     398  pp.     Butter- 
worth,  London.     Includes  reference  on  sticky 
traps,  pp.  226-227. 
(319a)  Murphy,  W.  L. 

1985.     Procedures  for  removal  of  insect  specimens 
from  sticky-trap  material.     Ann.  Entomol.  Soc. 
Am.  78:881. 

(320)  Murray,  T.  D.,  and  W.  N.  Charles. 

1975.     A  pneumatic  grab  for  obtaining  large,  un- 
disturbed mud  samples:  Its  construction  and 
some  applications  for  measuring  the  growth  of 
larvae  and  emergence  of  adult  Chironomidae. 
Freshwater  Biol.  5:205-210. 

(321)  Nakagawa,  S.,  and  others. 

1971.     Trap-lure  combinations  for  surveys  of  Mediter- 
ranean fruit  flies  in  Hawaii.     J.  Econ.  Entomol. 
64:1211-1213. 
and  others. 

Gallon  plastic  tub,  a  substitute  for  the  McPhail 
trap.     J.  Econ.  Entomol.  68:405-406. 
(323)  Nantung  Institute  of  Agriculture. 

1975.     Effects  of  light  traps  equipped  with  two  lamps 
on  capture  of  insects.     [In  Chinese,  with 
English  summary.]     Acta  Entomol.  Sinica 
18:289-294. 
W.,  Jr.,  ed. 
Pheromones  of  the  Sesiidae  (formerly 
Aegeriidae).     U.S.  Dept.  Agr.,  Agr.  Res.  Serv., 
ARR-NE-6,  83  pp.     Proceedings  of  a  sym- 
posium, including  trapping  and  perspective  of 
pheromone  research. 
Needham,  J.  G.,  ed. 

1937.     Culture  methods  for  invertebrate  animals.     590 
pp.     Comstock  Publ.  Co.,  Ithaca,  N.Y.     In- 
cludes methods  of  collecting  and  rearing  some 
insects.     (Properly  cited  as  in  No.  142.) 
M. 

An  autosegregator  for  use  in  collecting  soil- 
inhabiting  arthropods.     Am.  Microsc.  Soc. 
Trans.  74:389-392. 
(327)  Newhouse,  V.  T.,  and  others. 

1966.     Use  of  dry  ice  to  increase  mosquito  catches  of 
the  CDC  miniature  light  trap.     Mosq.  News 
26:30-35. 

A.,  and  S.  B.  Peck. 

Baited  pitfall  traps  for  beetles.     Coleopt.  Bull. 
29:45-46. 


(324) 


Neal,  J. 
1979. 


(325) 


(326)  Newell, 
1955. 


(328) 


Newton, 
1975. 


(329) 
(330) 
(331) 

(332) 
(333) 

(334) 

(335) 

(336) 

(337) 
(338) 
(339) 

(340) 

(341) 

(342) 

(343) 

(344) 

(345) 
(346) 

(347) 


Nicholls,  C.  F. 

1960.     A  portable  mechanical  insect  trap, 
tomol.  92:48-51. 


Can.  En- 


1970. 


Ed.  2.     Can. 


Nielsen, 
1974. 


Nielsen, 
1960. 


Some  entomological  equipment. 
Dept.  Agr.  Inform.  Bull.  2,  85  pp. 
B.  O. 

Registrering  af  insektakivitet  pa  bogestammer 
ved  hjaelp  af  fangtragte.     Entomol.  Meddel. 
42:1-18.     Describes  catches  of  insects  in  fun- 
nel traps  on  trunks  of  beech  trees. 
E.  T. 

A  note  on  stationary  nets.     Ecology  41:375-376. 
Nijholt,  W.  W.,  and  J.  A.  Chapman. 

1968.     A  flight  trap  for  collecting  living  insects.     Can. 
Entomol.  100:1151-1153. 
Norris,  K.  R. 
1966.     The  collection  and  preservation  of  insects. 
Austral.  Entomol.  Soc.  Handb.  1,  34  pp. 
Oldroyd,  H. 

1958.     Collecting,  preserving  and  studying  insects.     327 
pp.     Hutchinson,  London;  Macmillan,  New  York. 
Onsager,  J.  A. 

1976.     Influence  of  weather  on  capture  of  adult 

southern  potato  wireworm  in  blacklight  traps. 
U.S.  Dept.  Agr.  Tech.  Bull.  1527,  27  pp. 
Parker,  S.  P.,  ed. 

1982.     Synopsis  and  classification  of  living  organisms. 
V.  2.     McGraw-Hill,  New  York. 
D.  C. 

Construction  of  the  box-type  trap  for  eye  gnats 
and  blow  flies.     U.S.  Dept.  Agr.  Bull.  E-299,  8  pp. 


Parman 
1931. 


1932.     A  box-type  trap  to  aid  in  the  control  of  eye 

gnats  and  blowflies.     U.S.  Dept.  Agr.  Circ.  247, 
4  pp. 
Peacock,  J.  W.,  and  R.  A.  Cuthbert. 

1975.     Pheromone-baited  traps  for  detecting  the 
smaller  European  elm  bark  beetle.     Coop. 
Econ.  Insect  Rep.  25:497-500. 
Pennak,  R.  W. 

1978.     Fresh-water  invertebrates  of  the  United  States. 
Ed.  2,  803  pp.     John  Wiley,  New  York.     Ap- 
paratus, formulas,  etc.,  on  pp.  769-782. 
Pennington,  N.  E. 

1967.     Comparison  of  DDVP  and  cyanide  as  killing 
agents  in  mosquito  light  traps.     J.  Med.  En- 
tomol. 4:518. 
Pe'rez  Pe'rez,  R.,  and  S.  D.  Hensley. 

1973.     A  comparison  of  pheromone  and  blacklight 

traps  for  attracting  sugar  borer  {Diatraea  sac- 
charalis  [F.])  adults  from  a  natural  population. 
Puerto  Rico  J.  Agr.  57:320-329. 
Peterson,  A. 

1948.     Larvae  of  insects.     Pt.  1.  Lepidoptera  and 
Hymenoptera.     Pt.  2.  Coleoptera,  Diptera, 
Neuroptera,  Siphonaptera,  Mecoptera.     416 
pp.     Edwards,  Ann  Arbor,  Mich. 


1964. 


Ed.  10.  435  pp. 


Entomological  techniques. 
Edwards,  Ann  Arbor,  Mich. 
Peterson,  B.  V.,  J.  W.  McWade,  and  E.  F.  Bond. 
1961.     A  simple  method  for  preparing  uniform 

minuten-pin  double  mounts.     Bull.  Brooklyn 
Entomol.  Soc.  56:19-21. 
L.  G.,  and  others. 

Comparison  of  traps  and  other  methods  for 
surveying  density  of  populations  of  flies  in 
dairy  barns.     J.  Econ.  Entomol.  65:144-145. 


Pickens 
1972. 


89 


(348) 
(349) 

(350) 
(351) 

(352) 
(353) 
(354) 


Pieczynski,  E. 

1961.     The  trap  method  of  capturing  water  mites 
(Hydracarina).     Ekol.  Pol.  B7:111-115. 
Pinniger,  D.  B. 
1975.     The  use  of  bait  traps  for  assessment  of  stored- 
product  insect  populations.     Coop.  Econ.  In- 
sect Rep.  25:907-909. 
Powers,  W.  J. 

1969.     A  light-trap  bag  for  collecting  live  insects.     J. 
Econ.  Entomol.  62:735-736. 
Pratt,  H.  D. 
1944.     Studies  on  the  comparative  attractiveness  of 
25-,  50-,  and  100-watt  bulbs  for  Puerto  Rican 
Anopheles.     Mosq.  News  4:17-18. 
J.,  and  others. 

Effectiveness  of  DDVP  as  a  killing  agent  in 
mosquito  killing  jars.     Mosq.  News  30:417-419. 
Pritchard,  M.  H.,  and  G.  O.  W.  Kruse. 
1982.     The  collection  and  preservation  of  animal 

parasites.     Univ.  Nebr.  Tech.  Bull.  1,  142  pp. 

R.  J. 

Sticky  spheres  for  estimating  apple  maggot 

adult  abundance.     J.  Econ.  Entomol. 

61:1082-1085. 


Preiss,  F 
1970. 


Prokopy, 
1968. 


(355)  _ 


(356) 

(357) 

(358) 
(359) 

(360) 

(361) 
(362) 

(363) 

(364) 
(365) 

(366) 


1973. 


Provost 
1960. 


Race,  S 
1960. 


Reeves, 
1980. 

Reeves, 
1951. 


Dark  enamel  spheres  capture  as  many  apple 

maggot  flies  as  fluorescent  spheres.     Environ. 

Entomol.  2:953-954. 
M.  W. 

The  dispersal  of  Aedes  taeniorhynchus.     III. 

Study  methods  for  migrating  exodus.     Mosq. 

News  20:148-161. 
R. 

A  comparison  of  two  sampling  techniques  for 

lygus  bugs  and  stink  bugs  on  cotton.     J. 

Econ.  Entomol.  53:689-690. 
R.  M. 

Use  of  barriers  with  pitfall  traps.     Entomol. 

News  91:10-12. 
W.  C. 

Field  studies  on  carbon  dioxide  as  a  possible 

host  stimulant  to  mosquitoes.     Proc.  Soc.  Exp. 

Biol.  Med.  77:64-66. 


1953. 


Quantitative  field  studies  on  a  carbon  dioxide 
chemotropism  of  mosquitoes.     Am.  J.  Trop. 
Med.  and  Hyg.  2:325-331. 
Reierson,  D.  A.,  and  R.  E.  Wagner. 

1975.     Trapping  yellowjackets  with  a  new  standard 

plastic  wet  trap.     J.  Econ.  Entomol.  68:395-398. 
Rennison,  B.  D.,  and  D.  H.  Robertson. 

1959.     The  use  of  carbon  dioxide  as  an  attractant  for 
catching  tsetse.     Rep.  E.  Afr.  Trypan.  Res. 
Organ.  1958:26. 
Richards.  W.  R. 

1964.     A  short  method  for  making  balsam  mounts  of 
aphids  and  scale  insects.     Can.  Entomol. 
96:963-966. 
Riley,  G.  B. 

1957.     A  modified  sweep-net  for  small  insects.     Bull. 
Brooklyn  Entomol.  Soc.  52:95-96. 
R.  H. 


Roberts 
1972. 


Relative  attractiveness  of  C02  and  a  steer  to 


Tabanidae,  Culicidae,  and  Stomoxys  calcitrans 
(L).     Mosq.  News  32:208-211. 
Rogers,  D.  J.,  and  D.  T.  Smith. 
1977.     A  new  electric  trap  for  tsetse  flies.     Bull.  En- 
tomol. Res.  67:153-159. 


(367) 

(368) 
(369) 

(370) 

(371) 
(372) 
(373) 
(374) 

(375) 

(376) 

(377) 
(378) 

(379) 

(380) 
(381) 

(382) 

(383) 
(384) 


Rogoff,  W.  M. 

1978.     Methods  for  collecting  eye  gnats  (Diptera: 

Chloropidae).     U.S.  Dept.  Agr.,  Agr.  Res.  Serv., 
ARM-W-2  (iii),  27  pp.     Includes  extensive 
bibliography. 
J. 

A  new  technique  in  the  preserving  of  soft- 
bodied  insects  and  spiders.     Turtox  News 
35:226-229. 
M.  P.,  and  W.  H.  Kearby. 
Seasonal  flight  and  vertical  distribution  of 
Scolytidae  attracted  to  ethanol  in  an  oak- 
hickory  forest  in  Missouri.     Can.  Entomol. 
107:1315-1320. 
H. 

A  textbook  of  entomology.     Ed.  3,  539  pp. 
John  Wiley,  New  York. 

Rudd,  W.  G.,  and  R.  L.  Jensen. 

1977.     Sweep  net  and  ground  cloth  sampling  for  insects 
in  soybeans.     J.  Econ.  Entomol.  70:301-304. 

Sabrosky,  C.  W. 

1966.     Mounting  insects  from  alcohol.     Bull.  En- 
tomol. Soc.  Am.   12:349. 


Rohlf,  F. 
1957. 


Roling, 
1975. 


Ross,  H 
1965. 


1971. 


Bull. 


Salmon 
1946. 


Salt,  G 
1944 


Packing  and  shipping  of  pinned  insects. 
Entomol.  Soc.  Am.  17:6-8. 

J.  T. 

A  portable  apparatus  for  the  extraction  from 
leaf  mould  of  Collembola  and  other  minute 
organisms.     Dominion  Mus.  Rec.  Entomol. 
(Wellington)  1:13-18. 

and  F.  S.  J.  Hollick. 

Studies  of  wireworm  populations.     1.  A  cen- 
sus of  wireworms  in  pasture.     Ann.  Appl.  Biol. 
31:53-64. 
Sanders,  D.  P.,  and  R.  C.  Dobson. 

1966.     The  insect  complex  associated  with  bovine 
manure  in  Indiana.     Ann.  Entomol.  Soc.  Am. 
59:955-959. 
J. 

Rearing  insects  in  the  classroom.     Am.  Biol. 
Teacher  1976  (Apr.):216-221. 


Sauer,  R 
1976. 


Schlee,  D. 

1966.     Preparation  und  Ermittlung  von  Messwerton  an 

Chironomiden  (Diptera).     Gewaess.  Abwaess. 

41/42:169-192.     Describes  preparation  of 

Chironomidae  for  study. 
Schmid,  J.  M.,  and  others. 

1973.     Bark  beetle  emergence  cages  modified  for  use 

as  pitfall  traps.     U.S.  Dept.  Agr.,  Forest  Serv. 

RM-244,  2  pp. 
Seber,  G.  A.  F. 

1973.  The  estimation  of  animal  abundance.     506  pp. 
Griffin,  London. 

Service,  M.  W. 

1976.  Mosquito  ecology:   Field  sampling  methods. 
583  pp.     Applied  Sci.,  London.     Includes  ex- 
tensive bibliographies. 

Sholdt,  L.  L,  and  P.  Neri. 

1974.  Mouth  aspirator  with  holding  cage  for  collect- 
ing mosquitoes  and  other  insects.     Mosq. 
News  34:236. 

Shorey,  H.  H. 

1973.     Behavioral  responses  to  insect  pheromones. 
Ann.  Rev.  Entomol.  18:349-380. 
and  J.  J.  McKelvey,  Jr. 

1977.  Chemical  control  of  insect  behavior:  Theory  and 
application.     414  pp.     John  Wiley,  New  York. 


90 


(385) 


(386) 


(387) 


Shubeck,  P.  P. 

1976.     An  alternative  to  pitfall  traps  in  carrion  beetle 
studies  (Coleoptera).     Entomol.  News 
87:176-178. 
Singer,  G. 

1964.     A  simple  aspirator  for  collecting  small  ar- 
thropods directly  into  alcohol.     Ann.  Entomol. 
Soc.  Am.  57:796-798. 


1967.     A  comparison  between  different  mounting 

techniques  commonly  employed  in  acarology. 
Acarologia  9:475-484. 

(388)  Sladeckova,  A. 

1962.  Limnological  investigation  methods  for  the 
periphyton  ("aufwuchs")  community.  Bot. 
Rev.  28:286-350. 

(389)  Smith,  B.  J. 

1976.  A  new  application  in  the  pitfall  trapping  of  in- 
sects, to  investigate  migratory  patterns.  Ky. 
Acad.  Sci.  Trans.  37:94-97. 

(390)  Smith,  J.  G.,  and  others. 

1977.  Confegcao  de  aparelhos  de  baix  custo  para 
coleta  e  criaca  de  insetos.  An.  Soc.  En- 
tomol. Brasil  6:132-135.     Describes  low  cost 
carrying  cages,  pitfall  traps,  and  rearing  cages. 
[In  Portuguese.] 

(391)  Smith,  J.  S.,  Jr.,  and  others. 

1974.     S-1  black-light  insect-survey  trap  plans  and 
specifications.     U.S.  Dept.  Agr.,  Agr.  Res. 
Serv.,  ARS-S-31,  8  pp. 

(392)  Snoddy,  E.  L,  and  K.  L.  Hays. 

1966.  Carbon  dioxide  trap  for  Simuliidae.  J.  Econ. 
Entomol.  59:242-243. 

(393)  Sommerman,  K.  M.,  and  R.  P.  Simmet. 

1965.     Car-top  insect-trap  with  terminal  cage  in  auto. 
Mosq.  News  25:172-182.     Modifications  are 
described  in  Sommerman,  K.  M.,  1967, 
Modified  car-top  insect  trap  functional  to  45 
mph,  Ann.  Entomol.  Soc.  Am.  60:857. 

(394)  Southwood,  T.  R.  E. 

1979.  Ecological  methods  with  particular  reference 
to  the  study  of  insect  populations.     Ed.  2,  524 
pp.     John  Wiley,  New  York.     Includes  exten- 
sive bibliographies. 

(395)  Sparks,  A.  N.,  and  others. 

1980.  Field  response  of  male  Heliothis  virescens  to 
pheromonal  stimuli  and  traps.     Bull.  Entomol. 
Soc.  Am.  25:268-274.     Includes  pictures  of 
several  types  of  traps  used. 

(396)  Stanley,  J.  M.,  and  C.  B.  Dominick. 

1970.  Funnel  size  and  lamp  wattage  influence  on 
light-trap  performance.  J.  Econ.  Entomol. 
63:1423-1426. 

(397)  and  others. 

1977.  Electrocutor  grid  insect  traps  for  research  pur- 
poses.    Am.  Soc.  Agr.  Engin.  Trans.  20:175-178. 

(398)  Steck,  W.,  and  B.  K.  Bailey. 

1978.  Pheromone  traps  for  moths:  Evaluation  of 
cone  trap  designs  and  design  parameters.     En- 
viron. Entomol.  7:419-455. 

(399)  Stein,  J.  D. 

1976.     Insects:  A  guide  to  their  collection,  identifica- 
tion, preservation  and  shipment.     U.S.  Dept. 
Agr.,  Forest  Serv.,  RM-311,  12  pp. 


(400) 

(401) 
(402) 

(403) 

(404) 
(405) 
(406) 
(407) 

(408) 


Stein,  R. 
1968. 


Stewart, 
1971. 

Stewart, 
1968. 


Steyskal 
1957. 


,  and  others. 
Extraneous  materials.     Staining  technique  to 
differentiate  insect  fragments,  bird  feathers, 
and  rodent  hairs  from  plant  tissue.     J.  Assoc. 
Off.  Anal.  Chem.  51:513-518. 
J.  W.,  and  T.  L  Payne. 

Light  trap  screening  for  collecting  small  soft- 
bodied  insects.     Entomol.  News  82:309-311. 
P.  A.,  and  J.  J.  Lam. 

Catch  of  insects  at  different  heights  in  traps 
equipped  with  blacklight  lamps.     J.  Econ.  En- 
tomol. 61:1227-1230. 
,  G.  C. 

The  relative  abundance  of  flies  (Diptera)  col- 
lected at  human  feces.     Ztschr.  f.  Angew. 
Zool.  44:79-83. 


1977.     History  and  use  of  the  McPhail  trap, 
tomol.  60:11-16. 


Fla.  En- 


1981. 


Proc.  En- 


(409) 


(410) 


(411) 


(412) 


(413) 


Bibliography  of  the  Malaise  trap, 
tomol.  Soc.  Wash.  83:225-229. 
Still,  G.  W. 

1960.     An  improved  trap  for  deciduous  tree  fruit  flies. 
J.  Econ.  Entomol.  53:967. 
Strandtmann,  R.  W.,  and  G.  W.  Wharton. 

1958.     Manual  of  mesostigmatid  mites  parasitic  on 
vertebrates.     Univ.  Md.  Inst.  Acarol.  Contrib. 
4:1-330. 
Strenzke,  K. 

1966.     Empfohlene  Methodenzur  Aufzucht  und  Pre- 
paration terrestrischer  Chironomiden. 
Gewaess.  Abwaess.  41/42:163-168.     Methods 
for  rearing  and  preparation  of  terrestrial 
Chironomidae  (Diptera). 
Stryker,  R.  G.,  and  W.  W.  Young. 

1970.     Effectiveness  of  carbon  dioxide  and  L  (  +  )  lac- 
tic acid  in  mosquito  light  trap  with  and  without 
light.     Mosq.  News  30:388-393. 
Stubbs,  A.,  and  P.  Chandler,  eds. 

1978.     A  dipterist's  handbook.     V.  2.  The  amateur  en- 
tomologist.    255  pp.     J.  Amateur  Entomol. 
Soc,  Hanworth,  England.     Collecting  and  re- 
cording, pp.  1-37. 
Tagestad,  A.  D. 

1974.     A  technique  for  mounting  Microlepidoptera. 
J.  Kans.  Entomol.  Soc.  47:26-30. 


1977. 


Takeda, 
1962. 


(414) 

Tarshis,  I. 
1968. 

(415) 

1968. 

(416)  Taylor,  L. 

Easily  constructed  individual  mounting  blocks 
for  macro-  and  microlepidoptera.     J.  Kans.  En- 
tomol. Soc.  50:27-30. 
U.,  and  others. 
Studies  on  a  collection  method  of  mosquitoes 
by  dry  ice  and  a  mosquito  net.     Jap.  J.  Sanit. 
and  Zool.  13:31-35.     [In  Japanese  with  English 
summary.] 
B. 

Use  of  fabrics  in  streams  to  collect  blackfly 
larvae.     Ann.  Entomol.  Soc.  Am.  61:260-261. 

Collecting  and  rearing  blackf lies.     Ann.  En- 
tomol. Soc.  Am.  61:1072-1083. 
R. 

1962.     The  absolute  efficiency  of  insect  suction  traps. 
Ann.  Appl.  Biol.  50:405-421. 


(417)  Taylor,  L  R. 

1962.     The  efficiency  of  cylindrical  sticky  insect  traps 
and  suspended  nets.     Ann.  Appl.  Biol. 
50:681-865. 

(418)  Tedders,  W.  L,  and  G.  W.  Edwards. 

1972.     Effects  of  blacklight  trap  design  and  place- 
ment on  catch  of  adult  hickory  shuckworms. 
J.  Econ.  Entomol.  65:1624-1627. 

(419)  Teskey,  H.  J. 

1962.     A  method  and  apparatus  for  collecting  larvae 
of  tabanid  (Diptera)  and  other  inhabitants  of 
wetland.     Proc.  Entomol.  Soc.  Ontario 
92:204-206. 

(420)  Thomas,  D.  B.,  and  E.  L.  Sleeper. 

1977.     Use  of  pit-fall  traps  for  estimating  the  abun- 
dance of  arthropods,  with  special  reference  to 
the  Tenebrionidae  (Coleoptera).     Ann.  En- 
tomol. Soc.  Am.  70:242-248. 

(421)  Thompson,  P.  H. 

1969.     Collecting  methods  for  Tabanidae  (Diptera). 
Ann.  Entomol.  Soc.  Am.  62:50-57. 

(422)  and  E.  J.  Gregg. 

1974.     Structural  modifications  and  performance  of 
the  modified  animal  trap  and  the  modified 
Manitoba  trap  for  collection  of  Tabanidae  (Dip- 
tera).    Proc.  Entomol.  Soc.  Wash.  76:119-122. 

(423)  Thorsteinson,  A.  J.,  B.  G.  Bracken,  and  W.  Hanec. 

1965.  The  orientation  behavior  of  horse  flies  and 
deer  flies  (Tabanidae:  Diptera).     III.  The  use 
of  traps  in  the  study  of  orientation  of  tabanids 
in  the  field.     Entomol.  Exp.  et  Appl.  8:189-192. 

(424)  Tindale,  N.  B. 

1962.     The  chlorocresol  method  for  field  collecting. 
J.  Lepid.  Soc.  15:195-f197. 

(425)  Torre-Bueno,  J.  R.  de  la. 

1937.     A  glossary  of  entomology.     336  pp.,  9  pis. 

Brooklyn  Entomol.  Soc,  New  York.     (2d  print- 
ing, 1950.) 

(426)  Traver,  J.  R. 

1940.     Compendium  of  entomological  methods.     Pt.  I. 
Collecting  mayflies  (Ephemeroptera).     7  pp. 
(unnumbered).     Ward's  Nat.  Sci.  Estab., 
Rochester,  N.Y. 

(427)  Tretzel,  E. 

1955.     Technik  und  Bedeutung  des  Fallenfanges  fur 
okologische  Untersuchungen.     [Technique  and 
significance  of  the  pitfall  trap  for  ecological 
research.]     Zool.  Anz.  155:276-287. 

(428)  Turnbull,  A.  L,  and  C.  F.  Nicholls. 

1966.  Quick  trap  for  area  sampling  of  arthropods  in 
grassland  communities.     J.  Econ.  Entomol. 
59:1100-1104. 

(429)  Turnock,  W.  J. 

1957.     A  trap  for  insects  emerging  from  the  soil. 
Can.  Entomol.  89:455-456. 

(430)  U.S.  Department  of  Agriculture,  Agricultural  Research 
Service. 

1961.     Response  of  insects  to  induced  light.     Presen- 
tation papers.     U.S.  Dept.  Agr.,  Agr.  Res.  Serv., 
ARS  20-10,  66  pp.     Includes  11  pp.  of 
bibliography  on  insects  and  light. 


(431)  U.S.  Department  of  Agriculture,  Extension  Service. 

1970.     4-H  Clubs  entomology  publications  (loose  leaf, 
in  4  pts.):  1,  How  to  make  an  insect  collection; 
2,  Key  to  orders,  rearing  cages,  experimental 
activities;  3,  Teen  and  junior  leader's  guide;  4, 
Reference  material. 

(432)  U.S.  Department  of  Agriculture,  Plant  Pest  Control  Division. 

1966-70.     Survey  methods;  selected  references 

1942-1970.  Pts.  1-35.     USDA  Coop.  Econ.  In- 
sect Rep.  17:97-112,  326-336,  862-868, 
977-982.  1071-1076;  18:70-72,  369-376, 
564-568,  746-750,  911-914,  969-974,  990-996, 
1054-1058,  1103-1106;  19:88-96,  335-337, 
353-354,  505-506,  785-786,  797-798,  838-842, 
865-870;  20:11-12,  34-36,  43-44,  151-152, 
207-208,  239-242,  345-346,  527-528,  727-732, 
763-767;  21:35-40,  87-94;  22:285-298.     Ref- 
erences categorized  into  population  measure- 
ment, forecasting,  rearing,  equipment  and 
technology,  traps,  attractants,  and  pictorial 
keys.     The  various  parts  are  not  in  chronologi- 
cal order. 

Urquhart,  F.  A. 

1965.  Introducing  the  insect.  258  pp.  Frederick 
Warne,  London.  Elementary  directions  for 
making  insect  collections,  pp.  1-19. 

Usinger,  R.  L,  ed. 

1956.     Aquatic  insects  of  California  with  keys  to 

North  American  genera  and  California  species. 
508  pp.     Univ.  Calif.  Press,  Berkeley. 

Van  Cleave,  J.,  and  J.  A.  Ross. 

1947.  A  method  of  reclaiming  dried  zoological  spec- 
imens.    Science  105:318. 

Wagstaffe,  R.,  and  J.  H.  Fidler. 

1955.  The  preservation  of  natural  history  specimens. 
V.  1.  Invertebrates.  205  pp.  Phil.  Libr.,  New 
York. 

Walker,  A.  R.,  and  P.  F.  L.  Boreham. 

1976.     Saline,  as  a  collecting  medium  for  Culicoides 
(Diptera:  Ceratopogonidae)  in  blood-feeding 
and  other  studies.     Mosq.  News  36:18-20. 


(433) 

(434) 

(435) 
(436) 

(437) 

(438) 

(439) 

(440) 

(441) 

(442) 
(443) 
(444) 


Walsh,  G 
1933. 


B. 


Studies  in  the  British  necrophagous  Coleoptera. 
II.  The  attractive  powers  of  various  natural 
baits.     Entomol.  Mon.  Mag.  69:28-32. 
Waters,  T.  F. 

1969.     Subsampler  for  dividing  large  samples  of 

stream  invertebrate  drift.     Limnol.  Oceanogr. 
14:813-815. 
Watson,  G.  E.,  and  A.  B.  Amerson,  Jr. 

1967.     Instructions  for  collecting  bird  parasites. 
Smithsonian  Inst.,  Mus.  Nat.  Hist.,  Inform. 
Leaflet  477.  12  pp. 
Weatherston,  J. 

1976.     A  new  insect  trap  for  use  with  lepidopteran 

sex  pheromones.     Can.  Dept.  Fish,  and  Forest- 
ry Bi-Mon.  Res.  Notes  32:9-10. 
Weaver,  J.  S.,  Ill,  and  T.  R.  White. 

1980.     A  rapid,  steam  bath  method  for  relaxing  dry  in- 
sects.    Entomol.  News  91:122-124. 
Welch,  P.  S. 

1948.     Limnological  methods.     382  pp.     McGraw-Hill 
New  York. 
Welch,  R.  C. 

1964.     A  simple  method  of  collecting  insects  from 
rabbit  burrows.     Entomol.  Mon.  Mag. 
100:99-100. 


92 


(445) 
(446) 

(447) 
(448) 

(449) 

(450) 
(451) 
(452) 
(453) 

(454) . 
(455) 
(456) 

(457) 
(458) 
(459) 

(460) 


Weseloh, 
1974. 


White,  E 
1964. 


Wellso,  S.  G.,  and  R.  L.  Fischer. 

1971.     Insects  taken  at  Japanese  beetle  traps  baited 
with  anethole-eugenol  in  southern  Michigan  in 
1968.     Mich.  Entomol.  4:105-108. 
R.  M. 

Relationships  between  different  sampling  pro- 
cedures for  the  gypsy  moth,  Porthetria  dispar 
(Lepidoptera  Lymantriidae),  and  its  natural 
enemies.     Can.  Entomol.  106:225-231. 
G. 

A  design  for  the  effective  killing  of  insects 
caught  in  light  traps.     N.Z.  Entomol.  3:25-27. 

Whitsel,  R.  H.,  and  R.  G.  Schoeppner. 

1965.  The  attractiveness  of  carbon  dioxide  to  female 
Leptoconops  torrens  Tns.  and  L.  kerteszi  Kieff. 
Mosq.  News  25:403-410. 

Whittaker,  R.  H. 

1952.     A  study  of  summer  foliage  insect  communities 
in  the  Great  Smoky  Mountains.     Ecol.  Monogr. 
22  (No.  1):1-44. 
E.,  and  L.  Burgess. 

An  aspirator  for  collecting  insects  from  dusty 
habitats.     Can.  Entomol.  104:1557-1558. 

Wilkinson,  R.  S. 

1969.  A  blacklight  box  trap  for  nocturnal  insects. 
Newsl.  Mich.  Entomol.  Soc.  14  (No.  3/4):3. 

Willey,  R.  L 

1971.     Microtechniques:  A  laboratory  guide.     99  pp. 
Macmillan,  New  York. 

Williams,  C.  B. 

1948.  The  Rothamsted  light  trap.  Proc.  Roy.  En- 
tomol. Soc,  London,  Ser.  A,  Gen.  Entomol. 
23:80-85. 


Wiens,  J 
1972. 


Res. 


1951.     Comparing  the  efficiency  of  insect  traps. 
Bull.  Entomol.  Res.  42:513-517. 

and  P.  S.  Milne. 

1935.     A  mechanical  insect  trap.     Bull.  Entomol 
26:543-551. 
Williams,  D.  F. 

1973.     Sticky  traps  for  sampling  populations  of 
Stomoxys  calcitrans.     J.  Econ.  Entomol. 
66:1279-1280. 
Williams,  R.  W. 

1954.     A  study  of  the  filth  flies  in  New  York  City  - 
1953.     J.  Econ.  Entomol.  47:556-562. 
Williamson,  K. 

1954.     The  Fair  Isle  apparatus  for  collecting  bird  ec- 
toparasites.    Brit.  Birds  47:234-235. 
Wilson,  B.  H.,  N.  O.  Tugwell,  and  E.  C.  Burns. 

1966.     Attraction  of  tabanids  to  traps  baited  with  dry 
ice  under  field  conditions  in  Louisiana.     J. 
Med.  Entomol.  3:148-149. 
Wilson,  J.  G.,  and  others. 

1972.     Chemo-attraction  in  the  lone  star  tick  (Acarina: 
Ixodidae):  I.  Response  of  different  develop- 
mental stages  to  carbon  dioxide  administered 
via  traps.     J.  Med.  Entomol.  9:245-252.     A 
modification  of  this  method  is  described  in 
Eads,  R.  B.,  G.  C.  Smith,  and  G.  O.  Maupin, 
1982,  A  C02  platform  trap  for  taking  adult  Der- 
macentor  andersoni  (Acari:  Ixodidae),  Proc.  En- 
tomol. Soc.  Wash.  84:342-348. 
(461)  Wilson,  L.  F. 

1969.     The  window-pane  insect  trap.     Newsl.  Mich. 
Entomol.  Soc.  14  (No.  3/4):1-3. 


(462) 

(463) 

(464) 

(465) 
(466) 


(467) 

(468) 
(469) 


Wilton,  D.  P. 

1963.     Dog  excrement  as  a  factor  in  community  fly 
problems.     Proc.  Hawaii.  Entomol.  Soc. 
118:311-317. 

Wirth,  W.  W.,  and  N.  Marston. 

1968.     A  method  for  mounting  small  insects  on  micro- 
scope slides  in  Canada  balsam.     Ann.  En- 
tomol. Soc.  Am.  61:783-784. 
A. 

Aspirator-cage  combinations  for  delicate  and 
infected  arthropods.     Ann.  Entomol.  Soc.  Am. 
48:485-488. 
M.,  and  D.  M.  Davies. 

Some  methods  of  rearing  and  collecting  black 
flies.     Proc.  Entomol.  Soc.  Ontario  96:81-90. 
and  others. 

The  insects  and  arachnids  of  Canada.     Pt.  6. 
The  mosquitoes  of  Canada:  Diptera:  Culicidae. 
Can.  Dept.  Agr.,  Biosystem.  Res.  Inst.,  Publ. 
686,  390  pp.,  1  folding  chart.     Methods  of  col- 
lecting, preservation,  and  rearing  on  pp.  45-53. 

Woodring,  J.  P. 

1968.  Automatic  collecting  device  for  tyroglyphid 
(Acaridae)  mites.  Ann.  Entomol.  Soc.  Am. 
61:1030-1031. 

and  M.  S.  Blum. 

Freeze-drying  of  spiders  and  immature  insects. 
Ann.  Entomol.  Soc.  Am.  56:138-141. 


Woke,  P. 
1955. 


Wood,  D. 
1966. 


1979. 


1963. 


Yates,  M. 
1974. 


An  emergence  trap  for  sampling  adult  tree-hole 
mosquitoes.     Entomol.  Mon.  Mag.  109:99-101. 


Appendix 

Formulas 

Distilled  water  should  be  used  in  these  formulas  if 
available,  but  rainwater  or  bottled  drinking  water  is 
satisfactory.  "Parts"  is  by  volume. 

AGA  (Alcohol-Glycerin-Acetic  Acid)  Solution 

Parrs 

Commercial  ethanol  (ethyl  alcohol) 8 

Water 5 

Glycerin 1 

Glacial  acetic  acid 1 

Barber's  Fluid 

Commercial  ethanol  (ethyl  alcohol) 53 

Water 49 

Ethyl  acetate  (acetic  ether) 19 

Benzene  (benzol) 7 

Hoyer's  Medium 

Chloral  hydrate 20 

Water 5 

Gum  arabic  (granules) 3 

Glycerin 2 

Dissolve  gum  arabic  in  water  at  room  temperature. 
Add  chloral  hydrate  and  allow  to  stand  for  a  day  or 
two  until  all  solids  have  dissolved.  Add  glycerin. 
Filter  through  glass  wool.  Store  in  glass-stoppered 
bottle. 

Essig's  Aphid  Fluid 

Lactic  acid 20 

Glacial  acetic  acid 4 

Phenol  (saturated  H20  solution) 2 

Distilled  H20 1 

KAAD  (Kerosene-Acetic  Acid-Dioxane)  Solution 

Commercial  ethanol  (ethyl  alcohol) 10 

Glacial  acetic  acid 2 

Kerosene 1 

Dioxane 1 

Mix  in  the  order  given.  For  very  soft-bodied  larvae, 
use  half  as  much  kerosene  or  less.  Dioxane  may  be 
omitted. 


Sample  Mounting  Procedures 

The  following  procedures  for  mounting  certain  insects 
and  mites  for  scientific  study  are  preferred  by  the  Sys- 
tematic Entomology  Laboratory  (ARS,  USDA).  A  few  of 
the  chemicals  indicated  by  an  asterisk  (*)  in  these  pro- 
cedures are  hazardous.  Carefully  investigate  their  prop- 
erties to  insure  their  safe  use. 

Mounting  Aphids,  Scale  Insects,  and  Aleyrodids.     Spec- 
imens of  aphids,  scale  insects,  and  aleyrodids  cannot  be 
pinned  because  of  their  small  size  and  their  tendency 
to  shrivel.  The  following  procedures  are  recommended: 

(1)  Place  specimen  in  10  percent  potassium  hydroxide 
(KOH)*  solution  and  heat  gently  until  body  contents  are 
softened,  or  leave  in  KOH  solution  at  room  temperature 
for  up  to  48  hours. 

(2)  Remove  specimen  from  KOH  and  place  in  70  percent 
ethanol  for  5  minutes.  Note  for  aleyrodids:  If  black 
specimens  have  not  turned  brown  at  this  point,  bleach 
them  in  peroxide-ammonia  solution  (1  drop  ammonia  to  6 
drops  hydrogen  peroxide)  until  brown.  Next  place  in  95 
percent  ethanol  for  5  minutes;  then  proceed  to  step  7. 

(3)  Remove  from  70  percent  ethanol  and  place  in  Essig's 
Aphid  Fluid.  Make  incision  halfway  across  body  be- 
tween second  and  third  pairs  of  legs.  Then  squeeze  a 
few  times  to  remove  and  flush  out  body  contents.  If 
feasible,  one  or  two  well-formed  embryos  should  be 
left  in  bodies  of  aphids.  Excess  wax  may  be  removed 
by  placing  specimens  in  tetrahydrofuran*.  (NOTE:  This 
is  a  hazardous  chemical  and  should  be  used  under  ex- 
haust hood  and  in  a  very  well-ventilated  place  to  avoid 
inhalation  of  fumes.) 

(4)  Remove  from  Essig's  fluid  and  place  in  95  percent 
ethanol  for  5  minutes. 

(5)  Remove  from  the  ethanol  and  place  in  acid  fuchsin 
stain  for  about  5  minutes  or  until  properly  stained, 
then  place  in  70  percent  ethanol  for  5  or  more  minutes 
to  remove  excess  stain. 

(6)  Remove  from  70  percent  ethanol  and  place  in  95 
percent  ethanol  for  5  minutes. 

(7)  Remove  from  95  percent  ethanol  and  place  in  clove 
oil;  leave  for  5  minutes  or  until  specimen  appears  non- 
shiny,  dull,  and  flat. 

(8)  Remove  from  clove  oil  and  place  specimen  dorsum 
upward  on  a  slide  in  a  drop  or  two  of  Canada  balsam.  If 
mounting  three  or  more  specimens  on  one  slide,  place 
them  in  a  row  right  to  left  with  one  specimen  ventral 
side  up.  Keep  all  specimens  neatly  horizontal  with 
heads  pointed  in  same  direction. 


(9)  Put  cover  slip  in  place  and  attach  labels,  preferably 
so  that  they  may  be  read  with  heads  of  specimens 
toward  you. 
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Mounting  Thrips.     For  a  detailed  study,  mount  thrips  in 
Canada  balsam  as  described  here.  Place  each  speci- 
men by  itself  centrally  on  a  slide  with  wings,  legs,  and 
antennae  spread  for  easy  observation  of  structures. 
Most  specimens  should  be  cleared  for  optimal  appear- 
ance of  surface  detail,  but  a  few  should  be  left  in  their 
natural  color  by  omitting  steps  2  and  3.  Rapid  identi- 
fications may  be  made  from  temporary  mounts  in  glyc- 
erin or  Hoyer's  medium,  but  they  usually  cause  distor- 
tion. Excess  or  used  fluids  may  be  removed  at  each 
step  with  a  pipet. 

(1)  Soak  specimen  for  24  hours  in  clean  60  percent 
ethanol  to  remove  collecting  fluid. 

(2)  Macerate  in  cold  5  percent  sodium  hydroxide*  solu- 
tion for  30  minutes  or  up  to  4  hours  for  especially  dark 
specimens. 

(3)  Wash  briefly  in  50  percent  ethanol  and  then  leave  in 
60  percent  ethanol  for  24  hours. 

(4)  Dehydrate  through  a  series  of  ethanol  solutions:  70 
percent  for  1  hour,  80  percent  for  2  hours,  and  100  per- 
cent for  10  minutes  (change  alcohol  once).  Place  in 
clove  oil  until  clear  (30  seconds  to  10  minutes).  Spread 
appendages  carefully  at  each  stage.  Dehydration  and 
clearing  may  be  promoted  by  puncturing  thoracic  and 
abdominal  membranes  in  one  or  two  places  with  a  fine 
needle. 

(5)  Place  ventral  side  uppermost  on  13-mm  cover  slip  in 
Canada  balsam,  then  lower  slide  onto  cover  slip.  This 
method  is  easier  to  control  than  the  usual  method  of 
lowering  cover  slip  onto  slide  with  forceps. 


(3)  Place  single  specimen  in  medium  on  slide.  Press 
specimen  to  surface  of  slide  and  spread  all  legs  lateral- 
ly. Most  mites  should  be  mounted  dorsoventrally,  but 
males  of  many  species,  such  as  those  of  the  Acaridae 
and  Tetranychidae,  should  be  mounted  laterally  to 
allow  examination  in  profile  of  the  specifically 
characteristic  aedeagus.  Some  mites  may  require  a 
small  body  puncture  to  eliminate  the  contents.  Heavily 
pigmented  mites  may  be  cleared  in  a  solution  of  lac- 
tophenol  before  mounting.  The  solution  may  be  heated 
to  hasten  clearing. 

(4)  With  forceps,  carefully  place  clean,  small  (13-mm  or 
smaller)  cover  slip  on  mite  in  Hoyer's  medium.  Gently 
press  cover  slip  with  forceps  to  hold  mite  in  position. 

(5)  Place  slide  on  hotplate  set  at  65°  C  and  remove  it 
rapidly  when  single  bubble  forms  in  Hoyer's  medium. 
Avoid  more  bubbling  or  mite  will  be  displaced. 

(6)  Turn  slide  so  anterior  part  of  mite  is  directed  toward 
you. 

(7)  Place  label  on  slide  to  right  of  cover  slip;  host, 
locality,  collector,  date,  and  serial  number  data  should 
be  shown  on  this  label. 

(8)  Place  slide  in  oven  at  45°-50°   C  for  24  hours  or 
longer  to  cure  and  solidify  the  Hoyer's  medium.  The 
slide  must  be  kept  horizontal  until  the  medium  is  firm 
and  there  is  no  danger  of  the  cover  slip  moving. 

(9)  After  removing  slide  from  oven,  ringing  cover  slip 
with  additional  Hoyer's  medium  helps  to  prevent  the 
mount  from  drying  out. 


(6)  Use  two  labels  on  slide,  one  at  each  side  of  speci- 
men, with  host,  locality,  altitude,  date,  and  collector's 
name  on  right-hand  label  and  determination  and  sex 
data  on  left-hand  label. 

(7)  Cure  in  oven  at  40°  C  within  a  few  minutes  of 
preparation,  or  leave  for  up  to  6  weeks  for  complete 
curing. 

Mounting  Mites  Other  Than  Eriophyids.     Mites  are  most 
easily  mounted  if  collected  in  AGA  solution  (see  p.  94). 
Mount  those  collected  in  70-80  percent  ethanol  on 
slides  as  soon  as  possible.  The  following  procedures 
do  not  apply  to  mites  of  the  family  Eriophyidae: 

(1)  Place  drop  of  Hoyer's  medium  (see  p.  94)  in  center 
of  clean  1-  by  3-inch  microscope  slide. 

(2)  Remove  mite  directly  from  host,  or  pour  specimens 
from  collecting  vial  into  small  casserole,  watch  glass, 
or  petri  dish.  Avoid  pouring  too  much  fluid  from  vial 
into  dish;  the  less  fluid,  the  easier  it  is  to  pick  out  the 
mites.  The  mites  may  be  removed  from  the  host  or  from 
the  fluid  by  dipping  a  needle  into  the  Hoyer's  medium 
on  the  slide  and  then  quickly  touching  the  mite  with  it. 
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name  of  collector,  family,  genus,  and  species  names  of  host  (if  known),  and  voucher  number  (//  ap- 
propriate). Each  specimen  should  have  a  unique  number  to  facilitate  reporting  of  identifications.  See 
reverse  side  for  preparation  of  specimens.  Please  see  our  statement  on  parasitic  Hymenoptera  for  in- 
formation on  our  requirements  on  host  data  for  parasitic  wasps. 

3.  A  brief  description  of  your  project  will  enable  us  to  place  the  proper  priority  on  your  request.  Early 
submittals,  and  submittals  of  small  lots  as  studies  progress,  will  ensure  faster  service. 

4.  Lots  relating  to  agricultural  interests  are  given  highest  priority.  Requests  for  information  on  hosts, 
distribution,  identification  characteristics,  literature  references,  etc.,  are  generally  answered  at  the  op- 
tion of  the  taxonomists  based  on  their  evaluation  of  the  request  and  time  available.  To  provide  the  re- 
quested information  the  taxonomist  often  must  spend  considerable  time  and  effort.  Please  request 
only  the  information  that  is  critically  needed. 

5.  Inquiries  on  the  status  of  an  identification  request  may  be  made  by- 

Correspondence  to  Lloyd  Knutson  at  the  above  address 
Telephone  — Mary  Lacey  (301)  344-3041  or  (301)  344-4451 
Telemail  — MLACEY 

Technical  inquiries  on  identifications  or  responses  made  by  the  taxonomists  should  be  sent  directly 
to  them. 

6.  Specimen(s)  that  represent  new  species,  new  host  records,  or  new  distribution  records  may  be  retain- 
ed at  the  discretion  of  the  taxonomist  for  placement  in  the  U.S.  National  Collection  of  Insects  in  the 
Smithsonian  Institution.  Approximately  25,000  specimens  are  added  to  the  National  Collection  every 
year  as  a  result  of  the  BBII  identification  service.  The  opportunity  to  retain  specimens  of  interest  is 
one  way  in  which  our  collaborators  can  be  recompensed  for  their  assistance. 

7.  Users  of  this  service  should  appropriately  cite  the  taxonomist  in  their  publications  and  reports.  If  the 
identifier  cannot  be  given  after  the  name  of  the  taxon  (e.g.,  in  tables  or  lists),  a  footnote  or  other 
means  of  acknowledgment  should  be  used.  Proper  formatting,  as  appropriate,  is  as  follows: 

Name  of  taxonomist,  Systematic  Entomology  Laboratory,  Agricultural  Research  Service, 

U.S.  Department  of  Agriculture 
Name  of  taxonomist,  Department  of  Entomology,  Smithsonian  Institution 
Cooperating  entomologists  at  other  institutions  should  be  listed  in  similar  format. 

8.  We  would  greatly  appreciate  your  sending  reprints  of  publications  and  other  documents  in 

which  our  identifications  are  used  to  Lloyd  Knutson  at  the  above  address  and  to  the  taxonomist(s) 
who  provided  the  determination(s). 


Form  ARS-748A  (5/86) 


NOTE:  Under  Item  1  (above),  Parts  II  and  III  are  duplicates  of  Part  I  on  page  96. 
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The  insect  and  mite  taxonomic  service  program  of  the  Biosystematics  and  Beneficial  Insects  Institute  (BBII),  with  the 
aid  of  entomologists  in  the  Smithsonian  Institution  and  other  cooperators,  provides  identifications  of  about  one-third 
million  specimens  per  year  (about  30,000  scientific  names,  or  17,000  consignments  or  lots)  for  an  extremely  wide  varie- 
ty of  users.  Unfortunately,  some  specimens  must  be  returned  unidentified  because  the  poor  condition  of  a  specimen 
may  prevent  its  identification,  the  classification  of  a  group  may  need  or  be  undergoing  revision,  the  quantity  of 
material  may  be  too  large  for  us  to  accept,  or  the  request  may  not  be  in  line  with  our  priorities.  We  also  lack 
specialists  or  cooperators  for  some  groups  (see  list  below). 

Immature  stages  are  accepted  for  identification,  but  the  classification  of  immature  forms  is  so  poorly  known  in  many 
groups  that  even  identification  to  family  is  not  possible.  For  this  reason  we  urge  all  collectors  to  rear  some  of  the 
specimens  and  submit  adults  with  the  associated  immature  stages. 


Preparation  of  Specimens  Submitted  for  Identification  . . .  Because  of  a  lack  of  sufficient  technical  assistance  to  prepare  specimens 
for  identification,  we  are  including  the  following  instructions  to  help  you  prepare  specimens  in  a  condition  suitable  for  study. 

PINNED— Most  specimens  should  be  pinned;  those  too  small  or  fragile  for  direct  pinning  should  be  double  mounted  on  minuten 
nadeln  or  carefully  glued  to  paper  points.  Glue  the  point  to  the  right  side  of  the  specimen,  using  care  that  the  glue  does  not  conceal 
critical  characters.  Do  not  glue  tiny  moths  or  flies  to  points;  use  minuten  nadeln.  Specimens  should  be  pinned  while  fresh.  Moths 
should  be  submitted  with  wings  spread.  Examination  of  properly  prepared  genitalia  is  necessary  to  identify  many  insects  to  genus 
or  species  level.  Specific  instructions  for  preparing  genitalia  will  be  supplied  upon  request.  Puparia,  pupal  skins,  cocoons,  etc.. 
should  be  placed  in  a  gelatin  capsule  or  glued  to  a  card  either  separately  or  pinned  below  the  adult. 

SLIDE  MOUNTS  — Submit  mites,  fleas,  thrips,  aphids,  whiteflies,  psychodid  flies,  most  scales,  and  mosquito  larvae  on  microscope 
slides,  if  you  can  prepare  good  slides.  This  will  enable  us  to  identify  the  material  more  quickly.  Some  trichogrammatid  and  mymarid 
wasps  and  other  minute  insects  must  also  be  mounted  on  slides.  Larval  ticks  are  acceptable  as  slide  mounts  if  they  are  not  engorg- 
ed. Specific  instructions  for  slide-mounting  the  above  groups  will  be  supplied  upon  request. 

ALCOHOL  — Submit  the  following  specimens  in  alcohol:  ichneumonid  wasps,  mayflies,  bat  flies,  all  soft-bodied  insects  (including  all 
larvae  and  pupae),  and  most  insects  under  2  mm  in  length,  except  as  indicated  below.  Also,  specimens  in  the  groups  listed  under 
Slide  Mounts  should  be  preserved  in  70%  alcohol  if  not  slide-mounted.  Adult  whiteflies  may  be  submitted  in  alcohol,  but  identifica- 
tion of  this  stage  usually  is  not  possible.  Never  submit  adults  of  the  following  in  alcohol:  moths,  bees,  true  bugs,  psychodid.  or  all 
other  files  except  minute  Nematocera  files.  Place  Only  One  Kind  of  Insect  in    Each  Vial.  Use  neoprene-,  rubber-,  or  silicone- 
stoppered  vials  rather  than  screw-capped  or  shell  vials.  Use  clear  glass  vials  of  sufficient  size  to  allow  the  use  of  forceps  or  an  eye 
dropper  to  remove  the  specimens;  however,  if  the  vial  is  too  large,  very  small  specimens  will  be  difficult  to  find.  Do  not  use 
methanol  or  formalin  solutions;  use  70,  80,  or  95%  ethanol  if  possible.  Isopropanol,  the  drugstore  variety,  is  adequate  only  for  tem- 
porary storage.  To  prevent  dilution  of  the  alcohol  and  subsequent  decomposition  of  specimens,  fresh  alcohol  must  be  placed  in  the 
vials  within  24  hours  after  Initial  immersion  of  specimens.  All  vials  containing  soft-bodied  insects  should  be  shipped  exclusive  of  all 
air  bubbles.  Insert  a  paperclip  or  pin  with  the  stopper  to  eliminate  all  air  bubbles;  then  remove  the  paperclip  or  pin. 

PREPARATION  of  SPECIFIC  FORMS— Kill  larvae  by  placing  them  in  boiling  water  or  in  an  alcohol-glacial  acetic  acid  mixture,  then 
transfer  them  to  70%  alcohol.  Ichneumonid  wasps  and  mayflies  should  be  killed  and  preserved  in  95%  ethanol;  thrips  should  be  kill- 
ed and  preserved  in  AGA  (9  parts  70%  alcohol  :1  part  glycerine  :1  part  glacial  acetic  acid).  Nymphal,  adult,  and  engorged  larval  ticks 
should  be  preserved  in  70-80%  ethanol. 

DRY,  UNMOUNTED— If  whiteflies  and  diaspidid  scales  are  not  mounted  on  slides,  they  should  be  submitted  on  host  plants  placed 
between  pieces  of  dry  paper  towel,  blotters,  or  other  absorbent  paper.  Do  not  place  specimens  belonging  to  these  families  in  plastic 
bags. 

PILLBOXES— Pillboxes  and  matchboxes  are  NOT  acceptable  containers  for  submitting  insects,  but  they  may  be  used  to  submit 
associated  plant  samples,  galls,  or  similar  material.  Soft  tissue  paper  or  cellucotton.  not  cotton,  should  be  used  in  such  boxes. 

Identification  Capability  . . .  Adults  and  immatures  of  all  groups  of  insects  and  related  arthropods  are  accepted  for  identification  by 
BBII  taxonomists,  except  those  listed  below.  Groups  marked  by  an  asterisk  are  accepted  but  referred  to  cooperators  outside  the  In- 
stitute. Identification  of  these  is  at  the  discretion  of  the  cooperator.  Groups  not  marked  by  an  asterisk  are  usually  returned  uniden- 
tified. With  appropriate  justification,  we  may  attempt  to  identify  some  of  these  groups  or  may  provide  names  and  addresses  of  other 
experts. 


'Anoplura 
"Collembola 
Diplura 


COLEOPTERA 
Amphizoidae 
Anthicidae 

'Buprestidae 
Carabidae 
Cicmdelidae 

•Cleridae 
Dryopidae 
Dytiscidae 
Elmidae 
Georyssidae 
Gyrinjdae 
Hahplidae 
Hydraenidae 
Hydrophilidae 
Hydroscaphidae 
Lagnidae 
Limnichidae 
Melandryidae 
Mordellidae 
Nitidulidae; 
Notendae 

'Oedemendae 


'Ephemeroptera 

'Mallophaga 

'Mecoptera 


Ppdilidae 
Psepnenidae 
Rhysortidae 
Silph'dae 
Sphaenidae 
Slapnylimdae 
COLLEMBOLA 

DIPTERA 
Acroceridae 
Apioceridae 
Asiiidae 

'Blephancendae 
Bombylndae 
'Camillidae 
"Celyphidae 
'Ceralopogonidae 
Chironomidae 
'Coelopidae 
'Cultcidae 
'Curtonotidae 
•Diaslatidae 
'Drosophilidae 
•Araneida  (spiders) 
•Argasidae  ("softbacked  ticks") 
Chelonethida  (pseudoscorpions) 
Chilopoda  (centipedes) 
Crustacea  (includes  sowbugs  &  pillbugs) 


'Neuroptera 

'Odonata 

*Plecoptera 

INSECT  GROUPS 

•Dryomyzidae 

Empididae 
"Ephydndae 
"Heleomyzidae 
'Lauxanudae 

Mydidae 

Nemestrinidae 
"Ptychoptendae 

Scenopmidae 
"Tanydendae 
"Tipulidae 
'Tnchocendae 
"Tnxoscelididae 


Protura 
*Psocoptera 
'Siphonaptera 


HEMIPTERA 
•Tmqidoidea 

HOMOPTERA 

Coccoidea 

Psyiddae 

LEPIDOPTERA  (adults) 
Bombycoidea 

Copromorphoidea 
*Cossoidpa 
'Enocramoidea 
"Hepialoidea 


Thysanura 
'Trichoptera 


Hespenoidea 
'Incurvanoidea 
'Micfoplerygoidea 
"Nepiiculoidea 
"Paptlionoidea1 
"Sesndae 

bphmgidae 
*  Tmeioidea 

Tortncoidea 

Yponomeutoidea 

Zyqaenoidpa 


1  There  are  also  several  minor  families  for  which  no  specialist  is  available 

2  USDA  material  will  be  accepted 

3  ARS  Biological  Control  material  will  be  accepted 

4  True  butterflies  (Papihonoidea)—  from  outside  North  America  only  wil  be  identified  it  (1)  voucher  specimens 
may  be  retained. (2)  the  specimens  have  been  reared  or  parasitized  and(3)  all  specimens  are  fully  labeled,  in- 
cluding food  plant  data 

NON-INSECT  GROUPS 


Diplopoda  (millipedes) 
Gastropoda  (snails&  slugs) 
Hydrachnellae  (water  mites) 
'Ixodidae  ("hardbacked  ticks") 
Oligochaeta  (earthworms) 


Pedipalpida  ("whip  scorpions") 
•Phalangida  ("daddy  longlegs  ') 
Scorpionida  (scorpions) 
Soipugida  (solpugids) 
Symphyla  (  symphylans") 
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No  permit  can  be  Issued  to  move  llva  plant  pests  or  noxious  weeds  until  an  appli- 
cation Is  received  (7  CFR  330  (live  i>lant  peats)  or  7  CFR  360  (noxious  weeds)). 

FORM  APPROVED  -  OMB  NO.  0579-0054 

U.S.  DEPARTMENT  OF  AGRICULTURE 

SECTION  A  -  TO  BE  COMPLETED  BY  THE  APPLICANT 

plant  protection  and  quarantine 

biological  assessment  support  staff 

hyattsville.  Maryland   20762 

APPLICATION  AND  PERMIT  TO  MOVE 
LIVE  PLANT  PESTS  AND  NOXIOUS  WEEDS 

1.  NAME,  TITLE,  AND  ADDRESS  (Include  Zip  Code) 

3.  TYPE  OF  PEST  TO   BE  MOVED 

1    1  Arthropods         LJ  Noxious  Weeds 
LJ  Pathogens           CJ  Other  (Specify) 

2.  TELEPHONE   NO. 

A. 

SCIENTIFIC  NAMES  OF  PESTS 
TO  BE  MOVED 

B. 
CLASSIFICATION 

(Orders,  Families, 
Races  or  Strains) 

c. 

LIFE 
STAGES 
IF  APPLI- 
CABLE 

D. 

NUMBER 

OF 

SPECIMENS 

OR   UNITS 

E. 

SHIPPED 
FROM 

(Country  or  State) 

F. 

ARE 
PESTS 
ESTAB- 
LISHED 
IN 
U.S. 

G. 

MAJOR    HOST(S)  OF  THE 
PEST 

4. 

5. 

6. 

7    what  host  materials  will  accompany  which  pests  (Indicate  by  line  number) 


8.   DESTINATION 

9.  PORT  OF  ARRIVAL 

10.   APPROXIMATE  DATE  OF  ARRIVAL  OR 
INTERSTATE   MOVEMENT 

It.   NO.  OF  SHIPMENTS 

1  2.  SUPPLIER 

13.   METHOD  OF  SHIPMENT 

LJ  Air  Mail      LJ  Air  Freight      CJ  Baggage       LJ  Auto 

14-  intended  use  (Be  specific,  attach  outline  of  intended  research) 


15.   METHODS  TO  BE   USED  TO  PREVENT  PLANT  PEST  ESCAPE 


16.   METHOD  OF  FINAL  DISPOSITION 


,7-     Applicant  must  be  a  resident  of  the  U.S.A.  sign  ature  of  applicant  (Must  be  person  named  in  Item  1) 

I/We  agree  to  comply  with  the  safeguards  printed  on  the 
reverse  of  this  form,  and  understand  that  a  permit  may  be 
subject  to  other  conditions  specified  in  Section  B  and  C. 


1  8.    DATE 


SECTION  B  •  TO  BE  COMPLETED  BY  STATE  OFFICIAL 


19.  STATUS 

LJ  Approve      LJ  Disapprove 
LJ  Accept  USDA  Decision 


20.  CONDITIONS  RECOMMENDED 


21.   SIGNATURE 


22.  TITLE 


SECTION  C  -  TO  BE  COMPLETED  BY  FEDERAL  OFFICIAL 


PERMIT 


24.    PERMIT   NO. 


(Permit  not  valid  unless  signed  by  an  authorized  official  of  the  Animal  and  Plant  Health  Inspection  Service) 

Under  authority  of  the  Federal  Plant  Pest  Act  of  May  23,  1957  or  the  Federal  Noxious  Weed  Act  of  1974,  permission  is  hereby 
granted  to  the  applicant  named  above  to  move  the  pests  described,  except  as  deleted,  subject  to  the  conditions  stated  on,  or  attached 
to  this  application.  (See  standard  conditions  on  reverse  side). 


25.   SIGNATURE  OF  PLANT  PROTECTION   AND 
QUARANTINE  OFFICIAL 


27     LABELS  ISSUED 


28.   VALID  UNTIL 


29.  PEST 

CATEGORY 


PPQ  FORM  526       Previous  edition  obsolete. 
(MAY  84) 
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PPQ  FORM  526  (Reverse) 


STANDARD  SAFEGUARDS  OF  PERMIT 


1.  All  pests  must  be  shipped  in  sturdy,  escape-proof  con- 
tainers. 

2.  Upon  receipt  of  pests,  all  packing  material  and  shipping 
containers  shall  be  sterilized  or  destroyed  immediately  after 
removing  pests. 

3.  Pests  shall  be  kept  only  within  the  laboratory  or  designated 
area  at  the  permittee's  address. 

4.  No  living  pests  kept  under  this  permit  shall  be  removed 
from  confined  area  except  by  prior  approval  from  State  and 
Federal  regulatory  officials. 

5.  Without  prior  notice  and  during  reasonable  hours,  authorized 
PPQ  and  State  regulatory  officials  shall  be  allowed  to  inspect 
the  conditions  under  which  the  pests  are  kept. 

6.  All  pests  kept  under  this  permit  shall  be  destroyed  at  the 
completion  of  the  intended  use,  and  not  later  than  the  expir- 
ation date,  unless  an  extension  is  granted  by  this  issuing  office. 

7.  All  necessary  precautions  must  be  taken  to  prevent  escape  of 
pests.   In  the  event  of  an  escape,  notify  this  office. 
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Index      (Italic  numbers  indicate  illustrations;  boldface  numbers  refer  to  main,  detailed  discussions.) 


Acari  (Acarina),  50,  52  (see  also 

Mites) 
Acaridae,  95 
Acariformes,  52 
AGA  solution,  21,  94 
Alcohol 

Preserving  specimens  in,  21 

Removing  specimens  from, 
25-26 
Alderflies,  54,  72 
Aleyrodidae,  69,  94  (mounting) 
Amblypygi,  50 

Ammophila  urnaria  Dahlbom,  78 
Animals  as  bait,  18 
Anisolabis  maritima  (Gene),  65 
Anisoptera,  62 

Anoplura,  54,  57,  68  (see  also  Lice) 
Antlions,  55,  72 
Ants,  55,  65,  78-79 
Aphididae,  69 
Aphids,  54,  69-70 

Attraction  to  color,  16 

Mounting,  94 
Aptera,  54 
Apterygota,  54,  61 
Aquatic  insects,  collecting,  18 
Arachnida,  49,  50,  57 
Araneida,  50,  51 
Arilus  cristatus  (L),  69 
Arthropoda,  48,  49,  54 
Aspirators,  8,  9 
Astigmata,  52 
Attractants,  16-18 
audax  (Hentz),  Phidippus,  51 
auricularia  L,  Forficula,  64 


Baetidae,  61 

Baits,  for  attracting  insects,  16-18 

Balsam,  Canada,  36,  40 

Barber's  fluid,  25,  94 

Beating  sheet,  9 

Bedbugs,  57,  69 

Bees,  21,  55,  78-79  (see  also 

Hymenoptera) 
Beetles,  19,  25,  54,  70  (see  also 
Coleoptera) 
Glued  to  triangles  (card  points), 

22,  29,  30 
Rearing,  19 
Relaxing,  24 
Riker  mounts,  34 
Berlese  funnel 
For  collecting  — 
Apterygota,  61 
Beetles,  71 
Fleas,  77 
Heteroptera,  69 
Parasitic  wasps,  79 
Thrips,  68 
Construction  and  use,  10 
Bittacidae,  71 

Blattella  germanica  (L),  63 
Blattellidae,  63 
Blattodea,  54,  56,  59,  63 
Bleaching  specimens,  35,  36 
Block 
Pinning,  30 


Spreading,  30-33 
Board,  spreading,  30-32 
Booklice,  54,  67 
Boreidae,  59,  71 
Bourletiella  hortensis  (Fitch),  61 
Braconids,  78 
Bristletails,  54,  61  (see  also 

Thysanura) 
Bryocerines,  17 

Bugs,  25,  30  (mounting),  54,  69-70 
Butterflies,  8,  55,  73-75  (see  also 
Lepidoptera  and  Moths) 

Killing  jars,  precautions,  8 

Papering,  22,  23 

Pinning,  27 

Riker  mounts,  34 


Caddisflies,  30  (pinning),  55,  72-73 
Cages  (see  also  Traps) 

Emergence,  12,  13,  19 

Flowerpot,  13,  19,  70 

Rearing,  12,  13,  18-21,74 
Calliphorids,  12 
Camponotus  castaneus  (Latreille), 

65  (winged),  78  (wingless) 
canadense  (Walker),  Stenonema, 

61 
canis  (Curtis),  Ctenocephalides,  77 
Cantharidin,  17 
Carabidae,  70 
Carbon  dioxide,  18 

Disulfide,  44 

Tetrachloride,  6 
Fumigation  with,  44 
Muscle  hardening,  24 
Card  points,  28,  29 
Carolina  (L),  Stagmomantis,  64 
castaneus  (Latreille),  Camponotus, 

65  (winged),  78  (wingless) 
Caterpillars,  75 
Cellosolve,  25,  26 
Centipedes,  49,  53 
Cerambycidae,  70,  71 

(cerambycids) 
Cereal  dish  trap,  12 
Chelisochidae,  65 
Chelonethida,  50 
Chilopoda,  49,  53 
Chlorocresol,  22 
Chloroform,  6 

Fumigation  with,  44 

Muscle  hardening,  24 
Chrysopa  oculata  Say,  72 
Chrysopidae,  72 
Cicadas,  54,  69-70 
Cicadellidae,  69 
Cimicidae,  69 
Clearing  specimens,  35 
clymene  (Newman),  Neoperla,  66 
Coccinellidae,  70 
Cockroaches,  54,  63-64 
Coenagrionidae,  62 
Coleoptera,  54,  55,  58,  59,  60, 
70-71  (see  also  Beetles) 

Killing  larvae  in  boiling  water,  40 

Mounting  larvae,  40 

Pinning,  27 
coleoptrata  (L.),  Scutigera,  53 
Collecting  methods,  2-6 
Collection,  care  and  housing  of,  43 


Collembola,  54,  58,  61 
Coniopterygidae,  57 
convergens,  Guerin-Meneville, 

Hippodamia,  70 
cornutus  (L.),  Corydalus,  72 
Corrodentia,  54 
Corydalidae,  72 
Corydalus  cornutus  (L.),  72 
Crabs,  49 
Crickets,  54,  63 
cristatus  (L.),  Arilus,  69 
Crustacea,  49,  53 
Cryptostigmata,  52 
Ctenocephalides  canis 

(Curtis),  77 
Ctenocephalides  felis 

(Bouche),  77 
Culex  pipiens  L.,  76 
Culicidae,  76  (see  also 

Mosquitoes) 
Curing  microscope  slides,  37 
Cyanide,  6,  7,  14,  24 
Cydnidae,  25 


Daddy  longlegs,  50 
Damselflies,  54,  62 
Danaidae,  75 
Danaus  plexippus  (L.),  75 
Dehydration,  35 
Dermaptera,  54,  55,  59,  64-65 
Dermestid  beetles,  70 
Diapause,  20 

Diapheromera  femorata  (Say),  64 
Diaspidid  scales,  70 
Dichlorvos,  7,  44 
Dictyoptera,  54 
Diets,  artificial,  20 
Diplopoda,  49,  53 
Diplura,  54,  58,  61 
Diprionidae,  79 
Diptera,  22,  55,  56,  57,  58,  59, 
60,  76-77  (see  also  Flies) 

Dry  preservation,  caution 
against,  22 

Killing  larvae  in  boiling  water,  40 

Liquid  preserving, 
preparation,  25 

Mounting  larvae,  40 

Pinning,  25  (after  removal  from 
alcohol),  27 
divinitorius  (Mueller),  Liposcelis,  67 
Dobsonflies,  54,  72 
domestica  L.,  Musca,  76 
domestica  (Packard),  Thermobia, 

60,  61 
Dormancy,  20 

Draeculacephala  minerva  Ball,  69 
Dragonflies,  54,  62 

Rearing,  19 

Riker  mounts,  34 
Drying,  artificial,  34 
Dustywings,  55 


Earwigs,  12  (collecting),  54,  64-65 
Echinophthiridae,  68 
Ectoparasites,  collecting,  18 
Ectopsocus  pumilis  (Banks),  67 


Elevation,  effect  on  collecting,  11 
Embiidina,  54 
Embioptera,  54,  57,  59,  66 
Emergence  traps,  13 
Enallagma  exsulans  Hagen,  62 
Endopterygota,  54 
Entomobryidae,  61 
Epargyreus  sp.,  75 
Ephemerida,  54 
Ephemeridae,  61 

Ephemeroptera,  54,  56,  58,  61-62 
Ephydridae,  76 
Equipment,  collecting  and 

sources  of,  3 
Eriophyidae,  95 
erythrocephalus  Koch, 

Lithobius,  53 
Essig's  aphid  fluid,  94 
Ethanol,  21  (see  also  Alcohol) 
Ether,  6 

Ethyl  acetate,  6,  44 
Ethylene  dichloride,  44 
Euparal,  36,  37,  38,  40 
Euplexoptera,  54 
Exopterygota,  54 
exsulans  Hagen,  Enallagma,  62 
Extractors  for  specimens,  10 


Feces,  baiting  with,  17 

felis  (Bouche),  Ctenocephalides, 

77 
femorata  (Say),  Diapheromera,  64 
Firebrat,  60 
Fishflies,  54,  72 

flavipes  (Kollar),  Reticulitermes,  65 
Flea(s),  21,  36,  55,  77  (see  also 

Siphonaptera) 
Flies,  55,  76-77  (see  also  Diptera) 

Attraction  to  feces,  12 

Black,  76 

Double  mounting,  30 

Drosophila,  64 

Fruit,  38 

Horse,  16,  18  (Manitoba  trap 
for),  76 

House,  76 

Pinning,  27 

Preservation  in  alcohol,  21 

Shore,  76 

Tephritid  (Tephritidae),  37,  38 
Food,  for  rearing  specimens,  20 
Forficula  auricularia  L.,  64 
Forficulidae,  64-65 
Formalin,  caution  in  using,  21 
Formicidae,  65  (winged),  78 

(wingless) 
Frankliniella  tritici  (Fitch),  68 
Fumigants,  44 


Genitalia,  preparation  and  storage, 

37-39 
germanica  (L.),  Blattella,  63 
glaucus  (L.),  Papilio,  74 
Gnats,  14,  55 
Grasshoppers,  54,  63 
Gryllidae,  63 
Grylloblattodea,  54,  59,  64 
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Haematopinidae,  68 

Hangingflies,  54 

Harpalus  pennsylvanicus  De  Geer, 

70 
Harvestmen,  50 
Heliothis  zea  (Boddie),  75 
Hellgrammites,  54 
Hemerobiidae,  72 
Hemiptera,  54,  69 
Heptageniidae,  61 
Hesperiidae,  75 
Heteroptera,  54,  55,  57,  60,  69 

Parasitization  by  Strepsiptera, 
71 

Pinning,  27 
hians  (Say),  Hydropyrus,  76 
Hippodamia  convergens 

Guerin-Meneville,  70 
Hodotermitidae,  65 
Holothyrina,  52 
Homoptera,  54,  55,  56,  57,  60, 

69-70 
Horsefly,  striped,  76 
hortensis  (Fitch),  Bourletiella,  61 
House  fly,  76 
Hoyer's  medium,  37,  94 
humanus  capitis  De  Geer, 

Pediculus,  68 
humanus  humanus  L,  Pediculus, 

68 
Hydropyrus  hians  (Say),  76 
Hymenoptera,  55,  57,  59,  78-79 
(see  also  Bees) 

Parasitic,  12,21,78-79 

Pinning,  27 


Ichneumonflies,  55 
Ichneumonids,  78,  79 
immaculata  (Newport), 

Scutigerella,  53 
infumata  Newman,  Sialis,  72 
Ink,  for  labels,  41 
Insecta,  49,  54 
Isopoda,  53 

Isoptera,  54,  55,  57,  59,  65-66 
Ixodida,  52  (see  also  Ticks) 


KAAD  solution,  21,94 
Kalotermitidae,  65 
Katydids,  54,  63 
Killing  agents 

Liquid,  6,  21 

Solid,  7-8 
Killing  bottles  and  jars,  6,  7 


Labels,  37  (for  microscope  slides), 

40-43 
Labiduridae,  65 
Labiidae,  65 


Lacewings,  55,  72 
Larvae 

Inflating,  21,  34 

Mounting,  40 

Preserving,  21 
Leaf  insects,  54 
Leafhoppers,  30,  54,  69-70 
Lepidoptera,  37,  55,  56,  57,  58,  59, 
60,  73-74,  75  (see  also 
Butterflies  and  Moths) 

Killing  larvae  in  boiling  water,  40 

Mounting  wings,  39-40 

Papering,  22 

Pinning,  26,  27 

Relaxing,  23,  24 

Spreading  boards  and  blocks, 
31,32-33 

Sticky  traps,  caution  in  using, 
16 

Windowpane  traps,  caution  in 
using,  11 
Lepisma  saccharinum  Linnaeus, 

61 
Lepismatidae,  61 
leucostigma  (J.  E.  Smith), 

Orgyia,  75 
Libellulidae,  62 
Lice,  21  (see  also  Anoplura 
and  Louse) 

Bird,  54 

Chewing,  54,  67 

Staining  with  acid  fuchsin,  36 

Sucking,  54 
Light 

For  rearing,  20 

Traps,  14-15 
lineola  (Fab.),  Tabanus,  76 
Linguatulida,  49 
Liphistiidae,  50 
Liposcelidae,  67 
Liposcelis  divinitorius  (Mueller), 

67 
Lithobius  erythrocephalus  Koch, 

53 
Lobsters,  49 
Locusts,  54 

Louse  (see  also  Anoplura  and 
Lice) 

Body,  68 

Chewing,  67 

Crab,  68 

Head,  68 

Sucking,  68 
Lures,  16-17 
Lycosa  sp.,  51 
Lycosidae,  51 

lydia  (Drury),  Plathemis,  62 
Lymantriidae,  75 


Maceration,  35  (mounting 

specimens) 
Machilidae,  61 
Malacostraca,  53 
Malaise  trap,  11 
Mallophaga,  54,  57,  67  (see 

also  Lice  and  Louse) 
Manduca  quinquemaculata 

(Haworth),  74  (adult),  75  (larva) 


Manitoba  trap,  16 

Mantidae,  64 

Mantidflies,  55 

Mantids,  54,  63-64 

Mantispid  larvae,  72 

Mantodea,  54,  56,  59,  63,  64 

maritima  (Gene),  Anisblabis,  65 

Masked  hunter,  69 

Mayflies,  12,  54,  56,  61-62 

Mealworms,  71 

Mecoptera,  54,  55,  56,  57,  59,  71 

Megachilidae,  79 

Megaloptera,  54,  56,  58 

Menoponidae,  67 

Meromenopon  meropis  Clay  and 

Meinertzhagen,  67 
Meropeidae,  71 
meropis  Clay  and  Meinertzhagen, 

Meromenopon,  67 
Merostomata,  49 
Mesostigmata,  52 
Microscope  mounts 

Labeling,  37,  42 

Preparing,  34-37 
Microthelyphonida,  50 
Midges,  12,  14,  55 
Millipedes,  49,  53 

minerva  Ball,  Draeculacephala,  69 
Miridae,  69 
Mites,  49,  50,  52 

Collecting  in  AGA,  21 

Mounting  in  Hoyer's  medium,  37, 
94-95 

Rearing,  19 

Staining,  caution,  36 
Monochamus  titillator  (Fab.),  70 
Mosquitoes,  55,  76-77 

Double  mounting,  29 

Mounting  wings,  39 
Moths,  55,  73-74,  75  (see  also 
Butterflies  and  Lepidoptera) 

Collecting 
Catacola  (underwing)  moths, 
trap  with  ultraviolet  light,  15 
Killing  jars,  precautions,  8 
Light  sheets,  15 
New  Jersey  trap,  precautions, 

14 
Sugaring  for,  16-17 
Wilkinson  trap,  14 

Double  mounts,  29,  30 

Pinning,  27 

Relaxing,  24 

Riker  mounts,  34 

Spreading,  31-32 
Mounting,  sample  procedures 

Aphids,  scale  insects, 
aleyrodids,  94 

Genitalia,  37-39 

Larvae,  40 

Mites  other  than  eriophyids,  95 

Thrips,  95 

Wings,  39-40 
Mounts 

Double,  28-30 

For  microscopic  examination, 
34-37 
Larvae,  40 
Wings,  39-40 

Riker,  33-34 

Slide,  34-37 


Temporary,  36 
Musca  domestica  L.,  76 
Muscidae,  12,  76 
Myriapoda,  53 
Myrientomata,  54 
Myrmeleontidae,  72 


Naphthalene,  as  fumigant,  44 
Narceus  sp.,  53 
Nemouridae,  66 

Neodiprion  sertifer  (Geoffroy),  79 
Neoperla  clymene  (Newman),  66 
Nets,  collecting,  3-4,  5,  6 
Neuroptera,  54,  55,  56,  57,  58,  59, 
60,72 

Double  mounts  (neuropteroids), 
30 

Papering,  22 

Relaxing,  24 
New  Jersey  trap,  14 
Nitidulids,  71 
Noctuidae,  75 
Notoptera,  54 


Oatmeal  trail,  17 

obscura  Newport,  Scolopendra,  53 
oculata  Say,  Chrysopa,  72 
Odonata,  54,  56,  58,  62 

Papering,  22 

Pinning,  27 
Opilioacarida,  52 
Opiliones,  50 

Orgyia  leucostigma  (J.  E.  Smith),  75 
Orthoptera,  54,  56,  59,  63 

Parasitization  by  Strepsiptera,  71 

Pinning,  27 
Owlflies,  55 


padi  (L.),  Rhopalosiphum,  69 

Palpigradi,  50 

Panorpa  rufescens  Ramber,  71 

Panorpidae,  71 

Panorpodidae,  71 

Paper,  for  labels,  40-41 

Papering,  22,  23 

Papilio  glaucus  L.,  74 

Papilionidae,  74 

Paradichlorobenzene,  as  fumigant,  44 

Parasitiformes,  52 

Pauropoda,  49,  53 

Pediculidae,  68 

Pediculus  humanus  capitis  De  Geer, 

68 
Pediculus  humanus  humanus 

Linnaeus,  68 
Pedipalpida,  50 
pennsylvanicus  De  Geer,  Harpalus, 

70 
Pentastomida,  49 
Pentatomidae,  25 
Perlidae,  66 
Phalangida,  50 
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Phasmatodea,  54,  56,  59,  64 

Phasmatoptera,  54 

Phasmida,  54 

Phasmoidea,  54 

Pheromones,  17 

Phidippus  audax  (Hentz),  57 

Philopteridae,  67 

Phoridae,  12 

Phryganea  vestita  (Walker),  73 

Phryganeidae,  73 

Phthiriaptera,  54 

Phylloxeridae,  69 

Pillbugs,  53 

Pinning 

Block,  30 

Direct,  26-27 

Double  mounts,  28,  29,  30 
Pins,  insect,  26 
pipiens  L,  Culex,  76 
Pitfall  trap,  12 
Planipennia,  55,  57,  59 
Plathemis  lydia  (Drury),  62 
Plecoptera,  54,  56,  58,  66 
Plectoptera,  54 
plexippus  (L),  Danaus,  75 
Poduridae,  61 
Points,  card,  28,  29 
Poison,  labels  for,  6,  7 
Polyplax  stephensi  (Christopher 

and  Newstead),  68 
Potassium  hydroxide,  35 
Prostigmata,  52 
Protura,  54,  58,  61 
Pseudocoeciliidae,  67 
Pseudoscorpionida,  50 
Psocids,  54,  67 
Psocoptera,  54,  57,  59,  67 
Psyllids,  54,  70 
Pterygota,  54,  61 
Pthirus  pubis  (Linnaeus),  68 
pubis  (Linnaeus),  Pthirus,  68 
Pulicidae,  77 

pumilis  (Banks),  Ectopsocus,  67 
Pycnogonida,  49 


quinquemaculata  (Haworth), 
Manduca,  74  (adult),  75  (larva) 


Raphidiodea,  54,  57,  59 
Rearing,  18-21 
Reduviidae,  69 
Refrigerating  specimens,  22 
Refuges,  artificial,  16 
Relaxing  dried  specimens,  24-25 
Reticulitermes  flavipes  (Kollar),  65 
Rhinotermitidae,  65 
Rhopalosiphum  padi  (L.),  69 
Ricinuleids,  50 
Riker  mounts,  33-34 
Rock  crawlers,  54,  64 
rufescens  Ramber,  Panorpa,  71 


saccharinum  Linnaeus,  Lepisma, 

61 
Sarcophagid  flies,  12 
Saturniid,  17 
Sawflies,  55,  78,  79 
Scale  insects,  54,  70,  94  (mounting) 
Scarabaeidae,  12,  71  (scarabs) 
Schizomida,  50 

Scolopendra  obscura  Newport,  53 
Scorpionflies,  54,  71 
Scorpionida,  50 
Scorpions,  49,  50 
Scutigera  coleoptrata  (L.),  53 
Scutigerella  immaculata  (Newport), 

53 
Sea  spiders,  49 
Separators,  sweeping,  10 
Sepsidae,  12 

sertifer  (Geoffroy),  Neodiprion,  79 
Sheets 

Beating,  9 

Light,  15 
Shipping  specimens,  44-46 
Shrimps,  49 
Sialidae,  72 

Sialis  infumata  Newman,  72 
Sialodea,  54 
Sifters,  10 
Silphids,  71 
Silverfish,  54,  61 
Simuliids,  76 
Siphonaptera,  55,  57,  60,  77 

(see  also  Fleas) 
Siphunculata,  54 
Skippers,  73-74,  75 
Sminthuridae,  61 
Snakeflies,  54,  72 
Snow  fleas,  61 
Soil  insects,  collecting,  18 
Solpugida,  50 
Sound,  attracting  with,  18 
Sowbugs,  49,  53 
Sphecidae,  78 

Sphingidae,  74  (adult),  75  (larva) 
Spiders,  49,  50,  51 
Spongillaflies,  55 
Spreading 

Block,  30-33 

Board,  30-32 
Springtails,  54,  61 
Stagmomantis  Carolina  (L.),  64 
Staining  specimens,  35,  36 
Staphylinidae,  12,  71  (staphylinids) 
Stenonema  canadense  (Walker), 

61 
stephensi  (Christopher  and 

Newstead),  Polyplax,  68 
Stick  insects,  54 
Stoneflies,  54,  66 
Storing  specimens,  22-23 
Stratiomyid  larvae,  76 
Strepsiptera,  54,  55,  59,  60,  71 
Suction  devices,  8,  9 
Sugaring  for  moths,  16-17 
Supply  houses,  3 
Symphyla,  49,  53 
Symphylan,  53 


Tabanidae,  16,  76 

Tabanus  lineola  (Fab.),  76 

Tachinids,  76 

Tardigrada,  49 

Tephritidae  (see  Flies,  tephritid) 

Termites,  54,  65-66 

Termitidae,  65 

Tetranychidae,  95 

Tettigoniidae,  63 

Thelyphonida,  50 

Thermobia  domestica  (Packard), 

60,  61 
Thripidae,  68 
Thrips,  54,  68 

Collecting  in  AGA,  21 

Mounting,  95 

Preparation,  caution,  36 
Thysanoptera,  54,  56,  60,  68 
Thysanura,  54,  58,  60,  61 
Ticks  (Ixodida),  50,  52 
Timema,  59 

titillator  (Fab.),  Monochamus,  70 
Traps,  11-16 

Baits,  16-17 

Berlese  funnel,  10 

Canopy,  16 

Cereal  dish,  12 

Color,  16 

Dish,  12 

Eel,  14 

Effects  of  color  on  catch,  16 

Electrical  grid,  16 

Emergence,  12,  13 

Interception  nets  and  barriers, 
11 

Light,  14-15 

Lobster,  14 

McPhail,  14 

Malaise,  11,  18 

Manitoba,  16,  18 

Minnesota,  14 

New  Jersey,  14 

Pitfall,  12 

Ramp,  11 

Rearing,  12,  13 

Reuse,  14 

Robinson,  15 

Snap,  16 

Sound, 18 

Steiner,  14 

Sticky,  16 

Sugaring,  16-17 

Wilkinson,  14,  15 

Windowpane,  11 
Treehoppers,  54 
Trichodectidae,  67 
Trichoptera,  22  (papering),  55,  56, 

58,  72-73 
tritici  (Fitch),  Frankliniella,  68 
Twisted-winged  parasites,  54,  71 


urnaria  Dahlbom,  Ammophila,  78 
Uropygi,  50 


vestita  (Walker),  Phryganea,  73 
Vinegaroons,  50 


Walkingsticks,  54,  64 

Wasps,  28  (parasitic),  30  (pinning), 

55,  78-79 
Webspinners,  54,  66 
Weevils,  54 
Whiteflies,  21,  54,  70 
Wilkinson  trap,  75 


Xiphosura,  49 
Xylene,  25,  26 


zea  (Boddie),  Heliothis,  75 
Zoraptera,  54,  57,  59,  67 
Zygoptera,  62 
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